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The fate of a bacterial RNA transcript is controlled by three key players: ribonucleases, RNA binding proteins 
(RBPs) and small regulatory RNAs (sRNAs). Together these form an information-rich regulatory network that 
exercises post-transcriptional control of gene expression. A key RBP in bacteria is Hfq, which is best studied as 
a facilitator for sRNA-mRNA pairing. In Pseudomonas aeruginosa, however, Hfq is known to modulate 
translation of more than 100 genes in cooperation with an effector protein, Crc, by sequestering the ribosome 
binding site of the corresponding mRNA molecules. In this thesis, Cryo-EM studies on target RNAs such as amiE 
and rbsB, reveal how Hfq presents multiple A-rich motifs in the mRNA 5ʹ-end to Crc and triggers assembly of 
higher order complexes. The structures suggest that secondary structure elements and the sequence of the 
target RNA determine the quaternary structure of the Hfq-Crc translation-repression assembly, introducing a 
degree of structural diversity that is accommodated by polymorphic interaction surfaces on both Hfq and Crc.  
 
In Escherichia coli, the homolog of the same RBP (Hfq) can modulate sRNA lifetime by repurposing the 
conserved ribonuclease PNPase (polynucleotide phosphorylase) into an RNA chaperone. Cryo-EM structures 
presented here show how the flexible KH-S1 portal of PNPase generally guides the 3ʹ-end of the sRNA sponge 
3ʹETSleuZ to the catalytic core for digestion but reroutes the sRNA when bound to Hfq. In particular, an A-rich 
motif in the 5ʹ-end of 3ʹETSleuZ is presented to the KH and S1 domains by the Hfq distal side, while the 3ʹ-end is 
sequestered on the proximal side. Gel shift- and activity assays suggest that these repurposed ‘RNA carrier’ 
complexes protect sRNAs from other ribonucleases such as RNase E and RNase III, and potentially lend their 
KH-S1 portal as an interaction platform to promote sRNA/RNA target pairing. 
 
A fraction of PNPase in the cell associates with the endoribonuclease RNase E to form the E. coli ‘RNA 
degradosome’, a multi-enzyme ribonuclease assembly responsible for the bulk RNA turnover in the cell. Other 
partner enzymes include the DEAD-box helicase RhlB and Enolase. The core of the assembly, RNase E, has a 
long C-terminal scaffold domain that has a conserved natively unstructured character. The subcellular 
localization of the RNA degradosome, anchored to the cell membrane, provides a spatial component to post-
transcriptional gene regulation. In this work, holistic experimental strategies to study this molecular machine 
are developed. Reproducible reconstitution of a truncated version of the RNA degradosome was achieved with 
a mix of detergents. Using small angle X-ray solution scattering (SAXS) combined with conformational 
ensemble computation indicates that the truncated degradosome is a highly flexible system with extended 
scaffold domains but can adopt more compact conformations when 9S rRNA is bound. Complementary cryo-
EM studies of the catalytic core and subsequent 3D variability analyses reveal three modes of molecular 
motion of the RNase E protomers, adding to the overall flexibility of the RNA degradosome. Lastly, cryo-
electron tomography studies of the truncated degradosome tethered to lipid vesicles provide the first 
visualization of the degradosome in its native environment and hint towards a degree of structural order in its 
components. Subsequent sub-tomogram averaging approaches to investigate putative membrane-bound RNA 
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List of abbreviations 
 
2xYT Yeast extract tryptone medium  
3DVA 3D variability analysis 
A Adenine  
Å Angstrom = 10-10 m  
A260 Absorbance at 260 nm wavelength  
A280 Absorbance at 280 nm wavelength  
AR2 Second arginine-rich region of RNase E, residues 796-814  
ATP Adenosine triphosphate  
AUC Analytical ultracentrifugation 
b-DDM n-Dodecyl β-D-maltoside 
bp Base pairs  
BSA Bovine serum albumin  
CHAPSO 3-([3-Cholamidopropyl]dimethylammonio)-2-hydroxy-1-
propanesulfonate 
Cryo-EM Cryo-electron microscopy 
Cryo-ET Cryo-electron Tomography 
ChiP Chitoporin precursor 
CTD Carboxy-terminal domain  
Da Dalton, the mass of a hydrogen atom  
DLS Dynamic Light Scattering 
DNA Deoxy-ribonucleic acid  
dNTP Deoxy nucleoside triphosphate  
DTT Dithiothreitol 
EMSA Electrophoretic mobility shift assay  
ETS External transcribed Spacer 
GO Graphene oxide 
HEPES N-(2-hydroxyethyl)piperazine-N’-(2-ethanesulphonic acid)  
Hfq Host factor I for phage Qβ, an RNA chaperone protein  
IPTG Isopropyl β-D-thiogalactopyranoside  
kDa kilo Dalton  
LB Luria Bertani broth  
M Molar  
sRNA Small regulatory RNA 
MAH Membrane attachment helix 
miRNA microRNA  
mRNA Messenger RNA  
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MW Molecular weight  
Nt Nucleotide(s)  
NTD Amino-terminal domain  
OD Optical density  
OmpX Outer membrane protein X 
P Phosphate  
PAGE Polyacrylamide gel electrophoresis  
PCR Polymerase chain reaction  
PNPase Polynucleotide phosphorylase  
RBD RNA-binding domain of RNase E, residues 604-644  
RBS Ribosome binding site  
RhlB RNA helicase B   
RISC RNA-induced silencing complex  
RNA Ribonucleic acid  
RNAP RNA Polymerase 
RNase Ribonuclease  
rNDP (ribose) nucleoside diphosphate  
rNTP (ribose) nucleoside triphosphate  
rRNA Ribosomal RNA  
SAXS Small-angle X-ray scattering 
SEC Size-exclusion chromatography 
SDS Sodium dodecyl sulphate  
siRNA Short interfering RNA  
SPA Single particle analysis 
sRNA Small regulatory RNA  
STAC Sub-tomogram averaging and classification 
TBE Tris-borate-EDTA buffer  
TCEP Tris(2-carboxyethyl)phosphine 
Tris Tris(hydroxymethyl)aminoethane  
tRNA Transfer RNA  
U Uracil  
UTR Untranslated region  
UV Ultraviolet light  
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1 Riboregulation in Bacteria, a versatile network of molecular relationships 
Not too long ago, bacterial gene expression was thought to be regulated entirely at the RNA transcription 
level. The RNA pool was therefore considered to be relatively minimalistic: transfer RNAs (tRNA), ribosomal 
RNAs (rRNA) and messenger RNAs (mRNAs) were the core players of a simple translation-centred system. If 
bacteria transcribed more mRNA, more protein would be produced, and vice versa. Extensive RNA-mediated 
post-transcriptional control mechanisms such as the Eukaryotic miRNA and RNA interference pathways were 
not predicted to exist in bacteria (Gorski et al., 2017). 
 
This notion certainly has changed. Over the last two decades extensive bacterial riboregulatory networks have 
been revealed and were found to rival Eukaryotic post-transcriptional regulation mechanisms in terms of 
complexity. Firstly, a great deal of non-canonical RNA species was characterized, such as RNA thermometers, 
riboswitches, CRISPR-Cas RNAs and small-noncoding RNAs (sRNAs) (Kortmann & Narberhaus, 2012; Sherwood 
& Henkin, 2016; Hille et al., 2016; Wagner & Romby, 2015). Each of these respond to internal (cellular) and 
external (environmental) triggers to coordinate gene expression, either directly or indirectly, and often help 
control bacterial phenotypes such as virulence or stress-response pathways (Storz et al., 2011; Gottesman & 
Storz, 2011). Strikingly, RNA interactome studies in Escherichia coli and Salmonella typhimurium indicate that 





Secondly, numerous conserved RNA binding proteins (RBPs) have been discovered in bacteria and were shown 
to be equally important players in post-transcriptional gene-regulation. RBPs like Hfq, ProQ and CsrA often 
work in conjunction with sRNAs but can also modulate the fate of mRNA targets directly (Updegrove et al., 
2016; Olejniczak & Storz, 2017; Wagner & Romby 2015; Pei et al., 2019; Sonnleitner et al., 2018, Dendooven & 
Luisi, 2017). Hfq in particular is a conserved, well-studied and pleiotropic RNA chaperone in bacteria. For many 
sRNAs Hfq is required for intracellular stability and often facilitates annealing of the sRNA seed region to RNA 
targets (De Lay et al., 2013; Santiago-Frangos & Woodson, 2018). These ‘Hfq-dependant’ sRNAs in turn affect 
the translation and stability of target RNAs. Translation is regulated by binding the Shine-Dalgarno sequence in 
the mRNA 5’ UTR (untranslated region), thereby controlling access to ribosomes (Papenfort & Vanderpool, 
2015). mRNA stability is affected through recruitment of decay machinery by a pairing sRNA or through 
inhibition of its cleavage activity (Lalaouna et al., 2013; Fröhlich et al., 2013; Hui et al., 2014). 
 
Thirdly, the control of mRNA lifetime plays an essential role in the regulation of gene expression. mRNAs are 
rapidly degraded in bacteria, often together with a pairing sRNA, allowing for quick responses to changes in 
cellular status or the environment. Unlike DNA, RNA is therefore inherently labile and synthesised 
continuously. Although transcription is important to ensure adequate steady-state RNA levels, post-
transcriptional control of the RNA pool has been increasingly appreciated as a key regulon as well. In addition, 
many nascent RNAs are premature as they spool of the RNA polymerase, including non-coding regulatory 
RNAs, and require processing to be active. Both control of steady-state levels of the RNA pool and RNA 
processing, but also quality control of RNA transcripts, is carried out by various ribonucleases (RNases) in the 
cell (Arraiano et al., 2010; Bechhofer & Deutscher, 2019). The most important of these is RNase E, the primary 
decay-initiating ribonuclease in many Gram-negative bacteria, including E. coli (Bandyra & Luisi, 2018). Besides 
bulk RNA turnover, RNase E is responsible for the maturation and degradation of rRNAs and the maturation of 
tRNAs (Li et al., 1999b, Sulthana et al., 2016). Notably, RNase E forms the core unit of the canonical RNA 
degradosome in Gram-negative bacteria (Vanzo et al., 1998). The RNA degradosome is a multienzyme 
assembly that typically consists of one or more ribonucleases, an RNA helicase and often a metabolic enzyme 
(Aït-Bara & Carpousis, 2015). It is likely that these degradosome components digest substrate RNAs in a highly 
cooperative manner (Bandyra et al., 2013). Unfortunately, structural elucidation of the RNA degradosome as a 
whole is particularly challenging, due to its architecture, and insights on how different enzymes in the 
assembly cooperate mainly come from studies of smaller sub-assemblies (Bruce et al., 2018; Mildenhall et al., 
2016). Consequently, a blueprint of the working mechanism of this integrated molecular machine has 
remained elusive so far.  
 
Riboregulation in bacteria is thus constituted by a complex, intertwined network of ribonucleases, regulatory 
sRNAs and RNA chaperones. Ribonucleases can be regarded as the executive engines of the network, guided 
by sRNAs and facilitated by RNA chaperones. This thesis aims to explore some fascinating nodes in these 




about ribonucleases, sRNAs and RNA chaperones and how they cooperate in often remarkable ways to act on 
RNA targets. In the next section each story will be introduced briefly. 
2 Thesis outline 
The thesis is divided in three large chapters, each presenting a different story about post-transcriptional 
regulation in bacteria. The outset was to optimise and use structural biology approaches to investigate the 
roles and working mechanisms of key ribonucleoprotein complexes in two Gram-negative bacteria, the model 
organism E. coli and the opportunistic pathogen Pseudomonas aeruginosa. A short outline of each chapter is 
given here. 
 
The first chapter, Architectural principles of Hfq-Crc mediated gene-regulation, describes a versatile 
molecular off-switch for a group of genes in Pseudomonads. This regulon allows dangerous pathogens such as 
P. aeruginosa to adequately turn off unnecessary genes in response to nutrient availability in the environment, 
a process called Carbon Catabolite Repression (CCR) (Rojo, 2010). Notably, the molecular switch operates by 
suppressing translation of target mRNAs and is constituted by the RNA chaperone Hfq and a partner molecule 
Crc (Sonnleitner et al., 2018). Together these sequester the ribosome binding site of target mRNAs and 
prevent translation. The Chapter opens with initial cryo-EM structures of Hfq-Crc complexes on a short 
recognition fragment of an mRNA target, amiE. These structures reveal how Hfq presents the target motif to 
Crc to form higher order assemblies. The quaternary structure of the Hfq-Crc translation repression assembly 
is revealed in follow-up structures with the entire 5’ region of amiE. A recent study found that more than 100 
different genes are coregulated by Hfq and Crc in P. aeruginosa, which is in agreement with the many 
phenotypes that are associated with Hfq-Crc mediated gene regulation, including cell motility, biofilm 
formation and virulence (Kambara et al., 2018; Pusic et al., 2016; Heitzinger, 2016; Huang et al., 2012). A 
selection of genes from this target pool were investigated further in this chapter. Cryo-EM structures of the 
Hfq-Crc translation repression complex on one of these targets, rbsB, reveals that the quaternary structure of 
the translation repression assembly is likely to be different for every RNA target, yet governed by the same 
basic interactions. In summary, the research presented in this Chapter captures the architectural principles 
that enable two small regulatory proteins to form polymorphic translation-repression complexes on many 
different targets while achieving sequence specificity. Due to their important role in nutrient utilisation and 
virulence, the Hfq-Crc assemblies may be efficacious targets for antibacterial treatments against P. aeruginosa, 
and the high-resolution structures described here provide an entry point for rationalising design of inhibitory 
compounds.  
 
The second chapter, Cooperative PNPase-Hfq carrier complexes protect sRNAs and facilitate handover, 
describes how the ancient ribonuclease PNPase (polynucleotide phosphorylase) can be repurposed to fulfil 
chaperoning roles in E. coli. PNPase is generally described as a conserved exoribonuclease that contributes to 
RNA degradation and quality control in diverse organisms (Cameron et al., 2018). Paradoxically, recent studies 




degrade them, and contributes to sRNA mediated gene regulation (De Lay & Gottesman, 2011; Bandyra et al., 
2016). The trigger for PNPase to switch to its protective mode is presentation of the sRNA by Hfq, and the 
research described in this chapter originates from these peculiar findings. In particular, Cryo-EM structures 
reveal how the RNA chaperone Hfq can form an RNA carrier complex with PNPase and a sRNA target, which is 
rerouted away from the PNPase active site. Notably, the structures reveal that the flexibly tethered RNA-
binding domains within PNPase form a dynamic platform for its pleiotropic functions. Lastly, sRNA protection 
by RNA carrier complexes and potential downstream effector roles for these assemblies are explored.  
 
The third chapter, Un-structural Biology of the bacterial RNA degradosome, explores different approaches to 
study the quaternary organisation of the E. coli RNA degradation machinery. The RNA degradosome was first 
discovered by Carpousis et al. (1994) and is a multi-enzyme assembly that is a crucial player in RNA turnover 
and processing, i.e. post-transcriptional gene regulation. On paper, the RNA degradosome is a relatively simple 
machine, with several copies of only four different enzymes participating in the assembly. Interestingly, a 
series of peculiar degradosome characteristics, such as long natively unstructured scaffold domains and 
subcellular localisation provide evolutionary advantages to the cell and add extra layers to bacterial 
riboregulation (Moffit et al., 2016; Hadjeras et al., 2019; De Pristo et al., 2005). The same conserved 
degradosome characteristics have rendered structural studies of the assembly as a whole nearly impossible so 
far. Reproducible reconstitution- and purification protocols for the RNA degradosome are the first step in 
overcoming these challenges and are the starting point of Chapter III. Next, structural findings gathered over 
the past 20 years are combined in a SAXS-based integrative structural biology approach to explore the 
conformational landscape of the degradosome assembly. Finally, Cryo-EM is used to gauge whether 
association with biologically relevant partner complexes, such as the 30S small ribosomal subunit, or 
reconstitution on a lipid membrane change the conformational behaviour of the RNA degradosome. In 
particular, the promising prospects of Cryo-Electron tomography studies and sub-tomogram averaging to 
ultimately reveal the intrinsic working mechanism of the RNA degradosome are described. 
3 Experimental approaches 
To study the riboregulatory assemblies described above, cryo-electron microscopy (cryo-EM) was used as the 
primary experimental technique. Over the past 10 years cryo-EM has become one of the most powerful 
methods to visualise biomolecules and solve their structures. Today, high-resolution reconstructions of 
biomolecular complexes ranging from tens of kilo-Daltons to many mega-Daltons are becoming routine, and 
even whole cells can be imaged. These recent advances can be mainly attributed to significant improvements 
in both electron detectors and 3D-reconstruction algorithms. A second technique that was used in this thesis is 
Small Angle X-ray Scattering (SAXS), which is particularly useful for flexible macromolecular samples. A short 
introduction to both techniques will be given here.  
3.1 Cryo-electron microscopy - Single Particle Analysis 
Conceptually, cryo-EM is a relatively straightforward technique. In a first step, a sample of the particle of 




results in the preservation of biological specimens at near native condition within a thin film of vitreous ice 
(Dubochet et al., 1988), and omits the need for 3D-crystals (Figure 1D). The thin ice layer is suspended in small 
holes in the EM grid, many of which are imaged when collecting a cryo-EM dataset. Ideally, each image 
contains many single particles in different orientations relative to the electron beam used for imaging (Figure 
1E, blue boxes). Lastly, Images of isolated particles are iteratively aligned and reconstructed to obtain a high-
resolution 3D average of the biological specimen (Figure 1F).  
 
Figure 1: Schematic overview of cryo-EM sample preparation, data collection and data processing. A sample of e.g. a 
purified protein complex is applied to a holey EM grid (A), after which excess sample is removed with blotting paper (B). The 
grid is then vitrified in liquid ethane (C) creating a thin layer of vitreous ice within each grid hole, in which multiple copies of 
the protein complex are embedded (D). The single particles are imaged in an electron microscope (E) and noisy image 
stacks of the particles are aligned and averaged to increase the signal-to-noise ratio and reconstruct an accurate 3D map of 
the protein complex (F). Figure adapted from Lyumkis 2019; http://people.csail.mit.edu/gdp/cryoem.html; Murate & Wolf 
2018. 
One of the main challenges in analysing cryo-EM images is the low signal-to-noise ratio. Radiation damage of 
the biological sample by the incident electron beam limits the attainable resolution after 3D reconstruction, 
and the electron dose must be kept low to minimise this (typically in the range of 40 electrons/Å2). This in turn 
leads to high noise levels in the cryo-EM images, with a noise power more than 10 times larger than that of the 




contributions from both amplitude contrast and phase contrast. Biological samples mainly consist of light 
atoms (H, O, N, and C) that do not absorb electrons from the incident beam. In other words, the total number 
of electrons in the incident beam and the exit wave immediately after the specimen remains roughly the same, 
rendering the amplitude contrast in a cryo-EM image negligible. Instead, the specimen scatters the incident 
electrons at varying angles so that they have different path lengths through the sample, introducing phase 
contrast in the projection image. Phase contrast is very weak and is usually improved slightly by the combined 
effects of the spherical aberration of the lens system and collecting images slightly under focus. This 
combination increases the phase shift between the non-scattered electrons in the incident beam and the 
scattered electrons in the exit wave. Lastly the poor image contrast can also be increased by using a quarter-
wave phase plate, such as the Volta Phase Plate (VPP) which shifts the phase of the scattered electrons in the 
exit wave relative to that of the transmitted beam by 90° (Danev & Baumeister, 2016). Nevertheless, the low 
signal-to-noise and poor contrast in cryo-EM images often requires many thousands of projection images to 
achieve high resolution 3D reconstructions of protein assemblies. 
 
Contrast enhancement by collecting images under focus is standard procedure. However, defocusing 
complicates downstream operations on the images because features within some resolution bands will have 
reversed contrast or are have no contrast at all (Figure 2A and B). These projection defects arise from 
interference of scattered electrons in the exit wave and ultimately constitute an important trade-off: contrast 
enhancement by defocus versus image distortion. To restore the distorted image, i.e. making sure the 2D-
projection corresponds to the electron potential of the real protein assembly, it must be reweighted according 
to the microscope phase contrast transfer function (CTF) (Figure 2B and C). The CTF describes how the 
microscope modulates contrast transfer. In practice, the CTF is estimated from the zeros and amplitude signs 
in the power spectrum (i.e. the Thon rings) of a cryo-EM image, after which the corresponding spatial 
frequencies are reweighted accordingly (Figure 2C). 
 
The process of defining the relative 3D orientations of the 2D projection images and generating a 
reconstruction of the biomolecule of interest is called ‘single-particle analysis’ (SPA) (Figure 1E). A series of 2D 
projections from different orientations can generate a 3D reconstruction by exploiting the ‘projection-slice 
theorem’, which states that the Fourier transform of a 2D projection of a 3D density is equal to a central slice 
through the 3D Fourier transform of the density (Figure 2D). Consequently, Fourier transforms of multiple 2D 
projection images can be combined in Fourier space to produce a 3D Fourier transform of the specimen. In 
cryo-EM, particles are in random orientations and the relative orientations of the 2D projection images have to 





Figure 2: CTF estimation and ‘projection slice theorem’. (A) Example of cryo-EM micrograph. (B) Power spectrum of the 
image in (A), with the CTF fitted to the Thon rings. (C) Radial average of the CTF in (B) prior to CTF correction (left) and after 
CTF correction (phases are flipped, right). (D) Visual representation of the projection-slice theorem. A 3D object (top left) 
can be projected into a 2D image (bottom left). The 2D Fourier transform of that image (bottom right) corresponds to a 
central slice through the 3D Fourier transform of the 3D object (top right). (E) If the relative orientations of the 2D 
projections are known (left), their corresponding Fourier slices can be used to reconstruct the 3D Fourier transform of the 
object (right). The inverse Fourier transform of this corresponds to the real object. Starting from an initial 3D reference, 
iterative cycles of (1) calculating the orientations of the 2D projection images and (2) 3D reconstruction to generate a better 
reference will converge to an accurate model of the 3D object. Images adapted from Nogales & Scheres, 2015; Orlova & 
Saibil, 2011. 
A popular method to determine the relative orientations of 2D particle images with respect to a 3D reference, 
i.e. solve the inverse reconstruction problem, is to iteratively compare these to computationally generated 
projections of the 3D reference structure in different directions, an approach called ‘projection-matching’ 
(Penczek et al., 1994). The initial reference structure, which needs to resemble the real structure, is updated in 
every iteration according to the current orientation angles and converges to the real structure. There are 
several methods to obtain an initial reference, but the most popular approach is the recent implementation of 
a stochastic gradient descent-based algorithm (SGD) by Punjani et al., 2017. Here, an initial random 
reconstruction from a small number of images is incrementally improved by many small and noisy steps. 
Conceptually, the SGD algorithm performs a wide search in the space of all possible 3D reconstructions to 
arrive close to the correct structure in the end, albeit at a limited resolution. Major improvements in 
reconstruction algorithms, such as describing projection orientations as a probability distribution of all possible 
orientations (maximum likelihood, Scheres et al., 2005; Scheres et al., 2007a) and introducing a regularisation 
term to reduce the accumulation of noise (Bayesian approach, Scheres, 2012b), helped form the basis for the 
current cryo-EM revolution (Kühlbrandt, 2014). The final resolution of the calculated reconstruction depends 
on sample quality, number of images, ice thickness and intrinsic properties of the biomolecule of interest, such 
as conformational and compositional heterogeneity. The latter two are not merely a challenge for good 




conformational and compositional states is a common theme in all three chapters of this thesis and recently 
developed methods to do so will be applied and discussed.  
3.2 Cryo-electron tomography and sub-tomogram-averaging 
Cryo-electron tomography (cryo-ET) is a variant of the cryo-EM SPA approach described above and has gained 
significant popularity in the past 10 years, especially for in situ structural studies (Beck & Baumeister, 2016). 
Cryo-ET is particularly useful when the particles of interest are crowded in the vitreous ice layer and/or are 
part of large superstructures. Cell slices, for example, are packed with many different biomolecules and 
cellular bodies. The overlapping densities in projection images of such cell slices would make it impossible to 
identify, annotate or average individual components. The same is true for some in vitro systems, for example 
when protein assemblies are reconstituted on lipid vesicles, as will be the case in Chapter III. In cryo-ET, 
several projection images are acquired at different angular orientations of the sample, i.e. the microscope 
stage, resulting in a series of tilted images of the region of interest (Figure 3A). The individual images of a tilt 
series are then aligned to each other and combined to reconstruct a 3D volume of the specimen, i.e. a 
tomogram (Figure 3B). To aid fine alignment of the tilt series images, 5-25 nm gold beads are often added to 
the sample prior to vitrification (Walz et al., 1997). These high-contrast gold fiducials are tracked throughout 
the tilt series to correct for stage movements in between images and other distortions (Kremer et al., 1996). 
Alternatively, every image in the tilt series can be segmented in patches that can be tracked throughout the 





Figure 3: Overview of the cryo-electron tomography procedure and missing wedge effects. (A) A series of images is 
acquired from a sample of interest while the stage is rotated to specified angles. As for SPA, the sample is prepared in a thin 
layer of vitreous ice but can be very diverse, e.g. whole cells, cellular extracts or membrane-bound proteins. (B) Together, 
the images form a tilt series containing different projections of the same feature of interest at defined angles. (C) Effects of 
the missing wedge on a tomographic reconstruction of a spherical object, shown as Fourier slices (left), a reconstructed 
spherical shell (real space, middle) and a YZ slice through the shell (right). (D) Same as (C) but for full angular sampling 
along the tilt axis. Images adopted from Koning et al. 2018. 
After tilt series alignment, a 3D reconstruction is generally obtained by weighted back-projection (WBP) of the 
individual images to account for oversampling of low-resolution components (Radermacher, 1988), much like 
the reconstruction process described in the previous paragraph (Projection-slice theorem, Figure 2E). In the 
resulting tomogram, the features that were superimposed in the individual projection images are now 
separated. Due to the geometry of the EM grids, tilt series can only be collected over a limited range, which is 
usually set between -60° and +60° (Figure 3C and D). This means that the information content in reconstructed 
tomograms is incomplete, which manifests in a ‘missing wedge’ in Fourier space and a reduced resolution 
along the optical axis at 0° tilt in real space (i.e. the reconstruction is anisotropic in resolution) (Figure 3C and 




with 2-3° increment) also affects the anisotropic resolution in a tomogram (Koster et al., 1997). On top of 
these anisotropic resolution effects, the same electron dose limitations as for SPA apply to imaging a tilt series. 
The limited total dose now needs to be spread over many images of the same area, further decreasing the 
signal-to-noise ratio, but still has to provide enough signal in each image for accurate CTF-estimation. To 
balance both requirements, a total dose of approximately 100 electrons/Å2 per tilt series is typically applied 
and dedicated tilt schemes are used.  
 
It is clear that raw tomograms are by no means ideal reconstructions. Not only is the resolution limited by the 
poor signal-to-noise ratio inherent to cryo-EM studies, the limited tilt range results in anisotropic 
reconstructions (Figure 3C). However, the isotropy as well as the resolution can be recovered for abundant 
biomolecules in a tomogram by aligning and averaging sub-tomographic volumes containing these. This 
process, called ‘sub-tomogram averaging’, is a chimeric approach between classical SPA (2D projections are 
aligned) and cryo-electron tomography (3D volumes are aligned) and is especially useful for solving 
macromolecular structures in situ (Beck & Baumeister, 2016) or to study membrane-bound assemblies (Sharp 
et al., 2015), such as the RNA degradosome (Chapter III). 
3.3 Small Angle X-ray Scattering 
Small angle X-ray scattering (SAXS) is an established biophysical and structural biology technique to investigate 
the overall oligomerisation state and shape of biological macromolecules in solution. The first SAXS 
experiments were pioneered by André Guinier in 1938 and have since evolved to the widely applicable method 
it is today (Guinier, 1938). The macromolecules that can be analysed by SAXS range from small peptides of a 
few kDa to large complexes of several mDa and even entire viruses, as long as adequate sample 
concentrations can be achieved. Notably, SAXS is particularly useful for proteins that have domain 
architecture, i.e. structured domains are connected by flexible linkers.  
 
In a SAXS experiment a macromolecular sample is exposed to high energy photons. The photons are elastically 
scattering by the electrons in the irradiated sample and are detected to obtain information about the sample’s 
electron density distribution (Figure 4A). To help ensure that the sample is monodisperse, a size-exclusion 
chromatography (SEC) step is often carried out right before exposure, a method called SEC-SAXS (Mathew et 
al., 2004). In this setup, the eluent of the SEC column goes straight to the sample chamber and scattering 
profiles are collected directly after separation of potential aggregates. In solution, the particles of interest have 
random orientations, which results in isotropic scattering and allows for radial averaging of a 2D detector 
image (Figure 4A and B). The result is a linear 1D scattering curve where scattering intensities are plotted 
against the scattering vector (q, ~spatial frequency), often referred to as the intensity profile (Figure 4B). 
Where cryo-EM datasets are collected in real space, the SAXS intensity profile is recorded in reciprocal space. 
This means that intensities at low q values in the scattering profile correspond to larger features of the particle 
of interest, such as overall particle shape and oligomerisation state. Scattering at high q values, on the other 





Figure 4: Overview of a SAXS experiment and different data presentations. (A) A sample is run over a size exclusion 
column and irradiated with a collimated X-ray beam in the eluent. Elastically scattered electrons are detected as an 
isotropic 2D scattering profile on a detector. (B) A 1D intensity curve is obtained by radially averaging the 2D scattering 
profile and subtracting the intensity curve of the running buffer. Intensity curves are depicted for proteins corresponding to 
a hollow sphere (blue), a compact full sphere (grey) and a disordered rod (red). (C) The dimensionless Kratky plot reveals the 
conformational character of the particles. Globular proteins show a clear descent after a (first) maximum (blue and grey 
curves) whereas disordered proteins show a rising curve that plateaus (red curve). (D) Pairwise distribution functions for the 
three proteins, showing all the pairwise distances between scattering elements in the particle. The largest dimension of 
each protein (Dmax) is annotated.  
From the intensity profile, some general structural parameters of the sample can be calculated. For example, 
the radius of gyration (Rg), a measure for the particle size, can be derived from the lowest q-regions of the 
intensity profile. Information about the conformational behaviour of the sample is encoded in the middle q 
region of the SAXS curve and is visualized by the normalized Kratky plot (Figure 4C) (Kratky & Porod, 1949). 
Compact and structured objects have a bell-shaped curve in the Kratky plot (Figure 4C, grey curve), whereas 
unfolded or intrinsically disordered proteins (IDPs) don’t have a maximum, but rise to a plateau (Figure 4C, red 




maximum is shifted to higher q-regions. Lastly, the indirect Fourier transform of the intensity curve generates 
the electron pairwise distribution function (P(r)) (Figure 4D). The P(r) function is a histogram containing all the 
pairwise distances between scattering units in the particle and provides rudimentary information about its 
shape. That is, differently shaped particles, such as solid spheres, hollow spheres or rods will display different 
features in their P(r) functions (Figure 4D, grey, blue and red curves, respectively). In addition, the maximum 
intra-particle distance, Dmax, can be derived from the distribution function. 
Perhaps the biggest advantage of SAXS is its ability to easily include a priori information about a protein 
assembly from other structural methods, such as high-resolution X-ray crystallography structures, cryo-EM 
models, or NMR data. Many biological systems are inherently flexible, meaning that they exist as a large pool 
of coexisting conformers in solution. A way to deal with such systems in SAXS is through ensemble modelling, a 
method that was first described by Bernado et al. (2007). Ensemble modelling aims to incorporate a priori 
information about a flexible protein assembly, e.g. domain structures, to find a set of candidate models that, 
as a mixture, fit the experimental intensity curve. This approach is particularly suited for protein assemblies 
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1 Abstract  
In many bacterial species, the global regulator Hfq acts as a key node in post-transcriptional networks that control 
expression of numerous genes. In the opportunistic pathogen Pseudomonas aeruginosa, Hfq controls translation of 
many target transcripts by forming a regulatory complex with the catabolite repression protein Crc. This 
translation-repression complex acts as part of an intricate mechanism of preferred nutrient utilisation. In this 
chapter, high-resolution cryo-EM structures are described of the assembly of Hfq and Crc bound to the translation 
initiation site of a target mRNA as well as the entire 5ʹ region of the transcript. The core of the assemblies is 
formed through cooperative interactions between the RNA target, Hfq and Crc. Complex formation on other mRNA 
targets is further explored by electrophoretic mobility shift assays, and a cryo-EM structure was solved for one of 
these. In addition, molecular dynamics (MD) simulations of the Hfq-Crc assemblies suggest a mechanism for rapid 
RNA scanning by Hfq. The findings in this chapter support a versatile assembly model based on interaction 
degeneracy, explaining how Hfq presents many mRNAs to the same partner protein to form diverse riboregulatory 
complexes that control translation. In particular, the results described here provide an RNA code that guides global 
regulators to interact cooperatively and regulate many RNA targets co-transcriptionally.  
2 Introduction 
Hfq is a conserved bacterial RNA chaperone that is best studied for its contribution to the control of mRNA 
translation through different modes of action. For one, Hfq can act indirectly by facilitating base-pairing 
interactions of cognate mRNA targets with small regulatory RNAs (Vogel & Luisi, 2011; Wagner & Romby, 2015). In 
a second mode, the RNA chaperone can bind A-rich sequences at or in the vicinity of translation initiation sites of 
mRNA targets to directly repress translation independently of small RNAs (Vecerek et al., 2005; Salvail et al., 2013; 
Sonnleitner & Bläsi, 2014). As a member of the Lsm/Sm protein family, Hfq shares an ancient structural core that 
oligomerizes to form a hexameric ring-like structure, exposing several RNA-binding surfaces (Figure 1). RNA 
recognition is mediated by distinct interactions with distal, proximal and rim faces of the hexameric ring, as shown 
by crystallographic and biophysical studies (Schumacher et al., 2002; Link et al., 2009; Sauer et al., 2012; 
Horstmann et al., 2012; Panja et al., 2013). In addition, Hfq has a long, natively unstructured C-terminal tail which 
participates in auto-regulating RNA-binding activities (Santiago-Frangos et al., 2016; Santiago-Frangos et al., 2017; 





Figure 1: Crystal structures of Pseudomonas aeruginosa PAO1 Hfq (cyan) and Crc (orange). (A) Hfq is a homo-hexameric 
protein and has a proximal side, which is known to bind 3’ poly-uridine tails, a distal side, which binds A-rich sequences and a 
rim side (pdb-ID 1u1t) (B) Crc is a compact, globular monomeric protein with no obvious RNA binding patches exposed on its 
surface (pdb-ID 4jg3). The N-terminus (N) and C-terminus (C) for Hfq and Crc protomers are annotated. 
Hfq is one of the most pleiotropic RNA chaperones in bacterial riboregulation. In the opportunistic, Gram-negative 
pathogen Pseudomonas aeruginosa Hfq helps coordinate stress responses (Lu et al., 2016), metabolism 
(Sonnleitner & Bläsi, 2014), quorum sensing (Sonnleitner et al., 2006; Yang et al., 2015) and virulence (Sonnleitner 
et al., 2003; Fernàndez et al., 2016; Pusic et al., 2016). Many of these roles are likely to be mediated through 
effector assemblies with Hfq, and several putative protein interactors of P. aeruginosa Hfq have been identified 
with functions in transcription, translation and mRNA decay (Van den Bossche et al., 2014). For Hfq from 
Escherichia coli, for example, the functionally important partners include RNA polymerase, ribosomal protein S1 
(Sukhodolets & Garges, 2003), the endoribonuclease RNase E (Ikeda et al., 2011), polyA-polymerase and the 
exoribonuclease polynucleotide phosphorylase (Mohanty et al., 2004; Bandyra et al., 2016). Most likely, formation 
of such complexes is at least partly driven by RNA binding, and coordinates the co-localisation of transcription-, 
translation- and RNA decay machineries in the bacterial cell (Worrall et al., 2008; Resch et al., 2010; Vecerek et al., 
2010). 
 
An interesting protein that cooperates with Hfq in P. aeruginosa is the catabolite repression control protein, Crc 
(Figure 1) (Van den Bossche et al., 2014; Moreno et al., 2015; Sonnleitner et al., 2018). Crc is a specialized protein 
that is found in a limited subset of bacteria including Pseudomonads (but excluding Enterobacteriaceae such as E. 




enzymatic activity, as indicated by the absence of key catalytic residues in the active site (Milojevic et al., 2013). In 
P. aeruginosa, Crc helps to direct metabolic pathways during carbon catabolite repression (CCR) to use preferential 
carbon sources, such as succinate, until exhausted, after which alternative carbon sources are used (Rojo, 2010). In 
addition to carbon catabolite repression, Hfq and Crc link key metabolic and virulence processes in Pseudomonas 
species. The two proteins together affect biofilm formation and motility (O’Toole et al., 2000, Huang et al., 2012; 
Zhang et al., 2012; Pusic et al., 2016), antibiotic susceptibility (Linares et al., 2010; Heitzinger, 2016) and 
biosynthesis of the virulence factor pyocyanin (Sonnleitner et al., 2003; Huang et al., 2012). Recent ChiP-seq 
studies in Pseudomonas indicate that Hfq and Crc also have wider regulatory impact and can co-operate to bind 
many nascent transcripts co-transcriptionally (Kambara et al., 2018). As such, these transcripts form a large pool of 
potential regulatory targets for Hfq and Crc, some of which have been studied in this chapter.  
 
Crc and Hfq act together to capture a target mRNA and prevent its translation. The targets are then subjected to 
degradation, which might trigger disassembly of the Hfq-Crc-RNA complex (Sonnleitner & Bläsi, 2014). It was found 
that Hfq and Crc-mediated regulation of translational repression involves binding of both proteins to ribosome-
binding sequences of target mRNAs (Figure 2). The best studied target mRNA is amiE, which encodes the enzyme 
Aliphatic amidase that removes the amide group of short-chain aliphatic amides, generating their corresponding 
organic acids. This chemical transformation enables Pseudomonas to utilise acetamide as a source of both carbon 
and nitrogen. However, when preferred carbon sources such as succinate are abundant, Aliphatic amidase is not 
needed, and the CCR control system will repress the unnecessary translation of amiE mRNA by sequestering the 
amiE ribosome binding site (RBS) with Hfq. The interaction occurs through the distal face of Hfq, which engages an 
A-rich segment called amiE6ARN (Sonnleitner & Bläsi, 2014). Strikingly, Crc was found to strengthen binding of A-rich 
target transcripts to the distal side of Hfq, while having no intrinsic RNA-binding activity on its own (Sonnleitner et 
al., 2018; Milojevic et al., 2013). The translational repression effect of Hfq and Crc on target mRNAs is countered 
by the non-coding RNA CrcZ, which is believed to sequester Hfq and Crc (Sonnleitner et al., 2009; Sonnleitner & 
Bläsi, 2014) (Figure 2). CrcZ levels increase when preferred carbon sources are exhausted, and its expression is 
under control of the alternative sigma factor RpoN and the two-component system CbrA/B (Sonnleitner et al., 
2009). The signal responsible for CbrA/B activation remains unknown, but it is thought to be related to the cellular 





Figure 2: Catabolite repression in Pseudomonads. During catabolite repression, e.g. when succinate levels are high, Hfq and Crc 
cooperatively bind A-rich sequences at the 5ʹ-end of the target mRNA, amiE, and mask the ribosome binding site (top). When 
succinate levels are low, catabolite repression is alleviated by expression of the sRNA CrcZ, which sequesters Hfq and Crc from 
target RNAs (bottom). 
How Hfq binds to A-rich RNAs is understood structurally (Link et al., 2009), but the co-operative role of Crc to 
prevent translation of a target RNA in this context has not been elucidated. Furthermore, it is unclear how the 
same two effector molecules can co-regulate more than 100 target RNAs co-transcriptionally with apparent 
sequence specificity. To gain insight into how P. aeruginosa Hfq cooperates with Crc in CCR-mediated translational 
repression of amiE, structures were solved of the complexes the two proteins form on the 18-residue long Hfq 
binding motif of amiE mRNA using cryo-electron microscopy (cryo-EM). The reconstructions revealed for the first 
time how presentation of RNA in a sequence-specific manner can support the association of Hfq and RNA with Crc. 
Mutagenesis of the interactions between e.g. Crc and amiE guided by the structural data corroborate their 
requirement for in vivo translational regulation. Molecular dynamics studies of these assemblies reveal a putative 
dynamic interface at the Hfq distal side that allows for rapid scanning of large RNA pools in the cell. Additional 
cryo-EM studies on a 105-residue long portion of the amiE 5ʹ-end provide insights into the quaternary structure of 
the translation-repression assembly and reveal potential kinetic intermediates. Gel shift assays further show that 
similar assemblies form on other predicted target RNAs such as transcripts for estA, acsA, rbsB and ptsX (Kambara 
et al. 2018). Cryo-EM structures of Hfq-Crc assemblies on one of these target mRNAs, rbsB, provide a structural 
basis that explains how two effector molecules can co-regulate a large pool of mRNA targets in Pseudomonads. 
These findings expand the paradigm for in vivo action of Hfq through cooperation with the Crc helper protein and 






3.1 Synthesis and purification of Hfq and Crc 
The expression and purification of Pseudomonas (PAO1) Hfq and Crc is explained in detail in the materials and 
methods section (Sections 5.1 and 5.2). Figure 3 shows representative elution profiles and SDS PAGE gels of 
hexameric Hfq (56kDa) and monomeric Crc (28kDa) after a size exclusion chromatography step. Both samples are 
sufficiently homogeneous and pure for further experiments. A small shoulder was observed in the Hfq elution 
profile (Figure 3A, top) and SDS/heating were insufficient to fully denature the heat resistant Hfq hexamer, as is 
apparent from the SDS PAGE gel (Figure 3A, bottom, Hfq oligomers marked by *). The Crc elution profile reveals a 
slightly asymmetric peak and faint contaminant bands (marked by * in Figure 3B) are visible on the SDS PAGE gel. 
Since PAO1 Crc samples synthesized in E. coli have shown minor ribonuclease activity even after purification, these 
were later replaced with Crc samples synthesized and purified from P. aeruginosa (PAO1), which are free of 
ribonuclease contamination. These purified Crc samples were prepared by collaborators (Bläsi group, MFPL, 
University of Vienna). All RNA samples described below were synthesised chemically or prepared with in vitro 
transcription and subsequent gel-purification/electroelution by the Bläsi group.  
 
Figure 3: Elution profiles and SDS PAGE gels for Hfq (A) and Crc (B) after size exclusion chromatography. Both Hfq and Crc are 




3.2 Cryo-EM analysis of Hfq-Crc-amiE6ARN: An ensemble of assemblies 
Previous SEC-MALS and mass spectrometry studies have suggested that Hfq and Crc form a higher order 
translation-repression complex with amiE (Sonnleitner et al., 2018). Purified Hfq and Crc proteins were mixed with 
a chemically synthesized 18-nucleotide Hfq-binding element from the translation initiation region of amiE mRNA 
(amiE6ARN) (5'-AAA-AAU-AAC-AAC-AAG-AGG-3'). This sequence has a binding motif comprised of six repeats of an 
A-R-N pattern known to bind the distal face of Hfq (Sonnleitner & Bläsi, 2014). After mild chemical crosslinking 
with BS3 (see Materials and Methods section 5.4), the sample of Hfq-Crc/amiE6ARN was loaded on R1.2/1.3 
Quantifoil grids decorated with a graphene oxide monolayer (see Materials and Methods section 5.5). Grid 
screening revealed well defined single particles on graphene oxide in regions with thicker vitreous ice, and datasets 
were collected on a Titan Krios equipped with a Falcon III detector (FEI). For these datasets all processing was 
performed in Relion 3.0 (Zivanov et al., 2017). Selective 2D classification and subsequent 3D classification revealed 
three principal types of complexes corresponding to different stoichiometries of Hfq:Crc:amiE6ARN (Figure 4). These 
higher order assemblies, with Hfq:Crc:amiE6ARN compositions 2:2:2, 2:3:2 and 2:4:2, are in accord with published 
SEC-MALS and mass spectrometry findings that excluded a more simple 1:1:1 assembly (Sonnleitner et al., 2018). 
 
Figure 4: 2D- and 3D classification of Hfq-Crc-RNA particles. Three main classes of particles were observed after reference-free 
2D classification (top), corresponding to Hfq:Crc:amiE6ARN assemblies with compositional stoichiometries of 2:2:2, 2:3:2 and 
2:4:2. The amiE6ARN species (red) constitute the main interaction interface between Hfq and Crc, together forming the 2:2:2 core 
complex observable in all three models (bottom). Hfq hexamers are depicted in cyan, Crc in orange, purple or pink. All cryo-EM 




The individual assemblies appear to be conformationally uniform and well defined, and the refined maps for these 
assemblies are estimated to be 3.1 - 3.4 Å in resolution based on gold-standard Fourier shell correlations (GS-FSC) 
(Figure 5, Table 1). Crystal structures of Hfq and Crc fit well into the cryo-EM densities, apart from a few side chain 
rotations into alternative permitted rotamers (Figure 4 and Figure 6). All 18 nucleotides of amiE6ARN were resolved 
to near-atomic resolution in the three cryo-EM maps and will be referred to with numbers 1–18 from the 5´- to the 
3´- end. To account for potential crosslinking artefacts, Cryo-EM analyses were subsequently performed with 
samples that had not been treated by crosslinking using the same grid preparation conditions optimised for the 
crosslinked specimens (data not shown). Data from these specimens revealed that the quaternary structure 
remained unchanged within the resolution limits of the data. 
 
Figure 5: Global and local resolution estimates of the cryo-EM maps. GS-FSC metrics were used for both local and global 
resolution estimates. Global FSC curves for all three reconstructions are depicted in the central panel. FSC 0.143 and 0.5 are 
annotated. In the right panel, angular distributions of the 2D images are presented as a spherical plot, with red bars 





Figure 6: Quality of the cryo-EM images and reconstructions. (A) Example of a raw micrograph at 3 μm defocus, lowpass 
filtered to 20 Å. (B) High resolution cryo-EM maps with refined atomic models for all complexes, showing the quality of the EM 
reconstructions. All maps were reconstructed independently of each other or a high-resolution reference structure and reveal 
well defined and highly reproducible densities for all side chains in the highlighted signature regions (insets 1-4). At the 
periphery, the map density is of good quality too, maintaining the six-fold symmetry of the Hfq protomers (inset 4). (C) Model 
versus map Fourier shell correlation curves (FSC) show a good correlation between the atomic models and the experimental 
cryo-EM maps. FSC 0.5 is annotated on the graph. 
3.2.1 The Brennan crown, a recurring RNA fold in Hfq-mediated regulation 
A previous crystal structure of E. coli Hfq bound to a polyriboadenylate 18-mer solved by the Brennan group 
revealed how the RNA encircles the Hfq distal face via a repetitive tripartite binding scheme (Figure 7B) (Link et al., 
2009). In that structure, base triplets occupy inter-monomeric pockets on the Hfq surface and fold into a crown-
like conformation. As the Brennan group first described this RNA binding mode, the fold will be referred to as the 
‘Brennan crown’ in this and subsequent chapters. In the structures presented here, the RNA constitutes the 
binding interface between P. aeruginosa Hfq and Crc and adopts a nearly identical crown-like conformation on the 
Hfq distal face as seen in the E. coli Hfq/poly-A complex (Figure 7A and B). Since the cryo-EM maps were calculated 
without any reference to the structure from Link et al. (2009), the models presented here not only are a strong 
validation of the broader occurrence of such regulatory RNA folds, but also for the first time show their role in the 





Figure 7: The “Brennan crown” in the Hfq/amiE6ARN RNA complex. (A) Six RNA triplets are partially embedded in six binding 
pockets on the Hfq distal side, forming a weaving, crown-like pattern. The RNA entry/exit site has no discriminatory preferences 
and is therefore referred to as the ‘N’ site, whereas the A and R sites are occupied by adenine and a purine, respectively. The 
RNA crown is modelled in red and the cryo-EM density for amiE6ARN is depicted as a grey mesh. The RNA folds into a star-shaped 
conformation guided by positively charged protuberances on the Hfq distal surface (blue). Left panel: adenosine specificity site. 
Right panel: Purine specificity site. amiE nucleotide carbon atoms are depicted in red, Hfq carbon atoms are in green. Hydrogen 
bond lengths are in Å (dashed lines). (B) Overlay of the tripartite pocket between E. coli and P. aeruginosa Hfq and poly-A18 and 
amiE6ARN RNA, respectively. The crystal structure of E. coli Hfq in complex with poly-A18 (red) is strikingly congruent with the 
interactions between P. aeruginosa Hfq and amiE6ARN RNA (light pink) in the complex with Crc. (C) The A-R-N motif is not 
supported by Hfq of the Gram-positive bacteria Staphylococcus aureus and Bacillus subtilis, which instead use a R-L (purine-
linker) motif (Horstmann et al., 2012). This can be rationalised by the pattern of amino acids that occlude the corresponding A 
site. 
Like its E. coli homologue, the P. aeruginosa Hfq distal side contains six tripartite binding pockets that can bind a 
total of 18 nucleotides. In addition, six positively charged protuberances on the same distal face guide the star-
shaped RNA fold, where the phosphate backbone weaves in between these (Figure 7A, middle panel). Each 
tripartite pocket consists of an adenosine specificity site (A), a purine nucleotide specificity site (R), and a non-
discriminatory RNA entrance/exit site (N) (Figure 7A and 6B). The A- and R-sites constitute a structural preference 
for RNA stretches with (ARN)n repeats. All bases in the A-sites of the amiE6ARN substrate are organized identically to 
the corresponding A-sites in the E. coli orthologue (Link et al., 2009), and are depicted in Figure 7A. Importantly, 




Q33 confer pocket-specificity for the A-site as they are not compatible with a guanine base, which would form a 
repulsive contact via its O6 and peptide carbonyl (Figure 7A, left panel). 
 
Two neighbouring monomers make up the purine (R) specificity pocket on the Hfq distal side. Unlike the A-site, 
which is on the Hfq surface, the R-site is tucked in and therefore less exposed (Figure 7A, right panel). Notably, 
Gln52 forms a physical link between the occupied A- and R-sites. The structures presented here were solved with 
the authentic amiE Hfq recognition site, whereas previous structures were obtained with A18 RNA (Link et al., 
2009). In those earlier structures all R-site were occupied by adenine residues. In the structures presented here, 
Thr61 forms a double hydrogen bond with a guanine base in the R-site, which has not been observed before 
(Figure 7A).  
 
The Hfq-amiE6ARN interactions are not influenced by the bases in the entry/exit (N) sites, and one would expect the 
latter to participate in interactions with effector molecules in the assembly. Indeed, N-site bases interact with Crc 
in the cryo-EM models, as will be described below. Strikingly, the ARN-preference of the Hfq distal side is not 
shared in Gram-positive bacteria. In Staphylococcus aureus and Bacillus subtilis, for example, Phe30 in the 
corresponding A-site sterically hinders the RNA backbone and A-site base from entering, yet stabilises purines in 
the R-site together with M32 via stacking interactions (Figure 7C) (Horstmann et al., 2012). Hfq from these Gram-
positive bacteria thus prefers an R-L (purine, Linker) motif. 
3.2.2 Interactions in Hfq-Crc-amiE6ARN core complex 
The core complex consists of two Hfq molecules each with an amiE6ARN motif bound, which together sandwich two 
copies of Crc (Figure 8A). Given the short length of the amiE6ARN fragment, only Crc-RNA and Crc-Hfq interactions 
will be discussed here, as the quaternary structure of the assembly is unlikely to fully capture the subunit 
organisation that occurs on a long, continuous RNA that can span all potential binding sites on the proteins. The 
true quaternary structure on such an RNA will be presented in section 3.4. 
 
Both Crc molecules interact with exposed amiE6ARN on the Hfq surface as well as with the Hfq distal rim (Figure 8A). 
Mainly the phosphate backbone and exposed ribose rings of the RNA contact the Crc molecules (Figure 8A and C). 
Two Crc monomers form an antiparallel dimer, with each monomer having two modes of RNA binding. In one 
mode, Crc Arg140 and Arg141 form polar contacts with the phosphodiester backbone of amiE6ARN. The purine-base 
of the A3 nucleotide at an Entry/Exit site of amiE6ARN is sandwiched by Crc Arg140 and Arg196 (Figure 8A, inset iii). 
Lastly, amiE6ARN U6 forms a hydrogen bond with the Crc Met156 amide, and Crc Arg196 forms hydrogen bonds 
with the U6-amiE6ARN backbone. For the second mode of RNA binding, constituted by a second Crc surface, Crc 
Lys155 makes a hydrogen bond with the phosphate group of C9 and the ribose hydroxyl group. Crc Trp161 and 
Arg162 form additional hydrogen bonds with the amiE6ARN backbone (Figure 8A, inset iv, and C). Only a few direct 
Hfq-Crc contacts can be observed in the cryo-EM structures. In short, Crc Gln75, Val79 and Ser81 form a small 
interaction β-strand on each of both Crc components in the core complex, contacting Thr49, Asn48 and Gln33, 




organised interactions in the core complex show how Hfq presents amiE6ARN to form a molecular interface for the 
RNA-mediated interactions between Hfq and Crc (Figure 8A).  
 
Figure 8: Model of the 2:2:2 Hfq-Crc-RNA core complex and validation of interactions. (A) Atomic model of the core assembly. 
Hfq hexamers sandwich the antiparallel Crc dimer and present the amiE6ARN RNA to form two different interfaces with the Crc 
protomers. The Crc molecules form polar contacts with mainly the exposed ribose rings and backbone phosphate groups (insets 
iii and iv). Only a small binding interface on each Crc monomer is involved in direct contacts with a Hfq protomer (inset ii). Crc 
protomers are in yellow and orange, amiE6ARN RNA is in red, Hfq hexamers are in cyan. (B) Translational regulation of 
an amiE::lacZ reporter gene by Crc variants, as designed based on the cryo-EM model. P. aeruginosa strain PAO1Δcrc(pME9655) 
harbouring plasmids pME4510 (vector control), pME4510crcFlag(Crcwt) or derivatives thereof encoding the respective mutant 
proteins were used. The beta-galactosidase values conferred by the translational amiE::lacZ fusion encoded by plasmid 
pME9655 in the respective strains are indicated. The results represent data from two independent experiments and are shown 
as mean and standard deviation. (C) Table of direct Crc-amiE6ARN contacts in the 2:2:2 assembly. BB: Crc contacts with the RNA 




3.2.3 Further masking of amiE by Crc, the 2:3:2 and 2:4:2 complexes 
The interaction of Crc with RNA in the core complex leaves approximately half of the accessible surface of amiE6ARN 
exposed. Additional Crc units can be recruited through interactions with the exposed portion of the RNA, forming 
2:3:2 and 2:4:2 complexes (Figure 4 and Figure 9). Although the core complex is rigid, the additional Crc molecules 
(Crc3 and Crc4) have few contacts with the core complex and each other, and they are likely to be comparatively 
mobile as evidenced by their somewhat lower local resolution in the cryo-EM maps (Figure 5). Both Crc3 and Crc4 
interact with the two amiE6ARN motifs via the first Crc-RNA binding mode (Figure 9A, inset iii). Crc3/4 K139 makes a 
hydrogen bond with the amiE6ARN C12 phosphate group, Arg138 interacts with the ribose hydroxyl group of C9 and 
K135 forms a hydrogen bond with the A11 phosphate group, all of which were left exposed in the 2:2:2 core 
complex. Finally, the backbone amino group of Arg140 engages in a hydrogen bond with the C12 base. Direct 
contacts between Crc3/4 and Hfq in the 2:4:2 cryo-EM model are constituted by the same Crc β-strand and 
exposed loop of a single Hfq protomer (Figure 9A, inset ii). 
 
Figure 9: Model for the 2:4:2 Hfq-Crc-RNA complex. (A) Atomic model of the 2:4:2 Hfq-Crc-RNA complex. The insets show the 
Crc-Crc (i), Hfq-Crc (ii) and Crc-RNA (iii) interactions not present in the 2:2:2 complex. Only one of two Crc RNA-binding patches is 
presented to amiE6ARN in the Crc3-Crc4 dimer (inset iii). A small interface is formed between Crc3/Crc4 and Hfq. The core Crc 
dimer is in yellow, amiE6ARN RNA is in red, Hfq hexamers are in cyan, the protomers of the extra Crc dimer are magenta and 




independent experiments and are shown as the mean, with standard deviation bars. (C) Two distinct Crc dimers are observed in 
the three complexes solved by cryo-EM. i: The self-complementary interaction of the 2:2:2 core complex. ii: an alternative dimer 
is formed in the 2:4:2 complex, showing an open configuration (bottom). (D) An electropositive half-channel runs along the core 
dimer interface (Crc1-Crc2) which could potentially serve as a conduit for RNA (dotted white arrow). The A, R, and N RNA 
interaction sites on the Hfq distal side are annotated. 
Interestingly, there are two Crc dimer conformations in the 2:4:2 complex. A first Crc dimer is formed by Crc1-Crc2 
in the core assembly and is identical to a Crc dimer observed in the crystal lattice (pdb-ID 4jg3) (Figure 9C). A 
second Crc dimer is formed by Crc3-Crc4 and adopts a more open conformation, although preserving the dimer 
interface (Figure 9C). These observations are a first hint that Crc dimerization is polymorphic, which will be 
addressed extensively in section 3.4. A basic, surface-exposed half-channel runs through the Crc1-Crc2 dimer 
interface (Figure 9D). Speculatively, longer RNA species, such as the full length amiE transcript, could run through 
such a half-channel and interconnect all components of the assembly into a highly organised complex. In section 
3.4.2, structural studies on a longer fragment of the 5’-end of amiE will show that this hypothesis is not too far off. 
3.2.4 In vivo validation of the Hfq-Crc-amiE6ARN interactions 
To probe the relevance of the Hfq-Crc-amiE6ARN interactions, colleagues at the Bläsi group (MFPL, University of 
Vienna) tested the effects of specific Crc mutants on Hfq-Crc-mediated repression of an amiE::lacZ translational 
reporter gene in vivo. Firstly, the interaction between Crc and the presented amiE6ARN fold was tested. R140 (Crc) 
interacts with amiE6ARN in the cryo-EM models (Figure 8A, inset iii, Figure 9A, inset iii). A CrcR140E mutant was 
deficient in translational repression of the amiE::lacZ reporter gene, with levels similar to those observed for a Crc 
deletion strain (Figure 8B). In addition, CrcR140E did not form higher order assemblies with Hfq and amiE6ARN in co-
immunoprecipitation experiments (data not shown, see Pei et al. 2019).  
 
Next, the relevance of the Crc dimer interfaces was tested. Reporter assays with different mutants of the Crc1-2 
dimerization patches show only a mild reduction in translation-repression, which can be compensated by counter 
mutations (Figure 8A and B, discussed in detail in Pei et al., 2019). The Cryo-EM models presented in section 3.4 
indicate that the Crc1-2 dimer is not formed in the true quaternary structure of the amiE translation repression 
assembly. Notably, the Arg233-Glu193 interaction in the Crc3-4 dimer, on the other hand, is key for adequate 
translation-repression (Figure 9A, inset i). A CrcE193R substitution was sufficient to fully abrogate translational 
repression of amiE::lacZ (Figure 9B). According to the cryo-EM model, the deleterious CrcE193R substitution should 
be compensated by a CrcR230E mutation and re-establish the interaction. The amiE::lacZ reporter assay showed that 
CrcE193R, R230E and CrcE193A, R230E variants restored translational repression. Since the Crc variants are all expressed at 
comparable levels to the wild type Crc (data not shown), the reporter assays presented here show that the 





3.3 Intrinsic molecular scanning opportunities at the Hfq distal side 
The cryo-EM models described in section 3.2 provide insights into how a specific target-mRNA (in this case amiE) 
can be bound and presented by an RNA chaperone to trigger assembly of an intricate effector complex that 
represses translation. The results, however, raise questions regarding proofreading mechanisms in the Hfq-Crc-
amiE assembly process. One question is related to how Hfq, which binds many RNAs in the cell, can recognise or 
scan for ARN repeats in a given sequence. To explore this question, molecular dynamics (MD) simulations were 
carried out with collaborators Prof. Jiri Sponer and Dr. Miroslav Krepl (CEITEC, Brno, Czech Republic) (Krepl et al., in 
press). 
3.3.1 Dynamic recognition at the Hfq distal side: syn/anti flipping of the A-site bases 
Hfq is perhaps one of the most pleiotropic RNA chaperones in bacteria, binding many different sRNA-, mRNA- and 
tRNA species (Vogel & Luisi, 2011; Melamed et al., 2016, 2020). A puzzling question is how Hfq recognises and 
distinguishes between different RNA molecules. Finding targets likely involves a mechanism of scanning an RNA 
molecule on the Hfq distal side until ARN-rich regions are encountered. If the RNA molecule harbours such a 
region, assembly formation with Crc partners likely follows. If not, the RNA dissociates from the Hfq distal side and 
a different RNA is scanned. A recent study suggests that protein-RNA recognition could involve so called ‘dynamic 
recognition’, whereby protein-RNA interactions occur via competing local conformational sub-states of the 
interface (Ripin et al. 2019), as distinct to a ‘stiff geometry’ binding. Dynamic recognition could allow for high 
binding turnover in vivo to quickly probe large pools of cellular RNAs, and at the same time maintain their highly 
specific recognition of RNA targets by proteins. It is likely that Hfq utilises some sort of dynamic recognition 
mechanism, given its disproportionally high cellular RNA turnover relative to its low-nanomolar affinity for target 
RNAs (Fender et al., 2010). 
 
MD simulations of the Hfq-Crc-amiE6ARN assembly and sub-assemblies indeed reveal how extensive dynamics occur 
at the Hfq/RNA interface. In the cryo-EM structures, all A- and R-site bases are in the anti-conformation (Figure 7A) 
when Crc is bound, and their binding pockets are described in detail in section 3.2.1. Importantly, there were no 
signs of structural instability during the simulations, indicating that the starting models were of decent quality and 
that the force field was performing well. Strikingly, a dynamic equilibrium was observed in the absence of Crc 
molecules (i.e. for Hfq-RNA intermediates), where the amiE6ARN A-site bases flip between syn- and anti-
conformations (Figure 10). Several back-and-forth syn/anti flips took place within the simulation timescale, with 
transitions occurring on the order of hundreds of nanoseconds. The syn- and anti- conformers of the adenine base 
both engage the exact same amino acids in the A-site pocket of the Hfq-distal side, albeit with different H-bond 
donor- and acceptor groups (Figure 10). The simulations suggest that in the absence of Crc components, the A-site 
bases occupy a syn-conformation more often than the anti-conformation. Local perturbations in the Hfq/RNA 
interface, constituted by syn/anti base flipping, could allow for other RNA molecules to more effectively compete 
with the engaged RNA. It should be noted that the base-flipping process can occur on one ARN repeat at a time, 





Figure 10: Anti/syn flipping in the Hfq A-site pocket. The adenine base can flip from anti (left panel) to syn (right panel) in the A-
site pocket on the Hfq distal side, while interacting with the same Hfq residues. In syn, the adenine N7 atom replaces the N1 atom 
as a hydrogen bond acceptor, while a hydrogen atom on the N6 amino group now serves as a hydrogen bond donor (right panel). 
Hfq secondary structure is in grey, RNA backbone is in brown, side chains and bases are in cyan. 
The MD simulations indicate that Crc binding to the amiE6ARN interface lowers the overall atomic fluctuations of the 
RNA backbone. This likely increases the barrier for syn/anti flips by sterically obstructing these in the Hfq-Crc-
amiE6ARN complex, which results in a nearly full suppression of syn/anti flips in the MD simulations (within the 
timescales measured, i.e. 10 ms). In addition, A-site nucleotides A1 and A13 of amiE6ARN form specific H-bonds with 
Crc K77, almost irreversibly stabilizing them in anti upon full assembly of the Hfq-Crc complex (not shown). Apart 
from A1 and A13, there are no apparent specific interactions that promote the experimentally observed anti-
conformation of the A-site bases. However, in a system where all the A-site bases were manually flipped into syn a 
priori, the presence of Crc still allowed several AA bases to return to the anti-conformation within the simulation 
timescale, but not back to the syn-conformation. This simulation indicates that Crc actively promotes the anti-
conformation for the A-site nucleobase rather than merely suppressing syn/anti transitions. The structural basis for 
this could be non-specific interactions between Crc and the backbone phosphate groups immediately downstream 
of the A-site nucleotides. These interactions alter the dihedral angles observed for this backbone suite and promote 
backbone dihedral angles associated with the anti-conformation of A-site nucleobases. In summary, the 
observations above provide a rationale for how the Crc can prolong the RNA binding to Hfq by suppressing base 





3.4 Hfq and Crc as global metabolic and virulence regulators in Pseudomonas 
Extensive research has been done on Hfq-Crc mediated gene regulation in Pseudomonas and many studies indicate 
that the system is a critical node in diverse regulatory pathways in the cell. A key study by Kambara et al. (2018) 
defined a pool of more than 100 mRNA targets of Hfq and Crc via ChiP-seq experiments. Their findings show that 
Hfq engages mRNA targets as they spool from the RNA polymerase, to subsequently present them to Crc, and that 
Hfq and Crc act on these transcripts in a highly cooperative and interdependent manner. As such, Hfq and Crc are 
likely to be prevalent co-transcriptional regulators in Pseudomonads, controlling translation of many nascent 
target mRNAs. This means that the structures presented above are only the ‘tip of the iceberg’, and that similar 
assemblies can form on different mRNA targets. How Hfq-Crc complexes can assemble on different mRNAs, i.e. 
how Hfq presents different RNA targets with specificity and how Crc molecules accommodate this degree of 
variability to form translation-repression assemblies, will be discussed in this section.  
3.4.1 Expanding the Hfq-Crc target pool 
Five putative target RNAs were selected from the predicted mRNA target pool to further explore their association 
with Hfq and Crc (Kambara et al., 2018). Four of these are involved in transport or utilisation of carbon sources: 
estA, encoding an esterase, acsA, encoding acetyl-coA synthetase, rbsB, encoding a putative ribose transporter and 
the previously studied amiE, encoding aliphatic amidase (Kambara et al., 2018). The fifth target is ptxS, which 
encodes a post-transcriptional regulator that controls exotoxin A production (Swanson et al., 1999), and thus 
coordinates virulence.  
 
Rather than isolating short putative ARN repeats in these transcripts, a longer stretch surrounding the translation 
start codon was generated for each transcript via in vitro transcription (Bläsi group, MFPL, University of Vienna). 
The shortest RNA construct (acsA) was 70 nucleotides long, whereas the longest (estA) was 119 nucleotides long. 
This design allowed to study whether multiple, potentially degenerate ARN repeats on a single transcript could 
participate in a translationally repressive Hfq-Crc assembly (Figure 11). For amiE, a 105-mer was used that also 
contains the amiE6ARN motif described in the Cryo-EM studies described above. To explore whether these five 
transcripts participate in Hfq-Crc assemblies and to probe assembly stoichiometries, electrophoretic mobility shift 
assays (EMSA) were carried out (Figure 12). To set up the binding reactions, purified RNA constructs were mixed 






Figure 11: Sequences of selected target RNAs. ARN motifs are highlighted in yellow. AUG start codons are in bold. For amiE105 a 
secondary, degenerate ARN repeat region is annotated. 
All RNA constructs were able to bind Hfq in the EMSA experiments (Figure 12, lanes 1-5). Interestingly, higher 
order Hfq-RNA assemblies are formed with increasing Hfq concentrations (Figure 12, green arrows), which 
indicates that multiple Hfq molecules can bind a single RNA target. Lane 6 of the gels in Figure 12 shows that Crc 
alone is not able to bind RNA. Upon addition of Hfq, however, Crc participates in higher order assemblies with the 
RNA target and Hfq (Figure 12, lanes 7-10). Here too the gels indicate there is a gradual assembly build-up for 
increasing Hfq concentrations. It appears that for all five RNA targets, a molar excess of 3-4 Hfq molecules per RNA 
molecule results in the highest order assembly (Figure 12, bands highlighted with *). As explained in section 3.1, 
Crc produced in E. coli (BL21 DE3) shows modest signs of ribonuclease contamination, which is apparent from the 
accumulation of small RNA species at the bottom of lane 6. Interestingly, for all RNAs tested (except for estA), 
addition of Hfq protects the RNA from degradation by the ribonuclease contaminant. Nevertheless, for all future 
studies Crc purified from PAO1 was used, without apparent ribonuclease contamination (Bläsi group, MFPL, 
University of Vienna). The EMSA results show that Hfq-Crc complexes can assemble on all of the predicted RNA 





Figure 12: Electrophoretic mobility shift assays (EMSA) for predicted RNA targets. Hfq and Crc can form higher order 
assemblies on all RNA targets tested here, acsA (A), amiE (B), rbsB (C), ptxS (D) and estA (E). For all RNAs tested, multiple Hfq 
molecules engage a single RNA molecule, both in the presence and absence of Crc. The table shows relative stoichiometries in 
the samples (RNA is at 200nM). Protein components were mixed first, after which the RNA was added. Green arrows highlight 
Hfq-RNA oligomers, * highlights the highest order complexes for the stoichiometry range tested.  
3.4.2 Cryo-EM analysis of the Hfq-Crc-amiE105 assembly 
The structures presented in section 3.2 contain only the amiE6ARN fragment of the amiE gene. Extrapolating from 
these structures, there are two possible scenarios for assembly. In one scenario, Hfq and Crc can trap two full amiE 
transcripts, by binding their respective ARN-triplet repeats. This would mean that two Hfq-amiE sub-assemblies 
have to come together in the cell to bind Crc. In a second scenario, however, a single amiE molecule threads 
through the complex and is presented by multiple Hfq molecules to several Crc protomers. For the latter, the Hfq 
hexamers in the assembly would accommodate one prefect ARN triplet repeat region (amiE6ARN) and additional 
shorter/degenerate ARN repeat regions in the amiE sequence. To elucidate how many Hfq, Crc and amiE 
molecules participate in a translation-repression assembly, cryo-EM grids were prepared of Hfq-Crc-amiE105. As 
described above, the RNA in these samples is a 105-residues long fragment of the amiE 5’ region, containing 
multiple putative yet degenerate ARN repeat regions on top of the perfect 6xARN repeat (Figure 11). When 
screening the cryo-EM grids, many different intermediate assemblies were observed and potential insights from 
these intermediates will be further discussed in section 3.4.4. Only the final assembly, which was relatively 
abundant when mixing Hfq, Crc and amiE105 at a molar ratio of 3Hfq:1amiE105:11Crc, will be presented in this 
section. 
 
In total, two Hfq-Crc-amiE105 cryo-EM datasets were combined, both collected on a Titan Krios (FEI) equipped with 




2.5 μm defocus is shown in Figure 13A. For both datasets motion correction, CTF estimation and automated 
particle picking were carried out in Warp (Tegunov & Cramer, 2019) and 2D/3D alignments were done with 
cryoSPARC (Punjani et al., 2017, Punjani et al., 2019). After several rounds of 2D and 3D classification a consensus 
map was generated containing clear density for three Hfq hexamers and four Crc proteins, together forming a 
compact assembly on amiE105 (Figure 13B and C). In other words, a single amiE105 is presented to Crc by three Hfq 
chaperones. In the assembly, the two outer Hfq hexamers have their distal side facing each other (Figure 13C, Hfq1 
and Hfq3), sandwiching the RNA substrate and the Crc proteins bound to it, similar to the structures described in 
section 3.2. The middle Hfq (Figure 13C, Hfq2) coordinates the RNA substrate via its distal side, proximal side and 
the rim side. In addition, an A-form hairpin RNA-fold is recognisable at the proximal side of the middle Hfq (Hfq2) 
(Figure 13C). After 3D refinement and global/local CTF refinements a map was reconstructed at 3.6 Å resolution 
(GS-FSC) with local resolution estimates ranging from 3.4 Å in the central map regions to 9 Å at the periphery of 
the cryo-EM density (Figure 14A and B). At these resolutions Hfq and Crc structures could be readily docked and 
refined and large stretches of the amiE105 sequence could be traced and built de novo (Figure 14C) (Table 1). A 
detailed description of the Hfq-Crc-amiE105 model will be given in section 3.4.3. 
 
Figure 13: Cryo-EM reconstruction of the Hfq-Crc-amiE105 assembly. (A) Representative image at 2.5 µm defocus, lowpass 
filtered to 20 Å. (B) Selection of 2D class averages. (C) Three Hfq hexamers and four Crc molecules engage amiE105 to form a 
translation-repression complex. The cryo-EM map is lowpass filtered to 7 Å for interpretability. 
Interestingly, when plotting the distribution of particle projections that contributed to the refined map, there is a 
noticeable difference in the orientation pattern for each of the two datasets (Figure 14D). The two datasets were 
collected from different cryo-EM grids, both coated with a layer of graphene oxide (GO) (see Materials and 
Methods section 5.5). For the first dataset (Figure 14D, top), the GO-coated grids were left at room temperature 
for 24 hrs before applying the Hfq-Crc-amiE105 sample. For the second dataset (Figure 14D, bottom), the GO-
coated grids were left for 48 hrs prior to sample application. For the latter grid it is clear that particle orientations 
are more diverse. Although more tests are required to confirm this observation, it is possible that a longer 
exposure of the GO-coated grids to the oxidative air introduces more variation in how the Hfq-Crc-amiE105 particles 
adhere to the graphene oxide monolayer.  
 
A second notable observation relates to the local resolution estimates of the cryo-EM map (Figure 14B). From 




significantly lower resolutions than the rest of the assembly. This observation hints towards conformational 
heterogeneity of the assembly, which will be further studied in section 3.4.2.1. 
 
Figure 14: Resolution estimates of the cryo-EM reconstructions and model fitting. (A) Global resolution estimates as calculated 
from independently reconstructed half maps via Fourier shell correlation (FSC). (B) Local resolution estimates were calculated in 
cryoSPARC (FSC0.5). Some of the Crc molecules have significantly lower resolution estimates than the rest of the assembly, which 
could point to conformational heterogeneity. (C) The model fits well into the cryo-EM density as depicted here for various 
regions, including interaction interfaces between (i) amiE105 and Hfq, (ii) Hfq beta strands and (iii) Crc alpha helices. (D) 
Projection distribution plots of the aligned particles from each of the two datasets collected on graphene oxide grids aged 24 
hours (upper panel) and 48 hours (lower panel), revealing a discrepancy in orientation diversity in the thin, vitreous ice.  
3.4.2.1 3D variability analysis and focused refinements 
To model potential conformational heterogeneity within the Hfq-Crc-amiE105 assembly, the aligned particle set was 
subjected to 3D variability analysis (3DVA) in cryoSPARC (Punjani & Fleet, 2020). During 3DVA the resolution was 
limited to 6 Å, i.e. only structural variability up to 6 Å was considered, and six modes of variability were solved. 
Two modes of molecular motion were readily interpretable (Figure 15). The first mode describes the complex 
relative motions of two rigid body halves of the Hfq-Crc-amiE105 assembly (Figure 15A and Figure 16, body 1 & 2). 
In particular, a first rigid body containing Hfq3-Crc2-Crc3-amiE105 follows a screwdriver-like trajectory as opposed 
to the second rigid body, comprising of Hfq1-Hfq2-Crc1-Crc4-amiE105 (Figure 15A). Interestingly, the amiE105 hairpin 
loop that binds the Hfq2 proximal side (Figure 14C, hairpin1) appears to alternate interactions with the proximal 
side of two neighbouring Hfq protomers in the hexameric ring (Figure 15A inset i, and C). The second mode of 




(Figure 15B and C, hairpin2). The extensive conformational heterogeneity of this second hairpin loop rendered its 
cryo-EM density in the averaged consensus map uninterpretable (Figure 13C). The molecular motions captured in 





Figure 15: 3D variability analysis of the Hfq-Crc-amiE105 particles. (A) The first mode of variability captures a complex ‘screwdriver-like’ motion within the Hfq-Crc-amiE105 assembly, as highlighted 
by black arrows for the front, back and bottom views. Notably, the amiE105 hairpin (hairpin1) appears to alternate interactions with two protomers of the Hfq2 hexamer (inset i). Molecular motions 
are depicted by overlayed grey and red maps, corresponding to the first and last frame of the encoded variability, respectively. (B) The second mode of variability captures the extensive ‘rocking’ 




Based on the first mode of molecular motion within the Hfq-Crc-amiE105 complex, the assembly was split in two 
rigid bodies for masked local refinements in cryoSPARC (Figure 16). This local refinement approach resulted in 
better resolved cryo-EM maps at 3.5 Å (body 1) and 3.4 Å (body 2) with significant improvements in the Crc-
regions. Unfortunately, the map regions for the two amiE105 hairpins did not improve, most likely due to significant 
residual conformational heterogeneity.  
 
Figure 16: Rigid body definition and masked local refinements of the Hfq-Crc-amiE105 assembly. Soft masks were generated to 
define two rigid bodies based on 3D variability analyses of the Hfq-Crc-amiE105 particles (Figure 15, mode 1). Subsequent masked 
local refinements of both rigid bodies in cryoSPARC resulted in better resolved Hfq and Crc densities, with global resolutions 
increasing to 3.5 Å and 3.4 Å for bodies 1 and 2, respectively (GS-FSC). 
3.4.3 Architectural principles of the Hfq-Crc-amiE105 assembly 
The Hfq-Crc-amiE6ARN cryo-EM structures that were solved in section 3.2 and published in Pei et al. (2019) provided 
many insights into how Hfq presents ARN-repeats to Crc but are limited by the short length of the amiE6ARN 
construct. In Pei et al., a model for a Hfq-Crc assembly on the full amiE transcript was proposed based on the Hfq-
Crc-amiE6ARN cryo-EM structures and a schematic comparison between the proposed and experimental Hfq-Crc 
assemblies is presented in Figure 17B. In the predicted model the full length amiE was thought to thread from one 
Hfq distal side through a basic half-channel formed by the central Crc dimer to fold into a second Brennan crown 
on the second Hfq distal side (Figure 17B, schematic on the right). The experimental Hfq-Crc-amiE105 structure 
solved in this section shows that the predicted model was relatively accurate (Figure 17B, schematic on the left). 
amiE105 is also sandwiched between two Hfq distal sides, and the target RNA threads from one distal side (Hfq3) to 
the other (Hfq1), forming Brennan crown-like folds on both. However, four Crc partners are stacked in the amiE105 
complex, and a third Hfq molecule (Hfq2) is wrapped in the centre of the assembly (Figure 17A and B, schematic on 
the left). In the next sections, architectural principles of the Hfq-Crc-amiE105 translation-repression assembly will be 
discussed, including RNA recognition and presentation by Hfq (section 3.4.3.1), RNA-Hfq binding by Crc (section 





Figure 17: Schematic overview of Hfq-Crc-amiE105 architecture. (A) Colour coded map (left) and model (right) for the Hfq-Crc-
amiE105 translation-repression complex. Three Hfq chaperones present amiE105 to four Crc molecules, forming a compact 
translation-repression assembly. amiE105 interacts with all three Hfq-distal sides, and with the rim and proximal side of Hfq2. (B) 
Comparison between simplified schematics of the experimental Hfq-Crc-amiE105 model (left) and the predicted model based on 
the cryo-EM studies in the first half of this chapter (right, Pei et al., 2019).  
3.4.3.1 amiE105 recognition and presentation by Hfq 
It is challenging to align the sequence of the amiE105 target in the model due to conformational heterogeneity of 
the Hfq-Crc-amiE105 assembly. However, the findings from section 3.2 combined with the sub-3.5 Å local resolution 
of the Hfq distal sides, the known ARN-rules and the predicted amiE105 secondary structure (mfold, Zuker, 2003) 
allowed for confident mapping of fragments of the amiE sequence. The amiE6ARN motif at the 5’-end of amiE105 is 




the last ARN-repeat of this Brennan fold, the A-site is skipped, as shown by a lack cryo-EM density for an A-site 
base (Figure 18A and B, highlighted with *). The latter is the first example of a ‘skipping’-violation of the ARN-rule 
of RNA binding on the Hfq distal side (Link et al., 2009). Downstream of the amiE6ARN region the RNA forms a short 
hairpin-loop which interacts with the proximal side of the central Hfq2 ring (Figure 18A and B, hairpin1), which will 
be further discussed in the next paragraph. The amiE105 then threads further over the Hfq2 rim to fold into a nearly 
complete Brennan crown fold on the Hfq1 distal side (Figure 18A, Hfq1). From the Hfq1 distal side amiE105 
transitions continuously into a third Brennan crown fold on the Hfq2 distal side. Here amiE105 lifts off to form a 
second, mobile hairpin-loop structure (Figure 18A and B, hairpin2, Figure 15B), which folds back to occupy a final 
ARN-pocket on the same Hfq2 distal side. In the latter two Brennan folds, a series of ‘mismatch’-violations of the 
ARN-rule are observed. Such ‘mismatch’-violations are reasonably mild as they mainly manifest in pyrimidine bases 
occupying A- or R-sites on the Hfq distal side (Figure 18, bottom sequence, light blue letters). These observations 
indicate that in an integrated assembly like the Hfq-Crc-amiE105 complex more degenerate ARN-repeat motifs can 
be recognised and presented. Overall, the proposed amiE105 structure fits the predicted secondary structure 
reasonably well, with sensible annotations for ARN-motifs and hairpin-loop structures (Figure 18B). 
 
Figure 18: amiE105 recognition and presentation by Hfq. (A) amiE105 is presented by three Hfq hexamers and adopts complete or 
partial Brennan crown folds on each distal side. The proximal side of Hfq2 coordinates an amiE105 hairpin- loop structure 
(hairpin1). A second hairpin-loop forms at the 3’ end of amiE105 on the Hfq2 distal side (hairpin2). (B)  Annotated secondary 
structure prediction of amiE105 (mfold; Zuker, 2003). Coloured dots indicate which Hfq distal side presents the ARN-rich motif in 
the Hfq-Crc-amiE105 model. An annotated sequence is depicted at the bottom of the Figure. Sequences that were modelled in the 
cryo-EM map are underlined in red and the Hfq distal sides they bind to are labelled in green. Occupied A-, R- or N- sites are 
annotated in grey above each modelled sequence. * refers to an A-site ‘skipping’-violation and light blue letters refer to 
‘mismatch’-violations of the ARN-rule and are explained in the main text. The ranges for hairpin1 and hairpin2 are arbitrary due 




Notably, Hfq1 and Hfq2 share an amiE105 stretch between their distal sides (Figure 18B and Figure 19A). In this 
transition region the amiE105 sequence deviates from the ARN-repeat motif, as the nucleobases alternately occupy 
A- and R-pockets on the Hfq1 and Hfq2 distal sides (Figure 19A). In other words, N-site bases relative to one Hfq 
distal side occupy R- or A-pockets on the other Hfq distal side and vice versa. This observation points toward a 
novel function of N-site bases in ARN-rich motifs, where they could help drive formation of effective higher order 
assemblies by closely connecting and organising different Hfq chaperones on an RNA target. 
 
The Hfq-Crc- amiE105 structure also confirms a recognition mode of the Hfq-proximal side that was recently 
discovered by the Brennan group (Orans et al., 2020). Here, Orans et al. solved a crystal structure (pdbID 5UK7) of 
a B-DNA duplex bound to the Hfq distal side (Figure 19C) and postulated that dsRNA stems could be recognised in 
a similar way in riboregulatory assemblies. In the Hfq-Crc translation-repression assembly presented here, a 
strikingly similar interaction is observed for an A-form hairpin-loop (hairpin 1) in the target RNA, confirming the 
hypothesis by Orans et al. (Figure 19B and C). The amiE105 hairpin loop spans the Hfq hexamer and passes over the 
uridine-binding proximal-face pore. The local resolution in the cryo-EM map does not allow to accurately model 
Hfq sidechains involved in these interactions, except for Lys5 on the N-terminal tail of one Hfq protomer. The latter 
coordinates the phosphate backbone of the amiE105 hairpin loop in a sequence-independent manner (Figure 19B). 
This is the first time dsRNA recognition and binding by the Hfq proximal side has been visualized in a biologically 
relevant assembly.  
 
Figure 19: Brennan crown-sharing between Hfq distal sides and A-form RNA recognition by the Hfq proximal side. (A) amiE105 
threads from the Hfq1 distal side to the Hfq2 distal, alternating A/R-sites between the two distal faces. (B) The Hfq proximal side 
binds an A-form RNA hairpin in the amiE105 RNA molecule. The cryo-EM density in this region is weak due to conformational 
heterogeneity and no sidechain or base densities could be resolved, except for Lys5 on the N-terminal tail of a Hfq protomer. In 




was recently proposed by Orans et al. (2020), who solved a crystal structure of Hfq in complex with B-DNA. Here too Lys5 
appears to help coordinate the phosphate backbone.  
3.4.3.2 Crc utilizes a preferred RNA binding mode in the amiE105 complex 
Hfq1 and Hfq3 each present amiE105 to two Crc molecules, forming identical Hfq-Crc-Crc core units (Figure 20A and 
B). Interestingly, each Crc partner molecule in the assembly interacts with the presented Brennan folds via the 
same interface. In particular, the Crc-amiE105 interaction mode is identical to that of Crc3 and Crc4 of the amiE6ARN 
structures presented in section 3.2.3 (RNA binding mode 1). A detailed depiction of this Crc-binding can be found 
in Figure 9A. This preferred Crc-amiE interaction is in good agreement with the in vivo reporter assays discussed in 
section 3.2.4 (Figure 8B, R140E mutant and Figure 9A). An additional polar contact is made between a His131 of 
Crc1, located on a signature alpha helix, and U57 of amiE105 (Figure 20C).  
 
Figure 20: Crc utilises a single binding mode to interact with the presented Brennan crown folds. (A) At the basis of the Hfq-
Crc-amiE105 assembly are two Hfq-Crc-Crc core units that interconnect to form a higher order assembly. (B) Model of the Hfq-
Crc-Crc core unit. The Crc binding mode is identical to that of Crc3 and Crc4 in Figure 9A. (C) An additional polar contact is 
formed between Crc1 (H131) and amiE105 (U57). Density for U57 does not allow for accurate nucleobase modelling and the 
depicted orientation is putative. 
3.4.3.3 Permissive Crc dimerization interfaces help drive higher order assembly  
Crc is monomeric in solution (Milojevic et al., 2013), yet in the assemblies that have been described so far Crc 
appears to self-interact and form homodimers. In the Hfq-Crc-amiE105 translation-repression complex Crc forms 
two distinct dimers upon engaging the presented RNA substrate (Figure 21A). These dimers not only differ in their 
dimerization interface but also have significantly different relative orientations of the Crc molecules (Figure 21B, 




Crc-amiE6ARN assemblies, which are described in section 3.2.4 (Figure 21B, 2:2:2 and 2:4:2 dimers). Dimer interface 
2 in Figure 22 is in good agreement with the in vivo reporter assays described in section 3.2.5 (Figure 9B, E193R 
mutant), which further confirms the in vivo relevance of the Hfq-Crc-amiE105 model. These observations indicate 
that Crc dimerization is promiscuous and can be constituted over different permissive dimerization interfaces, but 
only under conditions where Crc is preorganised.  
 
Figure 21: Crc dimers in the Hfq-Crc-amiE105 assembly. (A) Two different Crc dimer interfaces are observed in the Hfq-Crc-
amiE105 assembly (highlighted with yellow circles 1 and 2). (B) Comparison between Crc dimers 1, 2 and the two dimers 
described in Figure 9C (section 3.2 and Pei et al., 2019). For comparison, each dimer is depicted relative to a reference Crc, Crcf, 
which is fixed in space for all four dimers. It is apparent that Crc can form several homodimers via different permissive 
dimerization interfaces to drive higher order assembly formation. 
3.4.4 Intermediate complexes hint towards a defined and cooperative assembly pathway 
It is clear that the first step in assembly of the amiE translation-repression complex is the recognition and 
presentation of the RNA target by Hfq. As mentioned in section 3.4.2, many different assemblies were observed 
during grid screening. Although unexpected, these intermediate assemblies could help answer a key question: do 
all three Hfq molecules have to cooperatively present the mRNA target to Crc for the translation-inhibition 
assembly to form? In this scenario Hfq must ‘saturate’ the nascent RNA during transcription, after which Crc can 
bind the Hfq-RNA intermediate to prevent translation, much like a two-step process. Alternatively, Crc could bind 
ARN-rich regions of the nascent transcript as they are presented ‘on the fly’ by Hfq (Figure 30). To answer this 
question cryo-EM samples were prepared at three different molar ratios of Hfq and Crc. The samples had a fixed 
molar ratio for Hfq and amiE105, i.e. two Hfq molecules per amiE, and varied only in the concentration of Crc 
molecules. Although three Hfq molecules are expected to bind amiE105, working at sub-stoichiometric Hfq 
concentrations allowed for lower order intermediates to be studied (Figure 22). For each of the three samples a 
dataset was collected on a 300 kV Titan Krios (FEI) equipped with a K3 detector (Gatan) (BioCem, Department of 
Biochemistry, University of Cambridge). Motion correction of the movie frames, CTF estimation/correction and 
particle picking were performed in Warp (Tegunov & Cramer, 2019) and 2D/3D alignments and averaging were 





Careful 2D classification analyses of the three different cryo-EM datasets revealed a wide range of lower order 
intermediate assemblies. In Figure 22, these intermediates are sorted in a visual 2D table according to the input 
sample (rows) and the observed complexity (columns). Due to preferred orientation of the particles in the vitreous 
ice and conformational heterogeneity, 3D reconstructions were not always possible. However, prior structural 
knowledge of the sample components allowed for accurate annotation of the 2D class averages. The lowest order 
intermediate observed on the grids consists of a single Hfq hexamer and occurred in all three samples (Figure 22, 
tiles 1, 6 & 11). At low molar ratios of Crc in the sample (one or four Crc molecules per amiE105), two other Crc-less 
assemblies are observed, where two (Figure 22, tiles 2 & 7) or three (Figure 22, tiles 3 & 8) Hfq molecules can 
assemble on the amiE105 target. All three samples also contained an assembly intermediate where a single Crc 
molecule and two Hfq chaperones assemble on amiE105 (Figure 22, tiles 4, 9 & 12).  
 
When a 11-fold excess of Crc was added to the sample (Figure 22, bottom row), the most abundant class contained 
two Crc molecules bound to a single Hfq-amiE105 intermediate (Figure 22, tile 13). 3D reconstructions of this 
intermediate resulted in a 3.2Å cryo-EM map (GS-FSC), revealing a Hfq-Crc-Crc core unit of the translation-
repression assembly, as described in section 3.4.3.2 (Figure 23, left inset and Figure 20B). In addition, the RNA 
density at the Hfq distal side corresponds to the 5ʹ amiE6ARN motif. It is therefore likely that this lower order 
intermediate serves as an initial scaffold for further co-transcriptional assembly of a full translation-repression 
complex in the cell. Indeed, a different subset of particles corresponds to what is likely to be the next intermediate 
in the assembly process, as revealed by a 3.9 Å reconstruction (Figure 23, middle inset). In this sub-assembly two 
Hfq chaperones present amiE105 to three Crc molecules. Lastly, 2% of the particles correspond to the final 






Figure 22: Gallery of Hfq-Crc intermediates. The first column contains the molar ratios of the protein and RNA components in the cryo-EM sample. The top two rows describe the observations 
after extensive 2D/3D classification rounds. The boxes with a * correspond to assemblies for which a high-resolution 3D reconstruction was generated. For each class, the number of 




Taken together, these observations reveal a probable cooperative assembly pathway of the Hfq-Crc complex as it 
would form on a nascent amiE transcript in the cell. It should be noted that the intermediates depicted in Figure 23 
only form at higher concentrations of Crc. Interestingly, a scenario where three Hfq molecules together present 
the whole amiE105 transcript, prior to Crc binding, is possible as well. This is evidenced by the formation of such 
intermediates at low molar ratios of Crc (Figure 22, tiles 3 and 8). Therefore, alternative assembly pathways cannot 
be ruled out and are not necessarily mutually exclusive in the cell. It is plausible that the overall Hfq-Crc-amiE 
assembly process corresponds to an assembly funnel with multiple possible trajectories to the full translation-
repression assembly. 
 
Figure 23: A cooperative assembly pathway for Hfq-Crc assemblies on amiE. The amiE6ARN region is bound by the Hfq distal side 
and presented as a Brennan crown. Subsequently, two Crc molecules recognise and engage the Hfq-RNA complex (left). An 
additional Hfq and Crc can then bind to form a higher order intermediate (middle). In a final step, a third Hfq engages the 
intermediate assembly, together with a fourth Crc molecule (right), to fully mask the amiE 5ʹ-end from ribosomes in the cell. All 





3.4.5 Cryo-EM analysis of the Hfq-Crc-rbsB110 assembly 
There are three architectural principles that can be postulated from the Hfq-Crc-amiE105 model described in 
sections 3.4.2 and 3.4.3. Firstly, sequence specific RNA target binding is ensured by the Hfq distal side, which 
prefers ARN-rich motifs. Secondly, the Hfq proximal side can recognise and interact with secondary structure 
elements in the target RNA fold, such as hairpin loops. Both these features are likely to determine the number of 
Hfq chaperones involved in a given translation-repression assembly and its quaternary structure. Thirdly, Crc can 
drive assembly of translation-repression complexes on a diverse pool of mRNA targets via its many permissive 
dimerization interfaces. To test the universality of the principles, cryo-EM studies were carried out on the Hfq-Crc-
rbsB110 assembly. As discussed in section 3.4.1, rbsB encodes a putative ribose transporter and was found to be 
one of the more than 100 mRNA targets that are co-regulated by Hfq and Crc (Kambara et al., 2018).  
 
Cryo-EM samples were prepared at an optimised molar ratio of 7Hfq-1rbsB110-22Crc and applied to Quantifoil grids 
coated with a graphene oxide monolayer (Materials and Methods sections 5.4 and 5.5). Preliminary datasets 
indicated that the particles suffered from preferred orientations in the vitreous ice. Therefore, a dataset was 
collected at 35° stage-tilt to avoid anisotropic 3D reconstructions (Tan et al., 2017) (Titan Krios, FEI, K3 detector, 
Gatan, BioCem, Department of Biochemistry, University of Cambridge). Motion correction of the movie frames, 
CTF estimation/correction and particle picking were carried out in Warp (Tegunov & Cramer, 2019), 2D/3D 
alignments and averaging were carried out in cryoSPARC (Punjani et al., 2017, Punjani et al., 2019). A 
representative cryo-EM image at 2.5 µm defocus is depicted in Figure 24A. Several rounds of 2D classification 
resulted in clean 2D class averages with interpretable secondary structure elements (Figure 24B). 3D 
reconstructions from a clean particle set reveal a compact assembly where rbsB is presented by two Hfq hexamers 
to three Crc molecules (Figure 24C and E). Interestingly, diffuse additional density for a third Hfq hexamer engaging 
the assembly with its proximal side can be observed at low thresholds (Figure 24D, Hfq3). Conformational 





Figure 24: Cryo-EM reconstruction of the Hfq-Crc-rbsB110 assembly. (A) Representative image at 2.5 µm defocus, lowpass 
filtered to 20 Å. (B) Selection of 2D class averages. (C) At first sight, two Hfq hexamers and three Crc molecules assemble onto 
rbsB110 to form a translation-repression complex. (D) At low density thresholds a third Hfq hexamer can be docked in the density 
(Hfq3), engaging the presented rbsB110 RNA with its proximal side. The map and model in (D) are clipped along the z-axis for 
interpretability. The maps in (C) and (D) were filtered with LAFTER for interpretability (Ramlaul et al., 2020). (D) A 3D denoised, 
colour coded map of the Hfq-Crc-rbsB110 assembly. 3D denoising was done with a Noise2Noise based algorithm as part of the 
Warp package (Lehtinen et al., 2018; Tegunov & Cramer, 2019). 
After 3D refinement and global/local CTF refinements a 3.8 Å (GS-FSC) consensus map was reconstructed (Figure 
25A) with local resolution estimates ranging from 3.2 Å in the central map regions to 7.7 Å at the periphery (Figure 
25C). The aligned particle orientations as plotted by cryoSPARC have the expected ring-like distribution that is 
typical for data collections with a tilted stage. At these resolutions Hfq and Crc structures could be readily docked 
and refined and large stretches of RNA could be traced and built de novo (Figure 25D). A comprehensive 





Figure 25: Resolution estimates of the Hfq-Crc-rbsB110 cryo-EM reconstructions and model fitting. (A) Global resolution 
estimates as calculated from independently reconstructed half maps via Fourier shell correlation (FSC). (B) 2D presentation of 
the particle orientation distribution as generated in cryoSPARC. (C) Local resolution estimates were calculated in cryoSPARC 
(FSC0.5) and range from 3.2 Å to 7.7 Å. (D) The model fits well into the cryo-EM density as depicted here for various regions, 
including Hfq beta strands (i), interaction interfaces between rbsB110 and Hfq (ii and iii ), and Crc alpha helices (iv). The map used 
for panel D was a 3D-denoised version of the refined map at 3.8 Å (Lehtinen et al., 2018; Tegunov & Cramer, 2019). 
3.4.5.1 3D variability analysis of the Hfq-Crc-rbsB110 particles 
Although local resolution estimates show that the majority of the refined map is resolved at sub-3.5 Å resolution, 
the global resolution estimate is considerably lower, at 3.8 Å. In particular, the cryo-EM density for Hfq3 is very 
weak (not shown in Figure 25). To assess whether these observations are due to conformational heterogeneity 
within the assembly, 3D variability analyses (3DVA) were carried out on the aligned Hfq-Crc-rbsB110 particles in 
cryoSPARC (Punjani & Fleet, 2020). Only structural variability up to 6 Å was considered during 3DVA, and six modes 
of molecular motion were solved. Two modes of molecular motion were readily interpretable (Figure 26). The first 
mode of variability captured subtle ‘rocking’-like molecular motions by Crc1 and Crc2 (Figure 26A). In addition, a 
large ‘rolling’ motion of Hfq3 was encoded in the first mode of variability as well (Figure 26B), which is likely to be 
the cause for the corresponding diffuse cryo-EM density in the refined maps. Lastly, the second mode of variability 
reveals an extensive rocking motion of a hairpin-loop bound to the Hfq2 proximal side (Figure 24C and Figure 26C 




rbsB110 complex and explains why some components of the assembly are poorly resolved in the averaged 
reconstructions. 
 
Figure 26: 3D variability analysis of the Hfq-Crc-rbsB110 particles.(A) The first mode of variability captures a subtle rocking 
motion in- and out- of plane by the Crc1 and Crc2 molecules in the assembly, as highlighted by black arrows. Molecular motions 
are depicted by overlayed grey and red maps on the left, corresponding to the first and last frames of the encoded variability, 
respectively. On the right, the motions are annotated on the model. (B) The first mode of variability also captures the large 
rolling motion of Hfq3, explaining why the corresponding density in the refined consensus maps is diffuse. (C) The second mode 
of variability captures the extensive ‘rocking’ motion of a rbsB hairpin coordinated by the Hfq2 proximal side. All maps are 




3.4.6 Architectural principles of the Hfq-Crc-rbsB110 assembly 
From the results described in section 3.4.5 it is clear that the quaternary structure of the rbsB110 translation-
repression assembly is significantly different from the amiE105 translation-repression assembly. In this section a 
detailed overview of the Hfq-Crc-rbsB110 translation-repression complex is presented, including rbsB recognition 
and presentation by Hfq (section 3.4.6.1) and Crc dimerization (section 3.4.6.2). 
3.4.6.1 rbsB110 recognition and presentation by Hfq 
As shown in section 3.4.5.1 the Hfq-Crc-rbsB110 translation-repression assembly is conformationally 
heterogeneous, resulting in poorly resolved regions of the map. In addition, the backbone for only 60 nucleotides 
out of 110 could be traced in the cryo-EM density. The cryo-EM density for the rbsB segments bound to the Hfq1 
and Hfq2 distal sides, however, was resolved at sub-3.5 Å resolution. Together with the ARN-rule for RNA binding 
to the Hfq distal side and a secondary structure prediction of rbsB110, putative sequence fragments could be 
aligned in the cryo-EM model (Figure 27). A nearly complete ARN-triplet repeat motif was modelled into the cryo-
EM density on the Hfq2 distal side. Only one ‘mismatch’-violation of the ARN-rule (Link et al., 2009) was observed 
where the A-pocket is occupied by a pyrimidine nucleobase rather than adenine (Figure 27, Hfq2-binding segment 
in bottom sequence). The Hfq1 distal side, on the other hand, coordinates two short A-rich rbsB fragments, which 
were mapped upstream and downstream of the longer ARN-motif (Figure 27). These two annotations are a good 
match between the cryo-EM map and the rbsB sequence, with only one observed ‘mismatch’-violation of the ARN-
rule where a pyrimidine base occupies an R-pocket (Figure 27, bottom sequence, Hfq1a and Hfq1b segments). In 
addition, the cryo-EM density shows that an A-pocket is skipped on the Hfq1 distal side (Figure 27, highlighted with 
*), in good agreement with the mapped rbsB fragment. Mapping short ARN-motifs, however, is not unambiguous 





Figure 27: rbsB110 recognition and presentation by Hfq. (A) rbsB110 is presented by two Hfq hexamers and adopts complete or 
partial Brennan crown folds on each distal side. The distal side of Hfq2 binds a nearly perfect and complete ARN-motif in the 
rbsB sequence. The Hfq1 distal side coordinates two putative, distant short A-rich motifs in the rbsB sequence (annotated with a 
and b) (B) Annotated secondary structure prediction of rbsB110 (mfold; Zuker, 2003). Coloured dots indicate which Hfq distal side 
presents the ARN-rich motif in the Hfq-Crc-rbsB110 model. An annotated sequence is depicted at the bottom of the figure. 
Sequences that were modelled in the cryo-EM map are underlined in red and the Hfq distal sides they bind to are annotated in 
green. Occupied A-, R- or N- sites are annotated in grey above each modelled sequence. * refers to an A-site ‘skipping’-violation 
and light blue letters refer to ‘mismatch’-violations of the ARN-rule and are explained in the main text. The proposed hairpin1 
range at the 3’ end is arbitrary due to the limited local resolution in the corresponding map region. Hfq3 is not depicted in panel 
A for interpretability. 
Interestingly, two secondary structure elements could be observed in the rbsB110 cryo-EM density. At the 3ʹ-end of 
the modelled rbsB110 backbone, a short fragment of A-form RNA could be modelled in the density, likely 
corresponding to the stem of a small hairpin-loop (Figure 28A, Figure 27B, annotated as hairpin1). Due to 
significant molecular motion of this short hairpin loop the local resolution of the corresponding reconstruction is 
low (Figure 26C). As for the Hfq-Crc-amiE105 model, this hairpin-loop is likely to be coordinated by the Hfq N-
termini on the Hfq2 proximal side, although these interactions could not be modelled. Strikingly, the cryo-EM 
density that would correspond to the loop of the hairpin structure is in close proximity to the N- and C-termini of a 
neighbouring Hfq1 protomer. Although not resolved in the cryo-EM map, it is likely that basic residues such as 
Arg19 and Arg66 on these termini help coordinate the hairpin-loop (Figure 28A).  
 
A second structured element in the cryo-EM reconstruction is a sheet-like RNA duplex at the very centre of the 




adopt an A-form fold. The quaternary structure of the Hfq-Crc-rbsB110 complex suggests that the Hfq2 rim and 
Hfq3 proximal side could help coordinate this RNA duplex. However, no candidate basic surface patches were 
observed in close enough proximity to the RNA duplex, either for Hfq2 or Hfq3 in the assembly (Figure 28B). The 
rolling motion observed for Hfq3 in the rbsB110 complex (Figure 26B) indicates that putative interactions between 
the RNA duplex and the Hfq3 proximal side could be transient.  
 
So far, the Hfq distal side has been found to present ARN-rich regions to Crc partner-molecules in the translation-
repression assemblies studied here. However, in the Hfq-Crc-rbsB110 complex, a short RNRN-motif is presented by 
the Hfq1 distal side to the Hfq2 proximal side (Figure 28B and C, Figure 27, Hfq1b segment in bottom sequence). In 
particular, basic residues on the Hfq2 N-terminal alpha-helix form hydrogen bonds with phosphate groups in the 
rbsB110 backbone (Lys17 and Arg19). In addition, the exposed cytosine base (C84) forms a hydrogen bond with the 
Hfq2 Arg16 carboxyl group and is stacked between Hfq2 Arg16 and Arg19 (Figure 28C). This interaction between 
the Hfq proximal side and an RNA substrate has been observed previously in a crystal structure of E. coli Hfq and 
the sRNA RydC (pdbID 4V2S). Here too, basic residues on the N-terminal alpha helix of a Hfq protomer form 
hydrogen bonds with the RydC backbone (Dimastrogiovanni et al., 2014). Intuitively, this ‘out of the box’ 
presentation of an ARN-motif to a Hfq proximal side could help drive higher-order assembly formation by bringing 
together the Hfq1 and Hfq2 components. 
 
Figure 28: Overview of rbsB110 secondary structures and RNA binding on the Hfq distal side. As a reference structure the Hfq-
rbsB110 sub-assembly is shown, without bound Crc molecules. (A) Density for a short hairpin-loop was observed at the Hfq2 




Electrostatic presentation of the Hfq surfaces surrounding the rbsB110 duplex. Although the overall environment is basic, there 
are no obvious basic patches on the Hfq2 rim or Hfq3 proximal side that are close to the central RNA duplex. The cryo-EM map 
for the rbsB110 duplex is presented as a grey mesh. (C) The Hfq1 distal side presents the rbsB RNA to Arg16, Lys17 and Arg19 of 
an N-terminal alpha-helix on the Hfq2 proximal side. These basic residues form hydrogen bonds with the rbsB110 phosphate 
backbone. Surface charges were calculated with the APBS plugin in PYMOL. The map in panel A was filtered with LAFTER 
(Ramlaul et al., 2020). 
3.4.6.2 Permissive Crc dimerization interfaces help drive higher order assembly 
As mentioned above, the quaternary structure of the Hfq-Crc-rbsB110 complex is significantly different from the 
Hfq-Crc-amiE105 assembly. However, both translation-repression complexes share common architectural features. 
Crc binds the presented target RNA via the same preferred binding mode in both assemblies. As such, one Hfq-Crc-
Crc core unit is formed in the rbsB110 assembly, identical to the core units in the Hfq-Crc-amiE105 complex (Figure 
29A and Figure 20B). In addition, only one Crc dimer is formed in the rbsB110 assembly, between Crc1 and Crc2 
(Figure 29B). These Crc molecules utilise a different dimer interface from the two dimer interfaces observed in the 
amiE105 complex. In the rbsB110 complex the Crc dimer is asymmetric, where each Crc protomer uses a different 
binding surface (Figure 29C, dimer 3). So far three different Crc dimers have been observed in the translation-
repression complexes described in section 3.4 (Figure 29C). 
 
Figure 29: A conserved Hfq-Crc-Crc core unit and a novel Crc dimerization interface. (A) A Hfq-Crc-Crc core unit forms the basis 
for the Hfq-Crc-rbsB110 complex, i.e. Crc2 and Crc3 use the same preferred RNA binding mode to engage the presented Brennan 




the same binding mode. (B) A single Crc dimer is observed in the rbsB110 translation-repression assembly, formed between Crc1 
and Crc2. (C) Overview of the Crc dimers observed so far in translation-repression assemblies. Crc dimers 1 and 2 were observed 
in the amiE105 assembly and are symmetric dimers (left and middle). Crc dimer 3 is observed in the rbsB110 complex and uses a 
different dimer interface. Moreover, Crc dimer 3 is an asymmetric dimer, using different patches on each of both molecules, in a 
stacking-like fashion (right). For comparison, each dimer is depicted relative to a reference Crc, annotated as Crcf, which is fixed 
in space for all three dimers. Hfq3 is not depicted in panels A and B for interpretability. 
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Although functional studies have elucidated the cooperation of global post-transcriptional regulators such as Hfq 
and Crc to coordinate the fate of transcripts, there has been a lack of high-resolution structural data that further 
explores these orchestrated cellular processes. This chapter fills that gap by describing for the first time how a 
global and conserved RNA chaperone (Hfq) presents the wide translation initiation region of mRNA targets to an 
effector molecule (Crc) to govern direct translational repression in the form of diverse higher order, 
multicomponent assemblies. As such, Hfq and Crc constitute a highly cooperative molecular switch via which 
Pseudomonas can rapidly adapt to changing environments, adding to its well-known intrinsic robustness as a 
pathogenic superbug.  
4.1 Origins and purpose of the Brennan crown in the Hfq-Crc-amiE complex 
Both Hfq and Crc are known for controlling the translation of mRNAs subject to in CCR (Sonnleitner and Bläsi, 
2014; Moreno et al., 2015; Kambara et al., 2018). The primary focus of this chapter has been the structural 
reconnaissance of the translational repression of the mRNA amiE, encoding aliphatic amidase. The primary target 
sequence in amiE is the RNA translation initiation site, an A-rich fragment at its 5’-end. Upon binding, the RNA 
translation initiation site occupies almost entirely the distal side of the Hfq and the similarities with the crystal 
structure of a poly-A18 fragment in complex with E. coli Hfq are striking (Link et al., 2009) (Figure 7A and B). The 
latter added greatly to understanding how RNAs bind to RNA chaperones like Hfq and revealed the stringent rules 
for recognition of A-R-N type motifs by the Hfq distal side in E. coli (A is adenine, R is a purine, and N is any base). 
Schulz et al. proposed that the exposed bases (at the Entry/Exit site, ‘N’ in the A-R-N motif) could mediate RNA to 
RNA interactions (Schulz et al., 2017). The structures in this chapter, however, show how the exposed bases and 
RNA backbone are presented for recognition by Crc to form a cooperative assembly that mediates translational 
repression of amiE when the preferred carbon source is available. Interestingly, A-R-N recognition by the Hfq distal 
side is not supported in Gram-positive bacteria such as Staphylococcus aureus and Bacillus subtilis (Horstmann et 
al., 2012) (Figure 7C). However, this does not mean that Gram-positive bacteria don’t exploit translational control 
mechanisms similar to that of Pseudomonas Hfq-Crc assemblies. Instead, the recognition of target RNAs by Hfq is 
likely to be governed by different rules and partner proteins in these organisms. 
 
The first event in Hfq-Crc mediated regulation is the recognition of ARN-rich regions in the target RNA by Hfq 
(Figure 30). It seems puzzling that Hfq can combine a low nanomolar affinity for target RNAs with a 
disproportionally high RNA binding turnover in the cell and a correspondingly fast cellular response (Fender, 2010). 
The KD values measured in vitro are in the sub-nanomolar range, which would indicate binding half-lives of well 
over 1 hour. In contrast, the cellular responses facilitated by Hfq are on a timescale of 1-2 minutes, suggesting that 
nascent RNAs are rapidly cycled through the cellular Hfq pool (Fender et al., 2010; Wagner, 2013; Santiago-Frangos 
& Woodson; 2018). To reconcile these two observations, it has been suggested that RNA bound by Hfq can be 
displaced by competitors from the cellular RNA pool in a stepwise process which was coined as active cycling 




Hfq distal side works is provided by Molecular Dynamics (MD) simulations. In particular, MD simulations of the 
Brennan crown fold of amiE6ARN reveal a ‘dynamic recognition’ mechanism whereby the A-site bases can flip back 
and forth between syn- and anti-conformations, without change of interactions in the A-site pocket (Figure 10). 
The rapid transitions between these two conformations likely expose the binding pockets to other, competing 
RNAs, which can swiftly replace a candidate RNA. Interestingly, binding of Crc strongly attenuates the syn-/anti 
flipping behaviour in the simulations, thereby stabilising the interface by prolonging the Hfq-RNA interaction. 
 
Taken together, the molecular dynamics simulations provide insights into the active cycling mechanisms utilised by 
the Hfq distal side in the earliest stages of Hfq-Crc assembly formation by describing a dynamic interface for RNA 
binding. Future NMR experiments on short ARN-triplet repeat regions bound to Hfq would test the predictions of 
the MD simulations for a mixed population of syn/anti-conformations for the A-site nucleobases. Lastly, as the MD 
simulation studies only involved RNA bound to the distal side of Hfq, the ‘dynamic recognition’ mechanism alone 
may not be the ultimate answer to the in vivo affinity-response discrepancy. 
4.2 ‘On the fly’ assembly of Hfq-Crc-RNA complexes  
The question that remained after obtaining these initial Hfq-Crc-amiE6ARN structures (Pei et al., 2019) was how Hfq 
and Crc assemble on the whole 5ʹ-end of the amiE transcript to form a translation-repression complex. In this 
context it should be noted that several mRNA targets that are directly repressed by Hfq and Crc, including amiE, 
contain multiple putative Hfq binding motifs upstream and downstream of the start codon (Sonnleitner et al., 
2018) (Figure 11). 
 
Mobility shift assays with longer 5ʹ fragments of amiE and other mRNA targets predicted to form translation-
repression complexes illustrate how higher order assembly formation depends on the molar ratios of the 
components (Figure 12). A broad cryo-EM analysis presented in Figure 22 shows what some of the lower order 
intermediates of a repressor complex might look like for the amiE105 target. Whether such intermediate assemblies 
are formed in the cell remains to be answered. However, Kambara et al. (2018) propose a mechanism whereby Hfq 
chaperones bind nascent transcripts as they spool from the RNA polymerase. These RNA chaperones then present 
the RNA to Crc as Brennan folds (Figure 30). 3D reconstructions of two intermediate Hfq-Crc-amiE105 complexes 
illustrate how co-transcriptional formation of the translation-repression complex could happen ‘on the fly’ (Figure 
23, Figure 30). Interestingly, a recent study on bacterial ribosomal RNA synthesis visualises how other RNA 
polymerase super complexes can form ‘on the fly’ during transcription (Huang et al., 2020). In particular, Huang et 
al. showed how during rRNA synthesis, a composite RNA chaperone assembles around the RNA-exit tunnel and 
promotes transcription completion and co-transcriptional RNA folding. It is plausible that Hfq and Crc assemble 





Figure 30: Schematic of carbon catabolite repression regulation in Pseudomonas cells. (A) When succinate is abundant as a 
nutrient, the 5ʹ-end ARN-repeat region of a nascent amiE transcript (red) is recognised by Hfq and presented to a pair of Crc 
molecules. Additional Hfq and Crc molecules can then participate to form a full repressor complex, which prevents translation of 
amiE: CCR is in place (Carbon Catabolite Repression). (B) When succinate is exhausted, CrcZ (green) expression rises. CrcZ is rich 
in ARN-repeat regions and can sequester Hfq and Crc away from target mRNAs, such as amiE. Translation of amiE can now 
occur, allowing the cell to metabolise other carbon sources: CCR is relieved. RNAP, RNA Polymerase. 
4.3 Hfq and Crc enable quaternary structure variability in repressor complexes 
The observation that Crc has no RNA binding capacity on its own and does not form homodimers in solution 
indicates that the components in translation-repression complexes interact mutually through chelate cooperative 
effects (Milojevic et al., 2013). The composition and quaternary structure of a full mRNA repressor complex will 
ultimately depend on the ARN-repeat content in the broad 5ʹ region of a target mRNA. For amiE, the full repressor 
complex consists of three Hfq chaperones, presenting the RNA to four Crc partners (Figure 31, left). All three Hfq 
molecules present ARN-rich segments of amiE to the Crc components via their distal side. Interestingly, secondary 
structure elements in the amiE 5ʹ-end region are recognised by other faces of the participating Hfq components. 
For example, a short hairpin-loop element is bound by the proximal side of the central Hfq hexamer (Figure 19B). A 
similar interaction was observed recently for a Hfq-DNA crystal structure by the Brennan group (Orans et al., 2020) 
(Figure 19C). It is likely that such secondary structure elements also help define the eventual quaternary structure 





Given the sequence dependency for RNA presentation by the Hfq distal side, other mRNA targets, encoding 
different ARN-contents, will result in alternative repressor assemblies. This is illustrated by a cryo-EM model of the 
translation-repression complex formed on rbsB110, the 5ʹ-end region of a different Hfq-Crc target, rbsB (Figure 31, 
right). Three Hfq chaperones participate in the assembly but have different relative orientations when compared 
to the amiE repressor complex. Three Crc molecules then bind the presented ARN-rich motifs to further shield the 
RNA from ribosomes. Secondary structure elements in the rbsB110 sequence are recognised by Hfq proximal sides, 
such as a short hairpin loop at the 3ʹ-end (Figure 28A). In addition, a peculiar sheet-like duplex was observed at the 
centre of the assembly (Figure 28B).  
 
Figure 31: Schematic presentation of the amiE and rbsB translation-repression assemblies. Three Hfq chaperones present amiE 
to four Crc molecules (left). On the other hand, two Hfq hexamers present rbsB to three Crc molecules, with a third Hfq (Hfq3) 
loosely binding to the assembly (right).  
Although the quaternary structures of the rbsB and amiE assemblies are entirely different (Figure 31), the lower 
order building blocks are the same. Specifically, one or more Hfq-Crc-Crc core elements are recognisable in each 
assembly (Figure 20A & B, and Figure 29A). The question arises as to how two small effector proteins cope with the 
enormous sequence variability present in the pool of more than 100 target RNAs to effectively form many 
different repressor complexes in the cell. Part of the answer likely lies in the multiple permissive dimer interfaces 
harboured by Crc. In the amiE105 and rbsB110 assemblies alone, three different Crc dimers are observed (Figure 
29C). This hard-coded self-interaction polymorphism allows Crc to participate in structurally diverse Hfq-RNA 
configurations and drive their higher order assembly. In addition, Hfq-Crc repressor complexes appear to form via 
many small and distant interaction surfaces, creating opportunities for quaternary structure variability. The latter 
also makes that the complexes are conformationally heterogeneous (Figure 15 and Figure 26). Lastly, Hfq is a 
homo-hexameric chaperone of which each protomer is rich in RNA binding patches. The ability to employ such a 
collection of RNA binding modes allows Hfq to ‘fit’ in many different RNA-mediated quaternary structures. For 
example, in the structures above Hfq was shown to present RNA not only to Crc but also to a secondary Hfq’s distal 




higher order assemblies. In summary, the cryo-EM studies in this chapter describe the architectural principles that 
govern an extensive translation-control mechanism specific to the Pseudomonadaceae family. 
4.4 Relief of translation-repression by an ARN-rich sRNA 
The research presented in this chapter mainly focuses on the architectural features of the Hfq-Crc repressor 
complex. How translational repression is relieved/prevented in the cell, has not yet been discussed. Pull-down 
assays have shown that both Hfq and Crc form a complex with CrcZ, a 426nt-long non-coding RNA (Moreno et al., 
2015; Sonnleitner et al. 2018). The CrcZ sRNA has several ARN-rich stretches which could serve as potential sites 
for Hfq presentation to Crc (Sonnleitner & Bläsi, 2014). In the presence of less preferred carbon sources, e.g. 
amides, CrcZ expression levels increase (Sonnleitner et al., 2009) and the RNA sequesters Hfq and Crc away from 
mRNA targets (Figure 30), thereby relieving translational repression of catabolic genes. This enables expression of 
genes encoding proteins required for metabolising other carbon sources. How the CrcZ RNA displaces target 
mRNAs from Hfq-Crc or in turn gets displaced by these mRNAs for changing carbon availability remains unknown. 
However, the assemblies are likely to be dynamic and the displacement process might resemble that proposed for 
the stepwise exchange of sRNAs on Hfq (Fender et al., 2010). The latter could happen via the putative ‘dynamic 
recognition’ mechanisms described in section 3.3.1. Cryo-EM experiments to elucidate the quaternary structure of 
Hfq-Crc-CrcZ complexes have been initiated. 
4.5 Targeting translation-repression complexes in Pseudomonas 
Prokaryotic transcription-translation coupling has recently gained significant impact with structural studies of 
bacterial expressomes in vitro and in situ (Kohler et al. 2017, O’Reilly et al., 2020, Webster et al. 2020). The Hfq-Crc 
regulon forms an alternative gene-regulation route that breaks transcription-translation coupling in Pseudomonads 
by sequestering the ribosome binding region in the mRNA. As mentioned above, the regulatory spectrum of Hfq 
and Crc was recently found to be much broader than initially expected, with Hfq binding more than 600 nascent 
transcripts co-transcriptionally, more than 100 of which in concert with Crc (Kambara et al., 2018). These findings 
showed that Hfq and Crc together regulate gene expression beyond catabolite repression. Insights into post-
transcriptional regulation of gene expression in pathogens such as P. aeruginosa may provide good candidate 
targets for novel drug design. In this regard, the Hfq-Crc molecular switch is a good starting point, as they have 
been shown to control key metabolic and virulence processes in Pseudomonas species (O'Toole et al., 2000; 
Sonnleitner et al., 2003; Sonnleitner et al., 2006; Linares et al., 2010; Huang et al., 2012; Zhang et al., 2012; Zhang 
et al., 2013; Sonnleitner and Bläsi, 2014; Pusic et al., 2016). Disrupting Crc recognition of the Brennan fold on the 
Hfq distal side could counter metabolic regulation and virulence specifically in Pseudomonads. A recent study, for 
example, showed how overproduction of the aliphatic amidase AmiE strongly reduced biofilm formation and 
almost fully attenuated virulence in a mouse model of acute lung infection (Clamens et al., 2017). Novel drugs that 
specifically counteract repression of amiE translation could induce the phenotype described by Clamens et al. 
(2017). In summary, the high-resolution structures presented here provide a good template for novel approaches 




5 Materials and methods 
5.1 Hfq synthesis and purification 
A Hfq-deficient E. coli strain bearing the pKEHfqPae plasmid (Bläsi group, MFPL, University of Vienna) was grown in 
a 50 ml overnight LB culture supplemented with 0.2% wt/v glucose, 15 μg/ml kanamycin, 50 μg/ml ampicillin. 4 L 
of LB (with the same additives) were then inoculated with 5 ml of the preculture and grown to OD600nm 0.6, 
followed by induction with 1mM IPTG (final concentration). The cells were harvested after 4 hours of shaking at 
37°C by centrifugation at 5000 g for 20 minutes at 4°C. Finally, the cells were resuspended in 20-50ml lysis buffer 
(50mM Tris-HCl pH 8, 1.5 M NaCl, 250 mM MgCl2, 1mM β-mercaptoethanol, 1 mM EDTA, 1mM PMSF) and frozen 
at -80°C.  
 
Thawed Cells were supplemented with 20 μg/ml DNase I and lysed using an Avestin Emulsiflex C5 homogeniser (5 
passes, 1000 bars). The lysate was spun down at 35000 g for 20 minutes at 4°C, after which the supernatant was 
heated to 85°C in a water bath for 45 minutes. The precipitate was removed by a 20000 g spin at 4°C for 15 
minutes and 1 M (NH4)2SO4 was gradually added to the supernatant. The precipitate was again spun down at 
20000 g for 15 minutes (4°C), then the supernatant was filtered with a 0.42 μm Sartorius Minisart syringe filter. 
The sample was applied to a 5ml HiTrap Butyl HP column (GE Lifesciences) equilibrated in Buffer butyl-A (50 mM 
Tris-HCl pH 8, 1.5 M NaCl, 1.5 M (NH4)2SO4, 0.5 mM β-mercaptoethanol, 0.5 mM EDTA and 0.1 mM PMSF). After 
loading, 10 column volumes of buffer A were used to wash off contaminants, and a 0-100% linear gradient of 
buffer butyl-B (50 mM Tris-HCl pH8, 200 mM NaCl, 0.5 mM β-mercaptoethanol, 0.5 mM EDTA and 0.1 mM PMSF) 
was used to elute Hfq. The eluted protein was diluted twofold in buffer Hep-A (50 mM Tris-HCl pH 8, 100 mM NaCl, 
0.5 mM β-mercaptoethanol, 0.5 mM EDTA and 0.1 mM PMSF) and loaded on a 5ml HiTrap Heparin column (GE 
Lifesciences) equilibrated with buffer Hep-A. 10 column volumes of Buffer Hep-A where then used to wash of any 
remaining contaminants. Hfq was eluted with a linear 0-60% gradient of buffer Hep-B (50 mM Tris-HCl pH 8, 2 M 
NaCl). Next, the peak fractions were pooled and concentrated in an Amicon Ultra centrifugal filter unit (10 kDa 
cutoff) to a final volume of 500 μl. The sample was then loaded on a Superdex 200 Increase 10/300 GL (GE 
Lifesciences) equilibrated with Buffer SEC-A (50mM Tris-HCl pH 7.5, 200 mM NaCl, 10% v/v glycerol). Peak fractions 
were flash frozen and stored at -80°C. An SDS-PAGE denaturing gel was run for the peak fractions to assess quality 
in purity (Figure 3A).  
5.2 Crc synthesis and purification 
pETM14lic-6His-Crc was transformed into competent E. coli BL21DE3 cells via standard heat shock transformation 
and cells were plated on LB-agar plates supplemented with 50 μg/ml kanamycin. A preculture of the cells was 
grown overnight in 50 ml LB medium supplemented with 50 μg/ml kanamycin. 4x800 ml of LB, supplemented with 
50 μg/ml kanamycin, 0.2% glucose and 2 mM Mg2SO4, were inoculated with 4 ml of the preculture. 3 mM of IPTG 




harvested by centrifugation at 5020 g for 20 minutes. The pellet was resuspended in 50 ml Ni-A buffer (50 mM 
Tris-HCl pH 8, 300 mM NaCl, 10 mM imidazole, 1mM β-mercaptoethanol, 0.1 mM PMSF). 
 
The thawed Cells were supplemented with 20 μg/ml DNase I and 20 μg/ml RNase A and lysed using an Avestin 
Emulsiflex C5 homogeniser (5 passes, 1000 bars). The lysate was spun down for 30 minutes at 30000 g (4°C), and 
the supernatant was loaded on a 5ml HiTrap chelating column coated with NiSO4 and equilibrated in buffer Ni-A. 
The column was washed with 10 column volumes of buffer Ni-W (50 mM NaH2PO4, 300 mM NaCl, 20 mM 
imidazole, pH 8) and eluted with a linear 0-60% gradient of buffer Ni-B (50 mM NaH2PO4, 300 mM NaCl, 500 mM 
imidazole, pH 8). Peak fractions were pooled and dialyzed in 50 mM Hepes pH 8, 150 mM NaCl, 1 mM β-
mercaptoethanol and the concentration was measured with a NanoDrop spectrophotometer (Thermo Fisher). For 
each mg of protein, 20 μg PreScission Protease (Sigma Aldrich) was added to cleave the His-tag. After 2 hours of 
incubation at 4°C, the sample was run over a nickel column to remove the cleaved His-tags and PreScission 
Protease and the flow through was concentrated with an Amicon Ultra centrifugal filter (5 kDa cutoff). The sample 
was loaded on a Superdex 200 Increase 10/300 GL (GE Lifesciences) equilibrated with Buffer SEC-A (50 mM Hepes 
pH 8, 150 mM NaCl, 1 mM TCEP (tris(2-carboxyethyl) phosphine) and 10% v/v glycerol). Peak fractions were flash 
frozen and stored at -80°C. An SDS-PAGE denaturing gel was run for the peak fractions to assess purity (Figure 3B).  
5.3 Electrophoretic mobility shift assays (EMSA) 
For the EMSAs, 4 μM stocks of Hfq and Crc were prepared in binding-buffer (20 mM Tris-HCl pH 8, 40 mM NaCl, 10 
mM KCl, 1 mM MgCl2), and a 2 μM stock of the RNAs was prepared in miliQ water (RNase free). RNAs were 
annealed at 50°C for 3 minutes before adding the proteins. 4% poly-acrylamide (PAA) gels were used to study 
complex formation (6.73 ml acrylamide:Bis-acrylamide, 5 ml 10x TBE, 37.7 ml miliQ water, 500 μl APS and 50 μl 
TEMED). Hfq was titrated in a mixture with selected RNAs (amiE105, rbsB110, ptxS112, acsA70 and estA119 were all 
provided by the Bläsi group, MFPL, University of Vienna) at different ratios in the presence or absence of an excess 
of Crc (Figure 11). The RNA concentration was kept constant at 200 nM. After 15 minutes of incubation at 37°C, 
samples were mixed with an equal volume of loading buffer (50% v/v glycerol, 50% v/v Binding buffer, 5 mM DTT), 
prior to loading them on the gel. Gels were run at 4°C in 1x TBE running buffer and stained with SYBR gold (Figure 
11). 
5.4 Cryo-EM sample preparation 
The synthetic 18-mer amiE6ARN RNA (5´-AAAAAUAACAACAAGAGG-3´) used in these studies consists of six tripartite 
binding motifs (Sonnleitner and Bläsi, 2014) and was chemically synthesized. The amiE6ARN RNA was annealed by 
heating it at 95°C for 5 min followed by 50°C for 10 min and 37°C for 10 min. The RNA was incubated with the Hfq 
hexamer at a 1:1 molar ratio on ice for 20 min to form a Hfq- amiE6ARN complex. Then an equimolar ratio of Crc was 
added. The mixture was incubated on ice for 30 min prior to fractionation by size exclusion chromatography using 
a Superdex 200 Increase 10/300 GL column equilibrated in Binding-buffer (20 mM HEPES, pH 7.9, 10 mM KCl, 40 
mM NaCl, 1 mM MgCl2, and 2 mM TCEP). The peak fractions were pooled, and the sample was split in two. Half the 




quenching at 37.5 mM Tris-HCl pH 8.0. The other half of the sample was not crosslinked. Initial samples were 
prepared with the help of Dr. Xue Pei (Luisi group, Department of Biochemistry, University of Cambridge) and 
imaged by Dr. Shaoxia Chen (MRC-LMB, Cambridge).  
 
For Hfq-Crc suppressor assembly on amiE105, which was provided by the Bläsi group (MFPL, University of Vienna), a 
simpler but equally effective sample preparation approach was used. The RNA was annealed at 50°C for 3 minutes. 
Hfq and Crc were mixed at different ratios prior to addition of amiE105 (800 nM final concentration). After 
incubation on ice for 1 hour, the mixture was diluted 7-fold right before loading onto grids. The Hfq-Crc-rbsB110 
repressor complex was prepared following a similar procedure. rbsB110 was annealed at 50°C for 3 minutes. 
Hfq/Crc were mixed at 2.8 µM and 9 µM, respectively, after which the RNA was added at 400 nM. After incubation 
at room temperature for 15 minutes and on ice for 1 hour, the mixture was diluted 4-fold prior to grid preparation.  
5.5 Grid preparation 
Graphene oxide (GO) grids were prepared from regular Quantifoil r1.2/1.3 grids. A 2mg/ml graphene oxide 
dispersion (Sigma Aldrich) was diluted 10-fold and spun down at 300 g for 30 seconds to remove big aggregates. 
The dispersion was then diluted another 10-fold before applying 1 μl to glow-discharged grids (0.29 mbar, 15 mA, 2 
minutes, Pelco Easiglow glow discharger). After drying out, grids were stored in a grid box for 24-48 hours prior to 
usage. 3 μl of sample was applied to the GO grids and after 30s of incubation, excess sample was blotted away and 
frozen in liquid ethane to achieve a thin layer of vitreous ice (blot force -4 to 0, blot time 3 seconds, Vitrobot 
markIV (FEI)). Grids were screened on a 200 kV Talos Arctica (FEI) (Cryo-EM facility, department of Biochemistry, 
University of Cambridge) and movies recorded on a 300 kV Titan Krios (FEI) with either a Falcon III (FEI) or K3 
(Gatan) direct electron detector (MRC-LMB and BioCem facility, Department of Biochemistry, University of 
Cambridge). 
5.6 Single particle analysis, model building and refinement 
All datasets were processed in Warp, CryoSparc and Relion3 (Scheres, 2012; Punjani et al., 2017; Tegunov & 
Cramer, 2019). For the structures with amiE6ARN (section 3.2), whole frame motion correction was performed with 
motioncorr2 followed by CTF estimation using gctf (Zhang, 2016; Zheng et al., 2017) within Relion-3.0 (Scheres, 
2012). Final resolution estimates were calculated after the application of a soft binary mask and phase 
randomisation and determined based on the gold standard FSC = 0.143 criterion (GS-FSC) (Scheres and Chen, 2012; 
Chen et al., 2013). For the BS3 crosslinked complex, manually picked particles were used to generate suitable 
references for autopicking. An initial model was generated using an SGD algorithm (Punjani et al., 2017). During 3D 
classification, three different complexes could be resolved: 2Hfq:2Crc:2amiE6ARN (2:2:2), 2Hfq:3Crc:2amiE6ARN 
(2:3:2) and 2Hfq:4Crc:2amiE6ARN (2:4:2). To properly separate, validate and refine the three classes, the same 3D 
classification was rerun with the new 2:3:2 model as reference model, lowpass filtered to 20 Å resolution. C2 
symmetry was observed and imposed for the 2:2:2 and 2:4:2 complexes. Each of the classes was then refined to 
sub-3.5 Å resolution, followed by per-particle frame alignment for movement correction and per-frame damage 




with a 3D mask and solvent flattening. All reference models were lowpass filtered to 60 Å prior to refinement. The 
dominant class (2:2:2) had a resolution of 3.1 Å (GS-FSC) (Table 1). Local resolution calculations were done with the 
Relion local resolution estimation tool. The 2:4:2 and 2:3:2 maps were sharpened locally with LocScale and 
LocalDeblur to better resolve the additional Crc components (Jakobi et al., 2017; Ramírez-aportela et al., 2018). 
 
Datasets from samples with amiE105 and rbsB110 were pre-processed on the fly with Warp (Tegunov and Cramer, 
2019). Particle sets were cleaned up in CryoSparc (Punjani et al., 2017) via repetitive 2D classifications and 
heterogeneous refinements. Further, extensive classifications in 2D were used to classify the different assemblies 
observed on the grid (Figure 14). For those assemblies that had enough diverse projections, high resolution maps 
were generated with non-uniform refinement in cryoSPARC (Punjani et al., 2019) and global and per particle CTF 
refinements (Table 1). The Hfq -2Crc-amiE105 (147K particles), 2Hfq-3Crc-amiE105 (99K particles) and 3Hfq-4Crc-
amiE105 (18K particles) assemblies were refined to 3.2Å, 3.9Å and 3.6Å respectively. The Hfq-Crc-rbsB110 map was 
refined to 3.8Å. 
 
The crystal structures for P. aeruginosa Crc (PDB code 4JG3) and Hfq (PDB code 1U1T) were manually docked into 
the EM density map as rigid bodies in Chimera (Pettersen et al., 2004). The amiE6ARN, amiE105 and rbsB110 sequences 
were manually built into the density using Coot (Emsley et al., 2010). Refmac5 and Phenix real-space refinement 
with global energy minimization, NCS-restraints, group B-factor and geometry restraints were used to iteratively 
refine the multi-subunit complexes at high resolution, followed by manual corrections for Ramachandran and 
geometric outliers in Coot and ISOLDE (Table 1) (Emsley et al., 2010; Murshudov et al., 2011; Afonine et al., 2012; 
Croll, 2018). Model quality was evaluated with MolProbity (Williams et al., 2018). For the amiE6ARN models, in silico 
2 Å maps were generated from the atomic models and FSC validation against the experimental maps was 
performed with the EMDB Fourier shell correlation server (EMBL-EBI). For the amiE105 and rbsB110 structures model 
to map FSC were calculated by Refmac5 as part of the ccpem suite (Burnley et al., 2017).  
5.7 In vivo translational repression assays with an amiE::lacZ reporter gene 
These experiments were performed by Dr. Elisabeth Sonnleitner at the Bläsi group and are described in Pei et al., 
2019. 
5.8 Molecular dynamics simulations of the Hfq-amiE interface 
These experiments were performed in collaboration with Dr. Miroslav Krepl and Prof. Jiri Sponer ((CEITEC, Brno, 
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Polynucleotide phosphorylase, a conserved exoribonuclease, degrades RNA processively from the 3’-end in a 
reversible phosphorolytic reaction. Paradoxically, in Escherichia coli PNPase can also protect regulatory small RNAs 
and facilitate their actions in vivo, with pleiotropic consequences for gene regulation. This alternative mode of 
action has been proposed to result from the formation of a stable ternary complex with the RNA chaperone Hfq. In 
this chapter, cryo-EM structures were solved of PNPase in apo state, in degradation mode and as an sRNA carrier 
in a ternary complex with Hfq. Comparing these structures reveals how an sRNA is rerouted in the ternary complex 
through interactions with Hfq and the S1 and KH RNA binding domains of PNPase. The structures rationalise an 
RNA sequence pattern that favours the ternary assembly and also provide the first visualisation of how a class-II 
sRNA is presented by Hfq. In vitro activity assays show that sRNAs are protected from degradation by other 
ribonucleases when part of the RNA carrier complex. Gel shift assays further indicate that the sRNA carrier 
complex can be disbanded by the sRNA target and aid in the sRNA handover process. Finally, in vivo reporter 
assays, performed by collaborators, prove the relevance of the ternary complexes in stabilising sRNAs. Taken 
together, the PNPase-Hfq carrier complexes protect sRNA species in the cell and potentially facilitate their 
regulatory actions on target genes. 
2 Introduction  
In all domains of life, ribonucleases are key players in post-transcriptional regulation of gene expression. These 
enzymes act through mRNA degradation, rRNA and tRNA maturation, and often impact on the stability of 
regulatory RNAs. Naturally, ribonucleases must be tightly regulated to prevent uncontrolled destruction of cellular 
RNA pools (Deutscher, 2015). Polynucleotide phosphorylase (PNPase) (Figure 1A) is an exoribonuclease of ancient 
evolutionary origin that contributes to RNA degradation and RNA quality control in diverse organisms (Cheng & 
Deutscher, 2003; Cameron et al., 2018; Danchin, 1997). PNPase was discovered in 1955 by Grunberg-Manago & 
Ochoa and was shown to catalyse both the phosphorolytic degradation and polymerisation of polynucleotides, 
depending on inorganic phosphate levels (Grunberg-Manago & Ochoa, 1955). The enzyme was famously utilised to 
synthesise homo- and hetero-polyribonucleotides to elucidate the genetic triplet code (Lengyel et al., 1961). 
Decades of subsequent research have established the cellular function of PNPase as catalysis of the 3’ to 5’ 
phosphorolysis of substrate RNA (Figure 1A). This reaction requires inorganic phosphate and Mg2+ as a cofactor, 
and releases ribonucleoside diphosphates (rNDPs) as product (Nurmohamed et al., 2009). 
 
In bacteria, PNPase is involved in bulk mRNA turnover and tRNA and rRNA processing (Figure 2). To contribute to 
steady state RNA turnover PNPase is often abundantly expressed. For example, in E. coli and other bacteria it is in 
the top 5% of most expressed proteins (Wang et al., 2015). Deletion of PNPase in bacteria is known to reduce 
virulence and increases sensitivity to stressors, which shows its importance for cell survival (Cameron et al., 2018). 
Although mostly cytosolic, a significant fraction of PNPase (~30% in E. coli) associates with the bacterial RNA 






responsible for bulk degradation of cellular RNAs using a DEAD-box helicase RhlB, the endonucleolytic activity of 
RNase E, and the processive exoribonucleolytic activity of PNPase (Plocinski et al., 2019; Cameron et al., 2018; 
Chandran et al., 2007) (Figure 2). In the last few decades it has become clear that PNPase also plays a key role in 
the regulation of gene expression via tight control over the small regulatory RNA (sRNA) pool in the cell. Between 
50 and 200 nucleotides long, these single-stranded RNAs base-pair with RNA targets and influence their stability or 
translational efficiency (Waters & Storz, 2009, Dendooven & Luisi, 2017). A well-established mechanism for control 
of sRNA stability is via degradation by PNPase. Finally, PNPase can also participate in the maturation of CRISPR 
RNAs involved in phage adaptive immunity (Chou-Zeng & Hatoum-Aslan, 2019; Sesto et al., 2014).  
 
Structural studies have provided insights into the PNPase makeup and how it degrades RNA substrates. PNPase 
arose through gene duplication of the phosphorolytic enzyme RNase PH, which resulted in the catalytic PH1 and 
PH2 domains, interlinked by an alpha helical domain (Symmons et al., 2002) (Figure 1A). Notably, the RNase PH 
core is shared with other evolutionary ancestors, i.e. the eukaryotic and archaeal exosomes. In bacteria these 
domains assemble co-linearly to form the trimeric, toroidal catalytic core of PNPase, containing a central channel 
(Figure 1A). The active sites of PNPase reside in the central channel, where the last 3’-end phosphodiester linkage 
of the RNA substrate is oriented for attack by inorganic phosphate with the assistance of a magnesium cofactor 
(Nurmohamed et al., 2009, Symmons et al., 2002). Interestingly, only one of two RNase PH domains that constitute 
the PNPase protomer is catalytically active. The entrance to the central channel of PNPase is guarded by a narrow 
aperture that is only sufficiently wide to accept single stranded RNA. Ideal substrates for PNPase have a single 
stranded 3’-end, and polyadenylation of RNAs at this 3’-end may increase their degradation rate by the enzyme. 
Transcripts containing stem-loop structures, on the other hand, have been shown to be protected in vivo (Dar & 
Sorek, 2018; Spickler & Mackie, 2000). The KH and S1 domains encircle the channel entrance and form three 
flexibly tethered extensions to the catalytic RNase PH-like core (Figure 1A). The RNA binding patches on these 
domains are proposed to capture single stranded substrates for degradation in the central channel. Although 
partial crystal structures have been solved of PNPase constructs, both in apo-form and engaged on a substrate 
(Nurmohamed et al., 2009, Hardwick et al., 2012), there is little knowledge on how the KH and S1 domains are 
organised and how they coordinate RNA substrates during degradation. The main hurdle so far has been the 







Figure 1: Schematic representation of PNPase and Hfq architectures. (A) PNPase forms homo-trimeric assemblies in vivo. The 
catalytic core of PNPase consists of RNase PH domains (PH1 and PH2), one of which is still active, separated by an a-helical 
linker (a-hel). Two globular domains, KH and S1, are flexibly tethered to the PNPase core-domain and constitute an RNA entry 
portal, rich in RNA binding patches. (B) Hfq forms homo-hexameric toroidal multimers with several RNA binding surfaces on its 
distal-, proximal- and rim sides. The C-terminal tails (indicated by ‘C’) are natively unstructured and have been shown to help 
coordinate RNA binding specificity (Santiago-Frangos et al., 2019). 
The research presented in this chapter originates from the peculiar results of a PNPase knock-out experiment (De 
Lay & Gottesman, 2011). Deletion of the PNPase gene from the E. coli or Salmonella chromosome stabilises many 
transcripts, as expected, but paradoxically also results in an increased turnover of many small regulatory RNAs 
(sRNAs) of both type I and type II classes. This in turn results in a loss of efficiency with which the sRNAs can 
control the expression of targeted genes (Cameron & De Lay, 2016; De Lay & Gottesman, 2011, Cameron et al. 
2019). These initial data indicate that PNPase could be a pleiotropic regulator of gene expression, beyond its 
ribonuclease activities. How PNPase stabilises many sRNAs has been explored by Bandyra et al. (2016). In E. coli, 
PNPase has been co-isolated from cells in a complex with Hfq (Figure 1B) (Bandyra et al., 2016). Hfq is highly 
conserved RNA chaperone and itself a key regulator of many riboregulatory pathways in bacteria with pleiotropic 
consequences. Notably, Hfq binds to hundreds of small noncoding RNAs and improves their efficacy by aiding base 
pairing to target mRNAs (Vogel & Luisi, 2011). In solution, Hfq assembles into a ring-like homo-hexamer with RNA 






and has been shown to coordinate RNA binding events (Santiago-Frangos et al., 2016; Santiago-Frangos et al., 
2017; Santiago-Frangos et al., 2019). Association with Hfq protects sRNAs from degradation by PNPase and Hfq-
sRNA intermediates have been shown to form protective effector complexes with PNPase (Bandyra et al., 2016). 
These assemblies, called ‘RNA carrier’ assemblies in this chapter, may even facilitate downstream action of these 
regulatory RNAs (Figure 2). Previous studies have already shown that the activity of PNPase can be modulated via 
formation of ribonucleoprotein assemblies or by small ligands (Gatewood & Jones, 2010; Nurmohamed et al., 
2011; Tuckerman et al., 2011; Stone et al., 2017). In Deinococcus radiodurans, for example, the activity of PNPase 
on RNA duplexes can be directed through assembly with a noncoding RNA Y-RNA and the Rsr protein. The latter is 
an ortholog of the eukaryotic Ro protein proposed to act in quality control mechanisms (Chen et al., 2013) and a 
similar complex may exist in Salmonella enterica serovar Typhimurium (Sim & Wolin, 2018).  
 
Figure 2: Overview of PNPase activity in E. coli. As part of the RNA degradosome, PNPase participates in the bulk degradation 
of mRNA (i). PNPase is also involved in the maturation of tRNA and rRNA (ii and iii) and has been shown to have polymerase 
activity at low orthophosphate concentrations (iv). PNPase degrades small regulatory RNA substrates but can form a PNPase-
sRNA-Hfq ternary complex in the presence of Hfq (v and vi). The latter has been shown to protect the sRNA substrate rather than 
degrade it. 
These complex relationships between PNPase and RNA levels in bacteria are equally prevalent in mammalian cells, 
where PNPase is involved in processes beyond RNA degradation. Mammalian PNPase may play a role in 
mitochondrial RNA surveillance, degradation and transport of RNA into and out of the organelle (Silva et al., 2018; 
Cameron et al., 2018; Cheng et al., 2018). In human mitochondria, PNPase interaction with Suv3 helicase enables 
efficient degradation of redundant RNAs (Cameron et al., 2018) and contributes to surveillance (Silva et al., 2018). 
Mutations of PNPase result in accumulation of mitochondrial double-stranded RNA that trigger activation of innate 
immune mechanisms. The localization of PNPase to the mitochondrial inter-membrane space and matrix suggests 
that the enzyme has a dual role in preventing the formation and release of such double-stranded RNA into the 
cytoplasm (Dhir et al., 2018). Interestingly, mitochondrial PNPase is also involved in the import of long non-coding 






enzyme could help import the RNA component of telomerase in mitochondria for processing. PNPase would also 
export the processed form back to the cytoplasm (Cheng et al., 2018).  
 
An important structural puzzle is how the mammalian and bacterial exoribonuclease PNPase can govern both 
ribonucleolytic and carrier modes of action. In this chapter, the aim is to understand how E. coli PNPase can switch 
between these modes of RNA interaction and how the RNA chaperone Hfq facilitates this. Cryo-electron 
microscopy (cryo-EM) was used to solve a complete structure for E. coli PNPase in the apo form, substrate bound 
form, and in a ternary complex with sRNA substrate and Hfq, i.e. in the RNA carrier form. The apo structure 
captures the conformational heterogeneity of the KH and S1 domains, and the complex with RNA substrates 
reveals a conserved path of the RNA to the active site in the RNA-destructive mode. The S1 and KH domains can 
cooperate to interact with the substrate and facilitate its delivery into the central channel to access the active 
sites. In the RNA carrier mode, Hfq cooperates with the KH-S1 portal of PNPase to capture the RNA and prevent 
the 3’-end from entering the central channel, safeguarding it from degradation (Figure 2, vi). The latter assembly 
also confirms the predicted mode of interaction between small regulatory RNAs of the class-II group and Hfq. 
These sRNAs are predicted to bind both the proximal and distal sides of Hfq and wrap over the surface of the ring-
shaped Hfq hexamer. On the Hfq distal side, a degenerate ARN repeat in the RNA substrate constitutes the 
interaction surface between Hfq and PNPase, imposing a loose sequence preference. Gel shift assays and activity 
screens show how the PNPase-Hfq carrier complex protects sRNAs from degradation by other ribonucleases and at 
the same time can facilitate handover of the sRNA to its RNA target. It is plausible that transport complexes 
formed by the human mitochondrial PNPase may mimic the mode of action observed for the bacterial ternary 








3.1 Expression and purification of E. coli PNPase and Hfq 
Expression and purification of E. coli PNPase and Hfq is explained in detail in the materials and methods section 
(Sections 5.1 and 5.2). Figure 3 shows elution profiles and SDS PAGE gels of PNPase (78 kDa, Figure 3A) and Hfq 
(11.2 kDa, Figure 3B) after a size exclusion chromatography step. A small tail was observed in the PNPase elution 
profile (Figure 3A, top), and more contaminants were observed in the corresponding lanes of the SDS-PAGE gel. 
The Hfq elution profile displays a slightly asymmetric peak (Figure 3B, top). SDS/heat denaturation was not 
sufficient to fully denature the heat resistant Hfq hexamer (Figure 3B, bottom, Hfq oligomers marked by *). 
Material from the main peak for both samples are sufficiently pure and homogenous for structural studies. 
 
Figure 3: Purification of PNPase, Hfq and RNA fragments. Elution profiles and SDS PAGE gels for PNPase and Hfq after size 
exclusion chromatography are depicted in (A) and (B), respectively. The gels were visualised with Coomassie staining. Both Hfq 
and Crc are sufficiently pure and homogeneous for further structural studies. * Highlights Hfq oligomer bands (A) or 
contaminants (B). (C) Denaturing PAA/Urea gels were run on purified RNA fragments to assess purity and homogeneity and 
visualised by fluorescence after SYBR Gold staining. M12, Mark 12 protein standard, RR, Riboruler RNA standard. 
3.2 In vitro transcription and purification of RNA samples 
For this project five different RNA fragments, 3’ETSleuZ, RyhB, CyaR, chiP and ompX, were produced using an in vitro 
transcription system and purified via electro elution (Materials and Methods section 5.3). Three of these, 3’ETSleuZ, 
RyhB and CyaR are small regulatory RNAs. The other two, chiP and ompX, are fragments of selected target mRNAs 
for RyhB and CyaR respectively, containing the complement that matches the corresponding sRNA seed regions. 
The biological role for each of these will be described over the next paragraphs. All RNAs produced here were 
assessed for purity by denaturing gel (Figure 3C). For all experiments described below, the RNA was annealed at 






3.3 cryo-EM analysis of the apo-PNPase trimer resolves the flexible KH-S1 portal 
3.3.1 Preferred orientation at the AWI and CHAPSO 
The main goal in this chapter was to explore how Hfq repurposes PNPase from an exoribonuclease into an RNA 
carrier/chaperone when acting on sRNA substrates. It is likely that the KH-S1 portal is involved in these 
repurposing events, since these domains are known to be important for capturing RNA substrates (Shi et al., 2008). 
However, in the published crystal structures for E. coli PNPase the KH and S1 domains remain unresolved due to 
their flexible nature and consequential lack of proper packing in a crystal lattice (Nurmohamed et al., 2009). Given 
these observations, I set out to solve a more complete structure of E. coli PNPase by cryo-EM single particle 
analysis (SPA), so that a reference ‘apo-PNPase’ structure would be available to compare with the degradative- and 
RNA carrier complexes (section 3.4 and section 3.5, respectively).  
 
Samples of the apo-PNPase were iteratively optimized for cryo-EM studies. The main hurdle in getting high 
resolution reconstructions was preferred orientations of the PNPase particles (Figure 4A-C). This occurs when 
particles align with the air-water interface during the time between blotting the excess sample away and freezing 
the grid in liquid ethane (D’Imprima et al., 2019). In this case, 99.99% of all the particles in the imaged grid holes 
aligned with the air-water interface, which resulted in an overabundance of donut like ‘top views’ (Figure 4A and 
B). Only 0.01% of the particles had a different orientation in the vitreous ice (Figure 4C). Subsequent 
reconstructions were highly anisotropic and showed severe signs of directional smearing, as further evidenced by a 
disc-like Fourier transform of the map (Figure 4D and E). The apparent absence of the KH-S1 portal, even after 
significant B-factor blurring, indicates that partial denaturation occurs when PNPase aligns with the air-water 
interface (Figure 4D).  
 
Figure 4: Preferred orientation and partial denaturation at the air water interface. (A) Representative cryo-EM image at 3 µm 
defocus. (B) 99.99% of all particles aligned with the air-water interface in a well-defined orientation. (C) Only 0.01% of the 






portal, most likely due to partial denaturation. (E) In reciprocal space the map has a disc-like shape, further showing that the 3D 
reconstruction is highly anisotropic (generated with the 3D-FSC server, Tan et al., 2017).  
To ameliorate preferred orientation artefacts in the reconstructions, several strategies were employed. For 
example, the cryo-stage was tilted to 45° during data collection (Tan et al., 2017). This resulted in a map that was 
isotropic up to 7Å (GS-FSC) but did not resolve the KH-S1 portal (data not shown). Therefore, attempts were made 
to prevent PNPase from denaturing at the air-water interface during grid freezing. Gradual crosslinking with 
glutaraldehyde combined with ultracentrifugation in a glycerol gradient, a technique called GraFix, only marginally 
improved the particle-orientation distribution on the grids (Kastner et al., 2007) (data not shown). Spotiton, a 
piezo electric inkjet dispensing system integrated into a custom designed vitrification robot, was used to reduce 
the time between sample blotting and plunge freezing of the grid down to 80 ms (Razinkov et al., 2016). 
Unfortunately, PNPase still aligns with the air water interface in this short time span, and no improvement in 
particle orientation was observed (data not shown). Finally, detergents such as β-DDM (β-dodecylmaltoside) and 
Tween20 were added to the PNPase sample at their respective CMC (critical micelle concentration). None of thes 
additives significantly ameliorated the orientation bias in the vitreous ice (data not shown). 
 
Ultimately, preferred orientation of the PNPase particles was overcome by adding CHAPSO, a zwitterionic 
detergent, to the sample prior to grid freezing (Figure 5A and B) (Chen et al., 2019). CHAPSO was added at 8 mM, 
corresponding to the CMC, to a 10 μM PNPase sample seconds before vitrification. Such high protein 
concentrations are necessary to achieve a suitable number of particles in the grid holes when using CHAPSO as an 
additive (Figure 5A). Interestingly, the detergent seems to oligomerize into long fibres with low helical rise and 
small repeating units (Figure 5A and B). Formation of such CHAPSO fibres has not been reported before and a high-
resolution 3D reconstruction of these has not been successful so far. 2D class averages and subsequent 3D 
reconstructions of apo-PNPase in Relion 3.0 (Scheres, 2012; Zivanov et al., 2018) reveal that the particles adopt 
nearly random orientations in the vitreous ice, resulting in a highly isotropic reconstruction of the PNPase core 







Figure 5: CHAPSO randomizes particle orientations in the vitreous ice. (A) Representative cryo-EM image at 3 µm defocus. 
Individual particles are highlighted by white circles. (B) Chemical structure of CHAPSO, 2D class average and 3D reconstruction 
of a CHAPSO fibre. (C) 2D class averages of the PNPase particles. (D) Angular distributions of the 2D images that contributed to 
the refined PNPase map, presented as a spherical bar plot, with red bars representing more abundant projections in the images. 
(E) Global resolution estimation of the refined reconstruction according to the Gold Standard FSC (GS-FSC). 
3.3.2 Symmetry expansion and 3D Variability Analysis of the PNPase KH-S1 portal 
Using Relion 3.0 (Scheres, 2012; Zivanov et al., 2018), reconstructions at a global map resolution of 3.4 Å were 
obtained, with well resolved features for the RNase PH core, but diffuse density for the flexibly tethered KH and S1 
domains (Figure 5E and Figure 7A and B, Table 1). During the iterative reconstruction, the symmetric core drives 
the alignments so that these flexible domains are averaged out in the resulting consensus map. A clean stack of 
particles was transferred to cryoSPARC for 3D variability analysis (3DVA) of the PNPase particles (Figure 6) (Punjani 
& Fleet, 2020). After symmetry expansion, 3DVA revealed large molecular motions within the KH-S1 portal (Figure 
12A and B). In parallel, symmetry expansion tools in Relion (Zivanov et al., 2018) were used to successfully 
deconvolute the apo-PNPase protomers and distinguish three distinct conformational sub-states for the KH-S1 
domain densities via masked 3D classification (Figure 6 and Figure 7A and C, Materials and methods section 5.7). In 
these 3D classes, the resolution of the KH domains improved significantly, and the S1 domains, albeit at lower 
resolution, have stronger density. For docking into the improved cryo-EM map, a complete PNPase homology 
model was generated with MODELLER (Fiser & Sali, 2003). The E. coli PNPase core (Nurmohamed et al., 2009) was 
extended based on the crystal structure of the complete Caulobacter crescentus PNPase (Hardwick et al., 2012) 
and missing loops were filled in de novo. The improvements in the cryo-EM map allowed for local rigid-body 
docking (Chimera, Pettersen et al. 2004) and subsequent molecular dynamics fitting of the KH and S1 domains in 
the homology model (Namdinator, Kidmose et al., 2019). The observed domain movements correspond to an 
opening and closing of the KH-S1 portal (Figure 7C). The transition between the states is unlikely to be sterically 






averaged out in consensus alignments, the stable sub-states of each KH-S1 pair are not fully synchronised. It has 
been shown that the KH and S1 domains are key for recognising and capturing RNA substrates (Stickney et al., 
2005). The flexible linkers connecting these domains could help PNPase not only to intercept RNA substrates but 
could also facilitate different interaction modes between PNPase and substrates or effector molecules in the cell, 
as will become apparent in the next sections. 
 
Figure 6: Schematic overview of the processing pipeline for apo-PNPase. Pre-processing, which entails motion correction, ctf 
estimation, manual picking and 2D reference generation was carried out in Relion 3.0.8. Consensus maps were refined to 3.4 Å 
(GS-FSC) prior to C3 symmetry expansion and focused 3D classifications (Relion). In parallel, a clean particle stack was 







Figure 7: Cryo-EM analysis of the apo-PNPase structure. (A) Conventional refinement methods result in poorly resolved 
densities for the flexible KH-S1 portal. Symmetry expansion (C3) and subsequent masked 3D classification in Relion improve the 
KH and S1 domain densities. (B) Rigid body docking and molecular dynamics driven fitting of a PNPase homology model in the 
symmetry expanded map reveals three significantly different states for the KH-S1 modules. (C) If synchronised, these sub-states 
correspond to opening and closing of the KH-S1 portal via a corkscrew-like motion. 
3.4 The path of 3’ETSleuZ engaged by E. coli PNPase in phosphorolytic mode 
In the previous section (section 3.3) the apo structure of PNPase was studied and sub-states of the KH-S1 portal 
resolved. The next step was to study PNPase when engaged on substrate RNAs. Using cryo-EM, I investigated 
complexes formed between PNPase and several sRNAs under conditions that do not support catalysis (i.e. no 
phosphate was present in the buffers). RyhB, a sRNA which regulates oxidative stress responses and enzymes of 
the tricarboxylic acid cycle, and 3’ETSleuZ, which is derived from the 3’UTR of the tRNA operon (Lalaouna et al., 
2015) are two of the sRNAs studied in this and the following sections. These two RNAs form a regulatory pair in 
that 3’ETSleuZ acts as a sponge that sequesters RyhB from its regulatory roles. A third RNA that was studied in 
complex with PNPase was the sRNA GcvB, which mediates control of numerous transporters (Jin et al., 2009; 
Urbanowski et al., 2000). Purified GcvB was kindly provided by Dr. Heather Bruce of the Luisi lab. PNPase and the 
sRNAs were mixed in a 1:1 molar ratio, and 8mM CHAPSO was added to an 8 μM PNPase-sRNA sample (final 
concentration). Data processing was performed in Relion 3.0.8. Maps for all three PNPase-RNA complexes were 
reconstructed at sub-4Å resolution (GS-FSC). At this resolution, the three maps were identical to each other and 
only the results for the PNPase-3’ETSleuZ assembly will be discussed here, for which the global resolution was 
measured at 3.4 Å (GS-FSC) (Figure 8E, Table 1). Local resolution estimation in Relion shows that the core is at 3.1 






Comparison of the maps and models of PNPase in complex with 3’ETSleuZ shows that RNA-binding is associated 
with compaction of the KH and S1 domains as they clamp on the RNA (Figure 8A). Strikingly, this compaction of the 
KH-S1 portal is similar to the KH and S1 domain movements found for the apo-PNPase structure, as displayed in 
Figure 7C. Despite the relatively low resolution of the S1 domains due to conformational heterogeneity, these 
maps reveal for the first time that the S1 domains come together to cooperatively engage RNA substrates when 
PNPase is in phosphorolytic mode. The path of the RNA over the KH domains is in agreement with the interactions 
seen in a co-crystal structure of C. crescentus PNPase with RNA (Hardwick et al., 2012). In particular, one out of 
three KH domains seems to be the main contact point of the RNA on its way to the catalytic core (Figure 7A, C and 
D). Even though the local resolution near the KH domains doesn’t allow for confident modelling of amino acid side 
chains, there is clear density for the single stranded RNA backbone (Figure 8C) and several potential polar contacts 
can form between KH residues and the RNA backbone (Figure 8D). For example, Lys571 is part of a GKGG loop in 
the KH domain and is likely to form hydrogen bonds with the phosphate backbone. This loop and its role in RNA 
coordination appears equivalent to the GSGG loop in the KH domain of C. crescentus PNPase (Hardwick et al., 
2012). 
 
Figure 8: CryoEM analysis of PNPase engaged on 3’ETSleuZ substrate. (A) The KH and S1 domains undergo significant 
repositioning upon RNA binding, wrapping themselves around the RNA substrate in a more compact conformation. (B) Stacking 
of a base against one of three Phe77 residues marks the entry point into the catalytic PNPase core (left). Extra density was 
observed for stacking bases against the other Phe77 residues, albeit sterically impossible (red arrows). (C) Single stranded RNA 
threads towards the core via the KH domains. One out of three KH domains appears to be the main contact point for RNA 
coordination. (D) Potential polar contacts between residues on the KH domains and the sRNA at the centre of the PNP entry-
channel. Lys571 is part of the GKGG loop on the KH domain, analogous to the GSGG loop in C. crescentus PNPase. (E) Global 
resolution estimation from two independent half maps (GS-FSC). To improve clarity of presentation, the cryo-EM map was 
lowpass filtered to 7 Å and blurred by 50 Å2. 
All three maps reveal the same path of the RNA as a single stranded region via the KH-S1 portal and on through the 
pore entrance to the central channel (Figure 8). The absence of strong density for the RNA 3’-end in the catalytic 






absence of RNA density in the core could indicate that the ‘RNA capture’ event does not influence which of three 
active sites performs the ‘RNA cleavage’ event, and that any one of three active sites is occupied in each particle, 
resulting in poorly averaged local densities in the consensus maps. Further support for this hypothesis is apparent 
from the EM density at the entry channel of the core (Figure 8B). Here, high resolution density for three bases 
stacking on three Phe77 residues in the entrance channel can be found, which marks the point where the RNA 
path branches among three possible routes to the active sites (Figure 8B, red arrows). It is sterically impossible for 
the phosphate backbone to accommodate the stacking of the three bases simultaneously, and it is therefore likely 
that only one or two bases will stack on the Phe77 residues for any RNA threading into an active site. Interestingly, 
electron density for three bases stacking against three phenylalanine residues was also observed by Hardwick et al. 
(2012) in their C. crescentus PNPase crystal structures. In the same study Hardwick et al. propose a threading 
mechanism for the RNA substrate whereby the KH domains perform rotary movements to direct the RNA to the 
PNPase core (Hardwick et al., 2012). Possibly, the strain energy from phosphorolysis may be coupled with strand 
translocation, in analogy to the proposed coupling of RNA hydrolysis and unwinding by the Rrp44 exonuclease 
from the exosome (Lee et al., 2012). The cryo-EM maps presented here neither confirm nor disprove this 
hypothesis. 
3.5 The PNPase-Hfq-3’ETSleuZ ternary complex reveals a structural basis for the RNA 
carrier mode 
In the previous sections (sections 3.3 and 3.4) cryo-EM models were presented for apo-PNPase and PNPase-sRNA 
complexes. These structures elucidate how the PNPase KH-S1 portal captures the 3’ETSleuZ substrate. Cryo-EM 
studies were carried out to obtain a structure of the same PNPase-3’ETSleuZ complex in the protective mode via the 
addition of Hfq (Bandyra et al., 2016). The sRNA sponge 3’ETSleuZ was observed in in vivo pulldown assays of 
PNPase under conditions of high RyhB expression (Figure 9, carried out by the De Lay group, Department of 
Microbiology & Molecular Genetics, University of Texas Health Science Center). In addition to the in vivo pull-down 
experiments, gel shift assays demonstrate how a stable and uniform PNPase-Hfq-3’ETSleuZ complex can from in 







Figure 9: PNPase pulldown assays after dipyridyl treatment, showing that both RyhB (top panel) and 3ʹETSleuZ (lower panel) are 
bound to PNPase after the Pulldown. WT indicates wild type PNPase background and S438A is and inactive PNPase mutant. 
The components of the stable ternary complex of PNPase-Hfq-3’ETSleuZ were mixed in the absence of phosphate to 
a final concentration of 10 μM for the assembly. 8 mM CHAPSO was added to the sample right before grid freezing, 
resulting in single particles without any orientation bias (Figure 10A). 2D classification resulted in classes with a 
well-defined catalytic core for PNPase and a distinct region of high conformational heterogeneity at the KH-S1 
portal (Figure 10B). Consensus refinements revealed that the alignments are dominated by the rigid and symmetric 
PNPase core, which results in a well resolved density for the core domains (3.2 Å) and diffuse, uninterpretable 







Figure 10: CryoEM analysis of the PNPase-Hfq-3’ETSleuZ complex. (A) Representative micrographs collected without the Volta 
phase plate (VPP) (left, 3 µM defocus) and with VPP) (right 0.5 µM defocus). (B) 2D class averages show a well resolved core and 
a diffuse KH-S1/Hfq portal. (C) Consensus 3D refinements reveal a well resolved core and diffuse densities at the KH-S1 portal. 
(D) The PNPase-Hfq-3’ETSleuZ assembly can adopt multiple conformations, as the Hfq-3’ETSleuZ density can occupy different states 
along a continuous clapper-like trajectory. Due to significant internal movements of the KH and S1 domains, and the small size 
of Hfq (67 kDa), a rigid body approach did not yield significant increases in local resolution. Instead, careful 3D classification 






continuous trajectory, improving the interpretability significantly. Three conformational states could be resolved, of which the 
two extremes are depicted here. Maps are lowpass filtered to 7 Å for to improve visibility. 
Extensive 3D classification in Relion and cryoSPARC revealed a series of conformational sub-states and well 
resolved density for one Hfq chaperone near the KH and S1 domains (Figure 10D, Material and Methods section 
5.7). A detailed overview of the PNPase Hfq-3’ETSleuZ data processing pipeline is depicted in Figure 11. The density 
for the KH and S1 domains as well as the Hfq and sRNA in each conformational sub-class improved significantly 
after combining four datasets, two of which were collected with a Volta Phase Plate (VPP) (Figure 11 and Figure 
10A, Table 1) (Danev & Baumeister, 2016). Focused 3D classification and/or masked 3D refinement approaches in 
Relion did not further improve the maps due to internal movements of the KH-S1 domains and the small size of 
Hfq (67 kDa). In parallel, 3D variability analyses were carried out in cryoSPARC to further explore the 
conformational landscape of the PNPase-Hfq-3’ETSleuZ RNA carrier assembly (Figure 11 and Figure 12C). During 
3DVA the resolution was limited to 6 Å, i.e. only structural variability up to 6 Å was considered, and six modes of 
variability were solved. Two modes of molecular motion were readily interpretable, corresponding to a ‘rocking’ 
and ‘rotary’ motion of the bound Hfq chaperone (Figure 12C). Notably, the molecular motions revealed by 3DVA 
are in good agreement with the discrete classes resolved by 3D classification approaches in Relion and cryoSPARC 
(Figure 10D, Figure 12C). 
 
The best PNPase-Hfq-3ʹETSleuZ class was refined in cryoSPARC to an overall resolution of 3.7 Å, locally ranging from 
3.2 Å in the PNPase core to 4.4 Å - 7.2 Å in the flexible KH-S1 portal (Figure 13A and B, Figure 11, state 1, Table 1). 
At these resolutions, the path for the 3’ETSleuZ RNA backbone was clearly defined, with interpretable density for 
the bases in the best regions (Figure 13C). Secondary structures were well resolved for all three KH domains and 
one S1 domain. Docking and refinement of models in the different conformational subclasses reveal likely modes 
of conformational switching (Figure 10D). Although the movements may not be mechanistically relevant for the 
equilibrium complex, they could play a role in exposing the KH-S1-Hfq portal for potential handover of the 3’ETSleuZ 













Figure 11: Schematic overview of the processing pipeline for PNPase-Hfq-3ʹETSleuZ. For all four datasets pre-processing, which entails motion correction, ctf estimation, 
manual picking and 2D reference generation was carried out in Relion 3.0.8. 2D/3D classifications were carried out in Relion too, as well as consensus 3D refinements and per 
particle ctf refinement/particle polishing. Clean particle sets for each dataset we transferred to cryoSPARC and combined. Subsequent rounds of heterogenous refinements 
were used to resolve three different conformational states (state 1, state 2 and state 3), each of which refined to sub-4 Å resolution. In parallel, conformational heterogeneity 
was also resolved through heterogeneous refinement for the particle sets from the VPP-datasets (see *, bottom right inset). To further analyse the conformational landscape 







Figure 12: 3D Variability Analysis of the apo-PNPase and PNPase-Hfq-3’ETSleuZ particles. (A) cryoSPARC 3D Variability Analysis 
(3DVA) of apo-PNPase after C3 symmetry expansion (Punjani et al., 2017; Punjani & Fleet, 2020). Grey and red maps represent 
extreme states of the molecular motion of the KH and S1 domains as encoded in the dominant 3DVA mode. (B) Zoom-in on one 
KH-S1 region, showing conformational heterogeneity of these domains as encoded in the dominant 3DVA mode. (D) PNPase-
Hfq-3ʹETSleuZ particles were subjected to 3DVA in cryoSPARC to investigate the conformational landscape. This approach 
revealed a ‘rocking’ mode (i) and a ‘rotary’ mode (ii) of conformational variability in the Hfq-3’ETSleuZ region. All maps presented 







Figure 13: Global and Local resolution estimation for the PNPase-Hfq-3’ETSleuZ map. (A) Local resolution estimation and 
filtering as performed in cryoSPARC. The PNPase core is rigid and was reconstructed at 3.2Å. The KH, S1, 3’ETSleuZ and Hfq 
densities suffer from a loss in resolution due to severe flexibility, with local resolutions ranging from 4.4 to 7.2Å after careful 3D 
classification. Local resolutions were calculated from reconstructed half maps, at FSC0.5. (B) Global resolution estimation from 
independent half-maps (GS-FSC). (C) Selected fits of the model in the cryo-EM density at the PNPase core and KH-S1/Hfq portal. 
The overall architecture of the assembly can be readily observed in the cryo-EM models. The 3’ETSleuZ RNA in the 
ternary complex is engaged on the distal and proximal surfaces of Hfq, but also interacts with the circumferential 
rim (Figure 14A and B). Although the resolution is limited in this region it is clear that the PNPase KH-S1 portal 
coordinates the sRNA extensively and the individual KH and S1 domains form many putative contacts with 
3’ETSleuZ. A short, exposed hairpin on the Hfq distal side threads into the KH-S1 portal. Here the hairpin is mainly 
bound by a basic loop extending from two PNPase S1 domains (Figure 14B and C, S1_3/S1-loop3 and 
S1_2/S1_loop2). The same hairpin is in close proximity to basic residues on all three KH domains (Figure 14B and C, 
KH-1, KH-2 and KH-3), where the RNA folds back, away from the active site. The S1-2 and S1-3 domains also 
coordinate the 5’ end of 3’ETSleuZ (Figure 14B and F) and a single stranded region of the RNA goes over the Hfq rim 
(Figure 14B and E), respectively. A third S1 domain (S1-1) extensively coordinates an A-rich region of the 3’ETSleuZ 
RNA bound to the Hfq distal side (Figure 14B and D, S1-1 and S1-loop1), and is the best resolved S1 domain in the 
cryo-EM map (Figure 13C). Overall the same residues on the three KH domains are involved in RNA binding, which 
is also the case for the individual S1 domains (see next paragraph). Interestingly, the KH and S1 domains adopt an 
open conformation that resembles more closely the conformation observed in the apo-state than in the substrate-







Figure 14: Architectural principles of the PNPase RNA carrier mode. (A) Schematic model of the PNPase-Hfq-3ʹETSleuZ complex. 
(B) Structure of the PNPase-3’ETSleuZ-Hfq RNA carrier assembly. Rerouting of the sRNA by Hfq prevents it from being degraded by 
PNPase. The KH and S1 domains are crucial for complex formation on Hfq-sRNA. No direct protein-protein contacts between 
PNPase and Hfq were found. (C) All three KH domains and a basic loop on two S1 domains (S1-loop 2 and S1-loop 3) coordinate 
a 3’ETSleuZ stem-loop on the Hfq distal side. (D) The same basic loop on a third S1 domain (S1-1), containing R681, Q682, R684 
and R686, coordinates the 3’ETSleuZ RNA bound to the Hfq distal side, in addition to S1 residues K657 and R658. (E) S1-3 helps 
coordinate the sRNA as it threads over the Hfq rim towards the proximal side. (F) S1-2 appears to bind and coordinate the 5’-end 
of 3’ETSleuZ in the cryo-EM model.  
Table 1: Cryo-EM data collection and refinement statistics for PNPase structures 
Structure PNPase PNPase-ETS PNPase-Hfq-3’ETSleuZ 
Data collection    
Microscope FEI Titan Krios FEI Titan Krios FEI Titan Krios 
Voltage (kV) 300 300 300 
Detector Gatan K2 Gatan K2 Gatan K2 
Nominal 
magnification 
130 000 130 000 130 000 
Pixel size (Å) 1.065 1.065 1.065 
Electron dose, per 
frame (e–/Å2) 






Electron dose, total 
(e–/Å2) 
53.0 53.6 54.1 
Defocus range (µm) -1 / -2.5 -1 / -2.5 -1 / -2.5 
Exposure (s) 12 12 12 
Frames 38 38 38 
Number of 
micrographs 
1008 2741 19566 




Number of particles 
used 
58 000 206 803 133607 
Final resolution, 
FSC0.143 (Å) 
3.4 3.4 3.7 
Map-sharpening B 
factor (Å2) 
-76 -110 -123 
Model composition    
Non-hydrogen 
atoms 
15921 16091 19918 
Protein residues 2085 2085 2454 
RNA nucleotide 0 8 50 
Molar Mass (kDa) 
Refinement 
231 253 318 
Software Refmac5/Phenix/Isolde Refmac5/Phenix/Isolde Refmac5/Phenix/Isolde 
Correlation 
coefficient, masked 
0.85 0.84 0.84 
Correlation 
coefficient, box 
0.88 0.86 0.86 
FSC0.5 (model-map) 
Validation  
3.4 3.6 3.8 
MolProbity score 1.44 1.33 1.7 
Clash score, all 
atoms 
3.16 2.23 6.4 
Ramachandran 
statistics 
   
Favoured, overall 
(%) 
95.27 95.24 95.73 
Allowed, overall (%) 4.49 4.62 3.98 
Outlier, overall (%) 0.24 0.14 0.29 
R.m.s. deviations    
Bond length (Å) 0.0064 0.014 0.0072 
Bond angle (°) 1.55 1.55 1.52 
3.5.1 In vitro and in vivo validation of RNA carrier complexes  
Although the resolution in the KH-S1/Hfq region in the PNPase-Hfq-3ʹETSleuZ assembly is limited due to 
conformational heterogeneity, the model allowed to predict and test candidate residues in the PNPase domains 
that contact the sRNA in the RNA carrier complex. To test the importance of these interactions, three PNPase 






K657A and R658A in the S1 domain involved in the interaction with 3ʹETSleuZ  on the distal side of Hfq (S1 domain; 
PNPase S1x2), (2) a double mutant of the KH domain residues K566A and K571A involved in binding the 3ʹETSleuZ  
stem loop (KH domain; PNPase KHx2), and (3) a quadruple mutant of S1 domain residues R681A, Q682A, R684A, 
R686A involved in the interaction with 3ʹETSleuZ (S1 domain; PNPase S1x4) (Figure 14C-F). All the mutant proteins 
were expressed using a Δpnp strain to avoid formation of heterotrimers with wild type subunits from the host. 
Three sRNAs were chosen to study the effects of these mutations: the 3ʹETSleuZ captured in the cryo-EM structures 
described above, and two additional sRNAs representing the two classes of Hfq-binding sRNAs, namely RyhB (class 
I) and CyaR (class II), which have been shown to form RNA carrier complexes with PNPase (De Lay & Gottesman, 
2009; Johansen et al. 2008; Bandyra et al., 2016). The activity assays and gel-shift assays presented next were 
carried out in close collaboration with Dr. Kasia Bandyra, Luisi group, Department of Biochemistry, University of 
Cambridge. 
 
All purified PNPase mutants were active, albeit to a lesser extent than wild type enzyme, in agreement with the 
hypothesis that the KH and S1 domains support substrate capture, but are not directly involved in phosphorolytic 
RNA digestion (Figure 15A-C, panels i). In the presence of Hfq, none of the PNPase mutants nor the wild type 
enzyme can degrade the sRNAs, suggesting Hfq masks the RNA from the PNPase catalytic core (Figure 15A-C, 
panels ii). Notably, efficient PNPase-Hfq-sRNA ternary complex formation was not observed in subsequent 
electrophoretic mobility shift assays (EMSA) for any of the PNPase mutants. The PNPase S1x2 and KHx2 mutants 
still had reduced affinity for some sRNA-Hfq pairs but the PNPase S1x4 mutant did not form ternary complexes 
with Hfq and any of the tested sRNAs (Figure 16A-C). These results are in agreement with the proposed model for 
the RNA carrier mode of PNPase, which predicts that the basic loop in the S1 domain is paramount in formation of 
the assembly (Figure 14B-F).  
 
Figure 15: PNPase WT and mutants (S1x2, KHx2 and S1x4) display different levels of activity towards sRNAs. Degradation of 
RyhB (A), 3ʹETSleuZ (B) and CyaR (C) by PNPase in the absence (i) or presence (ii) of Hfq. M is molecular weight marker; C is 






To determine the contribution of theKH-S1 domains in the context of the RNA carrier assembly to sRNA stability in 
vivo, the impact of the PNPase mutants S1x2, KHx2 and S1x4 on CyaR and RyhB stability was examined after 
inhibition of transcription initiation by rifampicin treatment. These experiments were carried out by the De Lay 
group, Department of Microbiology & Molecular Genetics, University of Texas Health Science Center. As shown in 
Figure 16D and Table 2, all three sets of substitutions resulted in increased turnover in RyhB, i.e. its half-life 
decreased from 14 min in the strain expressing PNPase-3xFLAG to 4.1, 4.1, and 6.5 min for those producing PNPase 
S1x2, KHx2 and S1x4, respectively. CyaR stability significantly decreased in strains expressing PNPase KHx2 and 
S1x4, whereas expression of PNPase S1x2 caused a modest reduction in stability compared to the PNPase-3xFLAG 
control (Figure 16E). Next, we compared the ability of the wild type and mutant forms of the PNPase constructs to 
interact with RyhB and CyaR via PNPase co-immunoprecipitation assays. These experiments show that the PNPase 
S1x4 mutant was defective in binding CyaR and RyhB, whereas the PNPase S1x2 and KHx2 pulled down similar 
amounts of these RNAs as the PNPase-3xFLAG (Figure 16F and G). Altogether, these in vivo findings are consistent 
with the in vitro results indicating that a positively charged loop within the S1 domain formed by R681, Q682, 
R684, and R686 is important for sRNA interaction and stabilization in vivo, probably due to its indispensability in 
RNA carrier complex formation, and that positively charged residues in the KH domain have a significant, but less 
substantial role in the RNA carrier assembly. 
 
Figure 16: The KH-S1 portal is crucial for PNPase-sRNA-Hfq complex formation. EMSA of wild type PNPase and KH-S1 mutants 
with RyhB (A), 3ʹETSleuZ (B), and CyaR (C) in the absence and presence of Hfq. Ternary complexes are highlighted with a red dot. 
Two different PNPase concentrations were used for every PNPase construct (1:1 and 1:3 RNA:PNPase molar ratio), represented 
by gradient bars on top of the gels. (D, E) RNA half-life experiments to determine RyhB and CyaR sRNA stabilities in an E. coli 
strain expressing a 3X-FLAG tagged construct of PNPase WT and mutants. RyhB and CyaR signal intensities were quantified 






the normalized signal intensities for each time point. Points and error bars in the curves represent the means and the standard 
errors (SEM) of at least three independent experiments. RyhB and CyaR half-life measurements corresponding to RNA stability 
curves are listed in Table 2. (F, G) Cell extracts prepared from late exponential phase cultures of E. coli strains expressing WT 
PNPase, or Flag-tagged PNPase WT and mutants were used to assess coprecipitation of sRNAs, which were analysed by 
northern blot. (G) Fold enrichment of a given RNA upon immunoprecipitation was determined by first calculating the signal 
intensity per microgram of RNA for the input and the elution from the northern blots in (F). The normalized elution signal was 
then divided by the input signal. An untagged wild-type strain (WT) was used as a control for data presented in (F, G). S1x2 – 
PNPase K657A, R658A; KHx2 – PNPase K566A, K571A; S1x4 – PNPase R681A, Q682A, R684A, R686A. 
Table 2: sRNA Half-lives from Figure 16D and E 
sRNA Strain genotype Avg. half-life (min) ±	SE 
CyaR pnp'-3XFLAG 17.5 ± 4.2 
 Δpnp 6.8 ± 1.9 
 pnp(2x1)'-3xFLAG 12.7 ± 1.9 
 pnp(2x2)'-3xFLAG 8.1 ± 1.5 
 pnp(4x)'-3xFLAG 9.8 ± 1.3 
RyhB pnp'-3XFLAG 14.0 ± 2.7 
 Δpnp 2.5 ± 0.72 
 pnp(2x1)'-3xFLAG 4.1 ± 1.1 
 pnp(2x2)'-3xFLAG 4.1 ± 0.90 
 pnp(4x)'-3xFLAG 6.5 ± 1.1 
3.5.2 An imperfect ARN-repeat sequence supports the Hfq-PNPase interface 
In the 3’ETSleuZ RNA carrier assembly, no direct protein-protein contacts were found between PNPase and Hfq. 
Instead, 3’ETSleuZ mediates the association of the two proteins. Strikingly, the interactions between 3’ETSleuZ and 
Hfq resemble closely the proposed binding mode of type II sRNAs, where the RNA is predicted to bind the distal 
surface via an adenine-rich stretch in its sequence and the proximal side via its U-rich 3’ tail (Schu et al., 2015; 
Zhang et al., 2013). Indeed, the 3’ end of the 3’ETSleuZ RNA, marked by a poly U sequence, is bound to the proximal 
face, and is directed away from the path that would lead to the central channel in the PNPase degradative mode 
(Figure 17A). The 3’ETSleuZ backbone could be traced over the rim of the Hfq chaperone, where extra cryo-EM 
density, albeit weak, was resolved for a C-terminal tail of one of the Hfq protomers (Figure 17A and B). Even 
though the backbone of only a few residues of the Hfq C-terminus could be traced in the map, these observations 







Figure 17: 3’ETSleuZ interactions with Hfq (A) 3’ETSleuZ binds the Hfq distal side, proximal side and rim. The parts of 3’ETSleuZ on 
the distal side and rim are presented to PNPase. (B) Interpretable density was observed for part of the C-terminal tail of one of 
the Hfq protomers. Polar (Ser72, Asn73-74) and charged (His 70-71) residues on the Hfq C-terminal tail could help coordinate the 
RNA on the Hfq rim-proximal side cross-over. (C) An incomplete and degenerate ARN-repeat motif is bound as a ring-like 
“Brennan crown” fold on the Hfq distal side, as observed previously for a perfect 6xARN motif (Link et al. 2009; Pei et al., 2019). 
All R pockets are occupied yet only three A pockets are used. Regions where the corresponding base doesn’t fit the A pocket, the 
3’ETSleuZ backbone is slightly detached from the Hfq distal side and interacts with PNPase S1 domains (left panel, dark red arrow 
shows backbone ‘lift off’). The map in panel A is locally filtered according to the estimated local resolutions and B-factor blurred 
for presentation. 
The 3’ETSleuZ RNA binds the Hfq distal face with the same interaction motif observed for other Hfq complexes in 
gram-negative bacteria (Pei et al., 2019, Link et al., 2009). This motif, thematically named the “Brennan crown”, 
has been described extensively in the previous chapter (Chapter I, Architectural principles of Hfq-Crc mediated 
gene regulation), where it was found to mediate the interaction between Hfq and Crc in Pseudomonads to regulate 
translation of target genes. The motif consists of an A-R-N repeat pattern (A is adenine, R is a purine, N is any 
nucleotide) and has A and R buried in dedicated pockets on the Hfq distal face, while the N base is presented 
outward and exposed (Figure 17C). Interestingly, the cryo-EM density for the PNPase-3’ETSleuZ-Hfq assembly 
suggests the Brennan fold is both incomplete and degenerate for 3’ETSleuZ. In particular, closer inspection of the 
Hfq region in the cryo-EM map shows that not all six ‘A’ pockets on the Hfq distal side are occupied, as cryo-EM 
density could be observed for only three A-site bases. In contrast, all six R pockets are occupied on the Hfq distal 
side and each of the 3’ETSleuZ R-site purines is coordinated by Tyr25 via base stacking (Figure 17C). Combining these 
observations, only three complete ARN triplets could be modelled into the density, yielding a degenerate Brennan 
pattern of 5’ RN ARN ARN ARN RNN NR 3’ (Figure 17C, Figure 18). These ‘deviations’ from the ARN-rule observed in 
the cryo-EM maps allow the 3’ETSleuZ backbone to ‘lift off’ the Hfq distal face when interacting with one of the 






complete set of six ARN motifs that would have the potential to fully occupy the distal face of Hfq. Interestingly, 
the 3’ETSleuZ sequence harbours a single 5’ RN ARN ARN ARN RNN NR 3’ motif at its 5’ end, which is where the 
motif is expected to be located according to the cryo-EM map, directly adjacent to the RyhB seed region (Figure 
17C, Figure 18). Consequently, the seed region is partially wrapped in the KH-S1 portal of PNPase and partially 
presented on the Hfq rim.  
 
Figure 18: Annotated secondary structure prediction of 3’ETSleuZ. Red dots indicate which 3’ETSleuZ residues are presented to the 
PNPase S1 domains by the Hfq distal side. Green dots mark the RyhB seed sequence. An annotated sequence is depicted at the 
bottom of the figure. The sequence that was modelled in the cryo-EM map is underlined in red. Occupied A-, R- or N- sites are 
annotated in grey above the modelled sequence. * refers to an A-site ‘skipping’-violation of the ARN-rule, where the A-site 
pocket is left empty on the Hfq distal side. The range for the hairpin on the Proximal side of Hfq is arbitrary due to low local 
resolutions in the corresponding map regions. The secondary structure was predicted with mfold (Zuker, 2003). 
The observations described above confirm, for the first time, the fold and interaction pattern of class-II sRNAs 
when bound to Hfq. In addition, these results show how an incomplete and degenerate ‘ARN’-triplet repeat region 






PNPase. This in turn indicates that presentation of substrate RNAs on the Hfq distal side allows rather degenerate 
ARN-sequence codes, as was observed in Chapter I as well. If true, the range of substrate RNAs that could be 
regulated by Hfq-mediated effector complexes analogous to the RNA carrier complex between PNPase, 3’ETSleuZ 
and Hfq is much broader than initially thought. 
3.6  Longer Type II sRNAs can accumulate multiple Hfq chaperones for presentation 
Bacterial sRNAs generated with Rho-independent terminators contain a 3’ poly-Uridine (poly-U) tail, and these 
poly-U sequences bind the Hfq proximal side (Schulz & Barabas, 2014). Class II sRNAs also contain an A-rich region 
towards the 5’-end that can bind the Hfq distal side. Both interaction patterns are present in the PNPase-Hfq-
3’ETSleuZ structures described above. Other type II sRNAs, like CyaR, were also predicted to form RNA carrier 
assemblies with Hfq and PNPase (Cameron & De Lay, 2016; De Lay & Gottesman, 2011). CyaR has several mRNA 
targets, such as ompX and luxS, and has been shown to help regulate catabolite repression, quorum sensing, and 
nitrogen assimilation in E. coli. CyaR promotes degradation of ompX, which encodes one of the major Outer 
Membrane Proteins/Porins (OMPs), by directly pairing with it (De Lay & Gottesman, 2009, Johansen et al. 2008). In 
this section, CryoEM was used to probe whether PNPase-Hfq-CyaR RNA carrier assemblies have a similar 
architecture as the PNPase-Hfq-3’ETSleuZ complex.  
 
A representative cryo-EM image with PNPase-Hfq-CyaR particles is given in Figure 19A. As expected, the KH-S1 
portal is conformationally heterogeneous in the PNPase-Hfq-CyaR particles, which is apparent from 2D class 
averages of the assembly (Figure 19B). 3D reconstructions in cryoSPARC and Relion 3.0 reveal an assembly that 
resembles the overall PNPase-Hfq-3’ETSleuZ architecture. Only one dataset was collected for PNPase-Hfq-CyaR 
resulting in reconstructions with a much lower global resolution than the 3’ETSleuZ-based RNA carrier complex. In 
the final map, at 13Å resolution (GS-FSC), the overall hexameric shape of Hfq was recognisable. Remarkably, the 
reconstruction shows how the particles contain two stacked Hfq hexamers at the KH-S1 portal (Figure 19C and D). 
The large distances between the docked Hfq chaperones and the KH-S1 portal domains suggest that CyaR must 
form the binding interface between PNPase and Hfq, like that seen for the PNPase-Hfq-3’ETSleuZ assembly. Even 
though the overall resolution was too poor to trace CyaR, these reconstructions indicate that multiple Hfq 
chaperones can cooperate to present longer class II sRNAs to the PNPase KH-S1 portal to form RNA carrier 
assemblies. PNPase can accommodate such stoichiometric variability via the intrinsic flexibility of its KH and S1 
domains. In the PNPase-Hfq-CyaR carrier complex, for example, one of three engaged S1 domains undergoes 
significant reorganisation to coordinate the RNA on the rim of the second Hfq (Hfq2) chaperone (Figure 19D). In 
summary, these results further illustrate the potential structural diversity of ribonucleoprotein complexes with 
which PNPase can cooperate to control sRNA stability and activity in the cell, and how the flexibly tethered KH-S1 







Figure 19: CyaR is presented by two Hfq chaperones. (A) Representative cryo-EM image of at 3 µm defocus. (B) 2D class 
averages from cryoSPARC reveal diffuse yet bulky densities at the KH-S1 portal. (C) Careful 3D classification results in a subset of 
particles with two ring-like densities near the KH-S1 domains, corresponding to two Hfq chaperones. (D) The Hfq hexamers stack 
on top of each other. The orientation of Hfq2 presented here is speculative due to the limited resolution of the reconstructions. 







3.7 Downstream effector roles for PNPase-Hfq-mediated RNA carrier assemblies 
The experiments described in section 3.5.1 demonstrate how Hfq and the PNPase KH-S1 portal can cooperate to 
protect a substrate sRNA from degradation in vivo and are in accord with the finding that sRNA species undergo 
faster turnover in PNPase knock-out mutants (De Lay & Gottesman, 2011; Bandyra et al., 2016). Such protection of 
the sRNA is necessary in order to guarantee sRNA stability in the cell until it reaches its target. Although the 
structures above show that PNPase cannot degrade an sRNA in the RNA carrier mode, it is unclear whether these 
RNA carrier complexes also protect sRNAs from other ribonucleases in the cell. In addition, it is unclear what 
happens when e.g. an RNA target interacts with an sRNA wrapped in an RNA carrier assembly. In cooperation with 
Dr. Kasia Bandyra, a series of gel shift- and activity assays were set up to answer these questions. Both 
experiments were set up in buffer conditions that are non-catalytic for PNPase. 
 
To probe the interaction between a sRNA in an RNA carrier complex and the corresponding RNA target, a series of 
gel shift assays (EMSA) were set up. The design of the EMSA experiments was such that RNA carrier complexes 
were assembled prior to adding the respective targets of the sRNAs. The sRNA-target pairs tested were 3’ETSleuZ-
RyhB (Figure 20A), CyaR-ompX (Figure 20B) and RyhB-chiP (Figure 20C). 3’ETSleuZ acts as a sponge for RyhB, also a 
sRNA, and both sRNAs have been described in section 3.4. Interestingly, both 3’ETSleuZ and RyhB can independently 
form RNA carrier assemblies with PNPase and Hfq (Bandyra et al., 2016). CyaR and its target ompX were described 
in section 3.6. ChiP, which is targeted by RyhB, encodes a conserved enterobacterial chitoporin required for uptake 
of chitin-derived oligosaccharides (Figueroa-Bossi et al., 2009).  
 
In Figure 20A, a PNPase-Hfq-3’ETSleuZ assembly was preformed (highlighted by *) after which increasing 
concentrations of RyhB were added. Strikingly, the PNPase-Hfq-3’ETSleuZ complex disassembled even at the lowest 
RyhB concentrations, resulting in lower order species on the gel. One of these lower order species were 3’ETSleuZ-
RyhB pairs (Figure 20, lanes i and ii, red arrow). On the other hand, when mixing 3’ETSleuZ, RyhB and Hfq in the 
absence of PNPase, a Hfq-RyhB-3’ETSLeuZ complex appeared on the gel, whereas free 3’ETSleuZ-RyhB duplexes were 
much less abundant (Figure 20A, lane ii and iii). These observations suggest that when 3’ETSleuZ is presented to 
RyhB by an RNA carrier complex, the main product is a 3’ETSleuZ-RyhB pair, free of Hfq (Figure 20A, lane i, red 
arrow). It is possible that PNPase-Hfq carrier complexes can present 3’ETSleuZ to RyhB and facilitate release of the 
RNA duplex from Hfq after sRNA-RNA target pairing. As such, the RNA carrier assembly could organise and expose 







Figure 20: RNA carrier assemblies dissociate upon exposure to an RNA target. (A) A stable 3’ETSleuZ-based RNA carrier 
assembly is dismantled by a titration of RyhB. The RNA carrier assembly facilitates 3’ETSleuZ-RyhB offloading from Hfq. 3’ETSleuZ-
RyhB duplexes are highlighted by a red arrow. (B) OmpX can efficiently disband PNPase-Hfq-CyaR ternary complexes, regardless 
of whether one or two Hfq chaperones per PNPase enzyme are added to the sample. No CyaR-ompX duplexes were observed on 
the gel. (C) RyhB-mediated RNA carrier assemblies are dissociated when chiP is titrated in, regardless of whether one or two Hfq 
chaperones are available per RyhB species. No RyhB-chiP duplexes were observed on the gel. RNA carrier assemblies are 
highlighted by *; non-specific PNPase-RNA-Hfq complexes are highlighted by *. 
Similar results were obtained for the class II sRNA CyaR and a fragment of its target ompX. A stable PNPase-Hfq-
CyaR complex assembled upon mixing the individual components but dissociated when ompX was titrated in, both 
when one or two Hfq chaperones per PNPase enzyme were added to the sample (Figure 20B, ternary complexes 
are highlighted by *). The rationale for adding a twofold excess of Hfq to the mixture stems from the results 
discussed in section 3.6, where it is clear that multiple Hfq chaperones can participate in an RNA carrier assembly 
with longer sRNAs like CyaR. The main products after complex dissociation here were Hfq-RNA species (Figure 
20B). Interestingly, free CyaR-ompX pairs were not observed when the RNA carrier was disassembled, unlike the 
3’ETSleuZ-RyhB pair, and bands for putative Hfq-CyaR-ompX complexes were weak. One possible explanation is that 
PNPase captures nascent CyaR-ompX pairs for degradation as these are released from Hfq upon dissociation of the 







Lastly, for the type I sRNA RyhB a ternary complex was visible on the gel albeit at much lower abundance than for 
the two type II sRNAs tested above (Figure 20C, highlighted by *). Here too the assembly dissociated when the 
target of RyhB, chiP, was titrated in. Overall the gel shift results for RyhB are nearly identical to those for CyaR. 
Since RyhB is of a similar length as CyaR, the gel shift assays were also performed in the presence of a twofold 
excess of Hfq, following the observations made in section 3.6. When a twofold molar excess of Hfq was added, a 
slightly larger ternary complex appeared to be formed, in accord with the results in section 3.6. No RyhB-chiP 
duplex formation was observed on the gel upon complex dissociation by the target. Analogous to CyaR-mediated 
RNA carrier assemblies, it is possible that PNPase captures nascent RyhB-chiP pairs for degradation as these are 
released from Hfq (Figure 20C). Interestingly, chiP also formed a ternary complex with PNPase and Hfq (Figure 20C, 
highlighted by *). It is likely that that these are non-specific complexes where PNPase captured the 3’ end of the 
mRNA target, which was in turn bound to Hfq. Overall the results described above indicate that RNA carrier 
complexes could facilitate presentation and handover of sRNAs to their target RNAs, beyond protection of the 
sRNA from PNPase cleavage. Given that RNA targets can efficiently dissociate RNA carrier assemblies suggests that 
they directly compete with the PNPase KH and S1 domains for sRNA binding. 
 
Next, experiments were set up to explore whether RNA carrier complexes can protect their sRNA cargo from other 
ribonucleases in the cell, and whether handover of the sRNA to its target enables or even facilitates cleavage. To 
this end, activity assays with two key bacterial endoribonucleases, RNase E and RNase III, were carried out. In 
these assays, RNase E cleavage of RyhB and CyaR was tested when presented by only Hfq or as part of an RNA 
carrier assembly (Figure 21). RyhB and CyaR stability has previously been shown to be controlled by RNase E 
(Masse et al., 2003; Kim & Lee, 2020). A truncated version of RNase E (rne1-850) that lacks the PNPase binding site 
was added as an assembly with two canonical components of the E. coli RNA degradosome: the RNA helicase RhlB 
and the glycolytic enzyme enolase. This assembly is the focus of study in Chapter III and will be referred to as the 
truncated degradosome. The experiments described here were carried out in buffer conditions that are non-
catalytic for PNPase, and its residual degradation activity is negligible. RyhB was not cleaved efficiently by RNase E 
in the presence of Hfq alone (Figure 21A, 26.0±13.8% of RyhB degraded after 15 minutes), and the formation of a 
PNPase-mediated RNA carrier complex increased its stability only modestly (14.1±9.6% of RyhB degraded after 15 
minutes). On the other hand, RNase E cleaved Hfq-associated CyaR rapidly, suggesting that despite the notion that 
Hfq alone confers general sRNA stability, some sRNAs are still prone to degradation when associated with the 
chaperone (Figure 21B, 94.9% of CyaR degraded after 15 minutes). Strikingly, CyaR was protected from RNase E 
cleavage when wrapped in a PNPase-Hfq-CyaR complex (Figure 21B, 28.5±9.8% of CyaR degraded after 15 
minutes). 
 
RyhB has been shown to be degraded by the duplex-cleaving ribonuclease RNase III as well (Afonyushkin et al., 2005), 
and activity assays were set up to test whether RyhB is protected from RNase III cleavage when part of an RNA carrier 
assembly. The presence of PNPase in addition to Hfq resulted in an increase of RyhB stability compared to the 
reaction with only Hfq (Figure 21C left panel, 38.7±5.6% and 52.2±2.4% RNA degraded after 15 minutes respectively). 






assembly (Figure 21C, middle panel). The gel shift assay presented in Figure 20A indicates that a Hfq-free RyhB-
3ʹETSleuZ duplex is the main product upon dissociation of the 3ʹETSleuZ RNA carrier assembly by addition of RyhB. The 
base-pairing region between these two RNAs spans 20 nucleotides (Lalaouna et al., 2015) (Figure 18), which makes 
the RNA duplex a good candidate substrate for RNase III. Therefore, RyhB degradation by RNase III when adding the 
3ʹETSleuZ sponge to the reaction mixture was tested (Figure 21C, right panel). Notably, RNase III cleaved the RyhB-
3ʹETSleuZ pairs efficiently. When originating from the RyhB RNA carrier assembly, RyhB-3ʹETSleuZ degradation was 
faster than when only Hfq was present in the sample (88.6±2.1% and 78.2±3.7% of RyhB degraded after 15 minutes, 
respectively). The results in this section indicate that PNPase confers sRNA protection from degradation by other 
ribonucleases, but could also increase the efficiency of subsequent RNA degradation in the presence of a base pairing 
RNA partner. This indicates again that PNPase may boost the facilitating role of Hfq to pair sRNAs with their 
corresponding target RNAs.  
 
Figure 21: RNA carrier assemblies protect sRNAs from RNase E and RNase III. Degradation of RyhB (A), CyaR (B) and 
RyhB/3ʹETSleuZ (C) by RNase E (A, B) and RNase III (C), in the absence and presence of PNPase. For the RNase E experiments, 200 
nM RNA was incubated with 200 nM Hfq and 7.5 nM RNase E (1-850)/RhlB/Enolase in the presence or absence of 200 nM 
PNPase. For the RNase III experiments, 200 nM RNA was incubated with 200 nM Hfq and 0.01 U (individual RNAs) or 0.005 U 
(RyhB and 3ʹETSleuZ together) RNase III, in the presence or absence of 200 nM PNPase. Reaction times, in minutes, are given in 







The first electron microscopy studies of PNPase were performed more than half a century ago (Valentine et al., 
1969). Torus shaped particles were visible on EM micrographs after heavy metal coating of the PNPase particles. In 
this chapter, 50 years later, the same technique was used to elucidate the different modes of action of PNPase 
after extensive optimisations of sample preparation and grid freezing. The structure of E. coli PNPase in apo-form 
reveals for the first time the organisation of the KH-S1 portal. Through symmetry expansion and subsequent 
masked 3D classification, different states of the KH and S1 domains were resolved, showing the conformational 
versatility of the PNPase RNA ‘recognition module’ (Figure 7 & Figure 22). Interestingly, Gholzarroshan et al. (2018) 
have postulated that the S1 domains could come together based on SAXS (small angle X-ray scattering) studies of 
hPNPase (human PNPase). Their ensemble models are strikingly similar to the synchronised sub-states depicted in 
Figure 7C. The cryo-EM maps presented here, however, indicate that these KH-S1 sub-states are unlikely to be fully 
synchronised, otherwise they would average better. These results suggest that the conformationally 
heterogeneous KH-S1 portal could constitute a miscellaneous interaction platform that enables PNPase to fulfil a 
wide range of cellular roles. The observations described in this chapter certainly support this hypothesis. 
 
The best studied role of PNPase is that of an exoribonuclease, i.e. the enzyme operating in phosphorolytic mode. 
The structure of the 3’ETSleuZ-bound form of PNPase reveals how the S1 and KH domains of the enzyme come 
together to intercept single stranded RNA substrates (Figure 8 & Figure 22). The 3’-end of the substrate is then 
directed into the central channel of the RNase PH core, where the RNA is digested by phosphorolysis. Interestingly, 
the way in which the KH and S1 domains compact around RNA substrates can also be seen in the transitions 
between some of the sub-states of the apo-PNPase structure (Figure 7B and Figure 8). These observations support 
the hypothesis that the loose ‘beads on a string’-like organisation of the KH and S1 domains enable PNPase to 
efficiently capture RNA targets for degradation. It is possible that a different active site is used for every 
phosphorolytic attack of a phosphodiester bond, which would hint towards a cooperative mode of action between 
the active sites in the RNase PH domains. The structures for E. coli apo-PNPase and PNPase engaged on RNA 
substrates are the most complete to date, and the first cryo-EM models of any PNPase enzyme. 
 
Since the discovery of PNPase by Severo Ochoa and Marianne Grunberg-Manago more than sixty years ago, its 
main contribution to bacterial gene regulation was believed to be RNA processing and degradation, acting as 
described in the previous paragraph for the phosphorolytic mode (Grunberg-Manago & Ochoa, 1955). Over the 
last decade, research has uncovered an important additional role for PNPase in regulation of sRNA function and 
stability (De Lay & Gottesman, 2011). It was found that in E. coli and Salmonella Typhimurium, association with Hfq 
determines whether some, but not all, sRNAs are degraded or stabilised by PNPase. sRNAs that don’t associate 
with Hfq are usually degraded by PNPase after initial cleavage by RNase E (Viegas et al., 2007; Soderbom & 
Wagner. 1998; Andrade et al., 2012). For Hfq-dependant sRNAs, such as type I sRNAs RyhB and GcvB and type II 
sRNAs CyaR and MgrR, PNPase will degrade the sRNA in the absence of Hfq but stabilises them when presented by 






in PNPase deletion strains support the hypothesis of additional regulatory roles for PNPase beyond RNA turnover 
(Bandyra et al. 2016; De Lay & Gottesman 2011; Andrade et al. 2012; Cameron & De Lay, 2016). How PNPase is 
repurposed by Hfq was captured in this chapter via cryo-EM structures of an RNA carrier assembly involving 
PNPase, Hfq and a type II sRNA sponge, 3’ETSleuZ. In particular, the structural data reveal how Hfq and the PNPase 
KH-S1 portal cooperate to coordinate an sRNA and direct it away from the catalytic PNPase core (Figure 14 & 
Figure 22). All three KH domains and all three S1 domains bind 3’ETSleuZ. In vitro binding assays confirm that a 
series of basic residues on the KH and S1 domains are crucial for complex formation (Figure 16). Interestingly, Hfq 
presents 3’ETSleuZ so that only the PNPase RNA recognition module (KH-S1) is engaged. The ability of PNPase to 
lend its RNA recognition module to other effector complexes is likely to be the basis for its pleiotropic roles in 
posttranscriptional regulation (Cameron et al., 2018). 
 
Remarkably, the RNA carrier structure shows for the first time how a class II sRNA interacts with Hfq. That is, a 5’ 
A-rich region engages the Hfq distal side, the RNA then wraps around the circumferential rim for the 3’ poly-
uridine tail to bind the Hfq proximal side (Figure 17). In the PNPase-Hfq-3’ETSleuZ RNA carrier assembly it is mainly 
the RNA on the Hfq distal side that interacts with the KH-S1 portal, where it forms an incomplete Brennan crown 
(Figure 17). This is in agreement with the 3’ETSleuZ sequence, which does not contain six ARN-triplet repeats. 
Instead, only three ARN-triplet repeats could be modelled in the cryo-EM map. Interestingly, however, all six R-
sites on the Hfq distal sides are occupied, whereas three A-sites are not occupied. As such, the PNPase-Hfq-
3’ETSleuZ structure shows how an imperfect ARN-triplet repeat motif in the 3’ETSleuZ sequence, 5’-RN ARN ARN ARN 
RNN NR-3’, is still presented to a partner effector molecule by the Hfq distal side (Figure 17) (A is Adenine, R is a 
purine, N is any nucleotide). In light of the molecular dynamics simulations on the Hfq-Crc complexes presented in 
Chapter I, it is likely that the binding mode between the Hfq distal side and a target sRNA is transient but can be 
stabilised via interactions with the PNPase KH and S1 domains. For example, due to partly unoccupied A-sites on 
the Hfq distal site, the RNA backbone lifts off the Hfq distal side and is caught by a PNPase S1 domain (Figure 17C, 
left panel), which could help stabilise the interaction.  
 
For longer type II sRNAs, like CyaR, cryo-EM reconstructions show how two Hfq chaperones can participate in the 
formation of an RNA carrier assembly. Remarkably, PNPase can accommodate a second Hfq hexamer via a 
reorganisation of one of its KH-S1 pairs to adopt a more open KH-S1 portal (Figure 19D). An open question is why 
two Hfq hexamers would be needed to present CyaR to PNPase, and whether more than two Hfq hexamers would 
be needed for even longer sRNA substrates. Interestingly, class I sRNAs, such as RyhB, are also stabilised by 
formation of ternary complexes with PNPase and Hfq (Bandyra et al., 2016; Cameron and De Lay, 2016; De Lay and 
Gottesman, 2011). Since class I sRNAs are not predicted to bind the Hfq-distal side, it is unclear how Hfq would 







Figure 22: Schematic overview of the RNA degradation and RNA carrier modes of PNPase. Apo-PNPase can capture a sRNA via 
its flexibly tethered KH-S1 portal for degradation in the core via phosphorolysis (i), releasing nucleoside diphosphates (ii). When 
the sRNA is presented by Hfq, PNPase switches to its RNA carrier mode, lending its KH-S1 portal as a binding platform (iii). 
Wrapped in an RNA carrier assembly, the sRNA is protected against other ribonucleases in the cell, such as RNase E and RNase 
III. If an RNA target engages the RNA carrier complex the sRNA is released to pair with the target, which results in dismantling 
the PNPase-Hfq ternary complex (iv). Ribonucleases, including PNPase can now cleave the RNA target. 
The structural data and complementary cell-based mutagenesis assays describe how RNA carrier assemblies form 
and confirm their relevance in vivo. However, these experiments do not elucidate the functional roles of 
repurposed PNPase assemblies beyond protection of the sRNA from PNPase activity itself. A series of EMSAs and 
activity assays resulted in an interesting set of putative roles for PNPase-Hfq regulatory complexes. EMSAs show 
PNPase-Hfq based RNA carrier assemblies form on 3’ETSleuZ, CyaR (both type II sRNAs) but also on RyhB, a type I 
sRNA. Strikingly, when the target RNAs of these respective sRNAs are added to the mixture, the RNA carrier 
complexes disassemble. In the case of 3’ETSleuZ and its target RyhB, one of the main products after the ternary 
complex is dismantled are Hfq-free 3’ETSleuZ-RyhB pairs. These findings suggest that PNPase-Hfq carrier assemblies 
could facilitate pairing of 3’ETSleuZ to its RNA target RyhB, and subsequent offloading from Hfq (Figure 20A). CyaR- 
and RyhB-based RNA carrier complexes are also dismantled upon addition of their RNA targets, yet no Hfq-free 
sRNA-RNA target duplexes were observed on the gels. It is possible, however, that these duplexes are still bound 
to PNPase. Presumably, many cellular RNAs will compete with a sRNA for PNPase or Hfq binding and can disrupt 
the RNA carrier assembly. Therefore, off-target dismantling of the RNA carrier assembly is likely to be prevalent in 
the cell, without downstream RNA pairing. Lastly, activity assays reveal how the interactions in the ternary 
complex can shield CyaR and RyhB from digestion by RNase E. In addition, RNA carrier assemblies can shield RyhB 






putative RyhB-3’ETSleuZ pairs is very efficient. In summary, it is likely that RNA carrier assemblies can protect sRNAs 
from degradation in the cell and help present them to their target mRNAs to facilitate subsequent regulation. With 
the ternary complex structures in hand, I sought to elucidate the structural basis for the apparent facilitating role 
of PNPase on sRNA action by imaging quaternary complexes with the target RNAs (e.g. PNPase-Hfq-3’ETSleuZ-RyhB). 
However, extensive efforts to make the quaternary assembly with target mRNAs resulted only in PNPase-RNA 
particles, and the results in Figure 20 may offer an explanation, in that the ternary complex is inherently 
destabilised by target RNAs.  
 
In E. coli and other Gram-negative bacteria, Hfq-bound sRNAs regulate many cellular processes, such as biofilm 
formation, antibiotic resistance, DNA repair and motility (Holmqvist et al. 2010; Jorgensen et al. 2013; Nishino et 
al. 2011; Thomason et al., 2012; Chen & Gottesman, 2017). Given this novel role of PNPase in sRNA mediated 
regulation, many of the phenotypes associated with loss of PNPase are potentially explained by its dual role in 
sRNA stability and presentation. Modulation of PNPase activity is not limited to E. coli and RNA carrier complexes 
built on PNPase have potentially evolved beyond bacteria. In humans, PNPase (hPNPase) localises in between the 
mitochondrial inner and outer membrane (Inter Membrane Space, IMS) (Chen et al., 2006). Many roles have been 
reported for hPNPase, including mitochondrial RNA import. In particular, it has been shown that hPNPase binds 5S 
rRNA and RNase MRP/RNase P RNAs to help mediate import into the mitochondrial matrix (Wang et al., 2010). 
Strikingly, catalytic activity is not necessary for PNPase to facilitate transport, and a short, 20-nucleotide stem-loop 
in the RNase P and RNase MRP RNAs serves as an anchor for PNPase. Golzarroshan et al. further showed that the 
S1 domains of hPNPase are crucial for binding these stem-loops, whereas they are not needed for binding and 
degrading single stranded sRNA species (Golzarroshan et al., 2018). This is in agreement with the structures above, 
where a short stem-loop in 3’ETSleuZ is extensively coordinated by the E. coli KH-S1 portal. Through its role in 
facilitating RNase P and RNase MRP RNA transport across the mitochondrial IMS, PNPase directly controls 
mitochondrial RNA maintenance and cellular respiration (Shimada et al. 2018; Shokolenko & Alexeyev, 2017). 
Besides 5S rRNA and RNase MRP/RNase P RNAs, PNPase was also shown to facilitate the import of miRNAs, such as 
miR-378, into mitochondria (Shepherd et al., 2017). Finally, and perhaps more controversial, hPNPase is believed 
to mediate the import of long non-coding RNAs such as the RNA component of telomerase (TER) for processing, 
after which it is again exported to the cytoplasm by hPNPase (Cheng et al., 2018). Clinical studies show that some 
phenotypes related to mutations in PNPT1, the hPNPase gene, such as axonal neuropathy, Leigh Syndrome, 
hereditary hearing loss and delayed myelination could be related to impaired mitochondrial RNA import (Sato et 
al., 2018; Vedrenne et al., 2012; von Ameln et al., 2012). How hPNPase mediates transport across the IMS remains 
to be answered, but the KH-S1 portal is likely to play a crucial role, and there might be similarities with the way 
RNA carrier complexes in E. coli lend their KH and S1 domains to other effector molecules.  
 
The structures above display new interactions between putative RNA binding motifs in conserved domains and 
target RNAs. For example, the structure of the ternary complex reveals a mode of cooperation between an S1 
domain and Hfq to interact with RNA. In E. coli, the S1 protein of the ribosomal small subunit has a string of four S1 






2013), and these might form similar interactions with transcripts bound by Hfq. A recent study on 100S hibernating 
ribosomes revealed how one of the S1 domains interacts with the anti-Shine-Dalgarno sequence of the 16S rRNA 
(Beckert et al., 2018). This interaction pattern is similar to the interactions observed for the PNPase-S1 domain and 
3ʹETSleuZ in the RNA carrier assembly (S1-1, Figure 14D). Therefore, this model might explain how the Hfq distal side 
and ribosomal S1 could act together on certain transcripts to help determine their fate. In this mode, the proximal 
face of Hfq would be exposed to recruit sRNAs that can remodel the translation machinery to either support 
translation or to trigger degradation by ribonucleases such as RNase E.  
 
In Summary, the results presented in this chapter elucidate an alternative function for bacterial PNPase in the cell. 
PNPase does not solely degrade or process RNA substrates but can lend its KH-S1 portal as a complex interaction 
platform for sRNAs and their RNA targets. Repurposing of PNPase into this RNA carrier mode is triggered by Hfq-
mediated presentation of a sRNA. As long as the sRNA is wrapped in the RNA carrier assembly, it is protected from 
ribonucleases such as RNase E/the RNA degradosome and RNase III. When a target RNA engages the RNA carrier 
complex it dissociates, releasing Hfq. After handover, the sRNA-RNA target pair can be targeted by ribonucleases. 
Given the many key functions of sRNAs in bacteria, it is clear that PNPase can act as a nuanced but pivotal node in 







5 Materials and methods 
5.1 Hfq expression and purification 
pEH-10-(hfq) was transformed into chemo-competent BL21(DE3) cells via standard heat shock transformation. 
2×YT media (Formedium) supplemented with 100 μg/ml carbenicillin was inoculated with overnight precultures 
and grown at 37°C. The cultures were induced with 1 mM IPTG at OD600nm 0.45. 3 hours after induction, cells were 
harvested by centrifugation (Beckman 4.2 rotor, 5000 g; 20 minutes), resuspended in lysis buffer (50 mM Tris pH 8, 
1.5 M NaCl, 250 mM MgCl2, 1 mM EDTA, 1 protease inhibitor cocktail tablet (Roche)) and flash frozen in liquid 
nitrogen. 
Upon thawing the cells were passed thrice through an EmulsiFlex-05 cell disruptor for lysis (10-15 kbar, Avestin). 
The lysate was clarified with centrifugation (4°C, 30 minutes, 37500 g) and incubated in an 85°C water bath for 20 
minutes. The lysate was then centrifuged again (20°C, 30 minutes, 37500 g) to pellet the precipitate. Ammonium 
sulfate was added to the supernatant up to 1.6 M followed by another centrifugation step (20°C, 30 minutes, 
37500 g). The final supernatant was loaded onto a HiTrap Butyl–Sepharose column (GE Healthcare) equilibrated 
with HfqA buffer (50 mM Tris pH 8.0, 1.5 M NaCl, 1.5 M (NH4)2SO4). Proteins were eluted with an isocratic 
gradient of HfqB buffer (50 mM Tris pH 8.0) and analysed on SDS–PAGE. Fractions enriched with Hfq were pooled, 
concentrated to 2 ml with a 15 ml Amicon Ultra 30,000 MWCO concentrator (Millipore) and loaded onto a 
Sephadex 75 gel filtration column (GE Healthcare) equilibrated with HhfqC buffer, containing 50 mM Tris pH 8.0, 
100 mM NaCl, 100 mM KCl and 1 protease inhibitor cocktail tablet (Roche). Fractions were analysed by SDS– PAGE 
and the concentration of clean Hfq fractions was determined spectroscopically using a NanoDrop ND-1000 
spectrophotometer (Thermo Scientific) and a λ280nm extinction coefficient of 4470 M-1cm-1 (per Hfq protomer) 
before the samples were flash frozen and stored at -80°C.  Each fraction was also analysed via SDS-PAGE (Figure 3) 
5.2 PNPase expression and purification 
pET_Duet_pnpwt was transformed into chemo competent BL21(DE3) cells via standard heat shock transformation. 
2×YT media (Formedium) supplemented with 100 μg/ml carbenicillin was inoculated with precultures (grown for 
2hr at 37°) and grown at 37°C. The cultures were induced with 0.5 mM IPTG at OD600nm 0.45 and the temperature 
was reduced to 25°C. 3-4 hours after induction, cells were harvested by centrifugation (5000 g, 20 minutes), 
resuspended in lysis buffer (20 mM Tris pH 8, 150 M NaCl, 150 mM KCl, 5 mM MgCl2, 1 mM EDTA, 1 protease 
inhibitor cocktail tablet (Roche)) and flash frozen in liquid nitrogen. 
Upon thawing the cells were passed thrice through an EmulsiFlex-05 cell disruptor for lysis (10-15 kbar, Avestin). 
After lysis, the lysate was clarified by centrifugation (4°C, 30 minutes, 37500 g) and PNPase was precipitated with 
ammonium sulphate (51.3% saturation) for 1 hour at 4°C. The sample was centrifuged (4°C, 30 minutes, 37500 g), 
and the pellet was resuspended in Q Buffer A’ (20 mM Tris-HCl pH 8.5, 0.5 mM TCEP, 10% v/v glycerol, EDTA-free 






mM Tris-HCl pH 8.5, 30 mM NaCl, 0.5 mM TCEP, 10% v/v glycerol) and eluted with a 0-60% gradient of Q Buffer B 
(Q Buffer A with 1 M NaCl). Fractions from the Q column were evaluated by SDS-PAGE and those containing 
PNPase were pooled and supplemented with 1mM MgCl2 and 45 mM Na phosphate pH 7.9 and left on the bench 
for 30 min to let PNPase degrade the remaining RNAs. Next, 0.9 M (NH4)2SO4 and 1 mM TCEP were added and the 
protein solution was loaded on a 5 ml HiTrap Butyl-Sepharose column (GE Healthcare) equilibrated with BS Buffer 
A (50 mM Tris-HCl pH 7.5, 1 M (NH4)2SO4, 0.5 mM TCEP) and eluted with a 0-66% gradient of BS Buffer B (50 mM 
Tris-HCl pH 7.5). Fractions containing PNPase were pooled, concentrated with Amicon Ultra 30,000 MWCO filter 
units (Millipore) and loaded on a Superdex 200 10/300 GL gel filtration column (GE Healthcare) equilibrated with a 
buffer composed of 20 mM Tris-HCl pH 8.0, 150 mM NaCl, 5 mM MgCl2, 0.5 mM TCEP, 10% (v/v) Glycerol. Purified 
protein concentration was determined spectroscopically using a NanoDrop ND-1000 spectrophotometer (Thermo 
Scientific) and a λ280nm extinction coefficient of 30370 M-1cm-1 (per PNPase protomer). Protein fractions were flash 
frozen in liquid nitrogen and stored at -80°C. All peak fractions were analysed via SDS-PAGE (Figure 3). All PNPase 
mutants used in this study were cloned into pET_Duet and expressed/purified in a NRD1617 Δpnp strain 
(BL21(DE3)) via the protocol described above. The cloning entails is a tailored three step PCR-fusion protocol and 
will be described in detail in Chapter III.  
5.3 In vitro transcription and RNA purification 
All RNAs used in this study (3’ETSleuZ, RyhB, CyaR, ompX, chiP), except for GcvB, were prepared by in vitro 
transcription (IVT) according to standard protocol. The templates for IVT for RyhB and CyaR were PCR products 
amplified from a vector carrying the target sequence (available in the lab) with Phire Hotstart II polymerase 
(Thermo Fisher) (Table 3). The templates for IVT for 3’ETSleuZ, chiP and ompX were generated by heating 
overlapping oligomers (Sigma) at 95°C for 15 minutes and cooling them down to room temperature by turning off 
the heat block for hybridisation (Table 3, highlighted with *). The sequences for PCR primers and DNA 
oligonucleotides are summarised in Table 3. Both the primers and oligonucleotides contain a promoter sequence 
recognized by T7 RNA polymerase during IVT. IVT was run for 5 hours at 37°C and quenched with Turbo DNase I 
(Ambion) and 50 mM EDTA (final concentration). IVT products were purified on a 6-8% polyacrylamide denaturing 
gel with 7M Urea (National Diagnostics), bands containing RNA were visualised by UV-shadowing, excised, 
electroeluted in TBE (Whatman Elutrap) (overnight) and cleaned up using PureLinkTM RNA Microscale Kit 
(Invitrogen). CyaR samples were prepared by Dr. Kasia Bandyra, Luisi group, Department of Biochemistry, 
University of Cambridge. 
Table 3: Primers and oligonucleotides (*) used for preparation of IVT templates 
























5.4 Denaturing gel-electrophoresis  
Denaturing gel-electrophoresis of RNA samples was performed at room temperature using polyacrylamide gels 
with 7 M Urea, in 1× TBE buffer (SequaGel UreaGel System, National Diagnostics). Samples were mixed with RNA 
loading dye (Thermo Fisher) and heated to 95°C for 3 minutes before loading them on the gels. Gels were run for 
30 min at 200V or for 3 – 5 hours at 240-260 V depending on the size of the gel. Gels were stained for 30-60 min in 
SYBR Gold solution (Invitrogen) and RNA was visualised with GeneSnap. 
 
5.5 PNPase cloning  
PNPase mutagenesis was carried out by Dr. Kasia Bandyra, Luisi group, Department of Biochemistry, University of 
Cambridge. Mutants of the PNPase gene for activity- and gel-shift assays were prepared by two successive PCR 
reactions. In the first step, two fragments were PCR-amplified using the wild type PNPase gene as a template: one 
using the forward primer PNPaseNcoFor and a reverse primer introducing the mutation (primers PNPaseS1x2Rev 
or PNPaseKHx2Rev or PNPaseS1x4Rev) (Table 4); the other using a reverse primer PNPaseNotRev and a forward 
primer introducing the mutation (primers PNPaseS1x2For or PNPaseKHx2For or PNPaseS1x4For) (Table 4). PCR 
products were resolved on 1% low melting point agarose gel (Sigma), the bands of interest were excised and after 
melting the matrix at 70°C, they were mixed in one PCR reaction which amplified the entire PNPase gene, with 
mutations, using primers PNPaseNcoFor and PNPaseNotRev. The product of the last PCR was digested with NcoI 
and NotI (NEB), resolved on a low melting point agarose gel, and the gel band was directly ligated with T4 ligase 
(NEB) into a pET duet plasmid, which had been digested with the same restriction enzymes and 
dephosphorylated with CIP (NEB) according to the manufacturer’s instructions. A detailed description of this 






Table 4: Primers for PNPase cloning 
Primer Sequence (5’>3’) 
PNPaseNcoFor TATACCATGGTTGCTTAATCCGATCGTTCGTAAATTCC 
PNPaseNotRev TATATAGCGGCCGCTTACTCGCCCTGTTCAGCAGCCG 






5.6 Cryo-EM sample preparation 
5.6.1 Complex stabilisation with GraFix 
A continuous 0-30% (v/v) glycerol gradient was set up in 4.5ml tubes with a Gradient Master 108 (Biocomp 
instruments), according to standard protocols. In parallel, a dual 0-30% (v/v) glycerol/0-0.15% (w/v) glutaraldehyde 
gradient was made. The base buffer for both was 20 mM Hepes pH 8.0, 150 mM NaCl, 5 mM MgCl2, 0.5 mM TCEP. 
After dialysis of the samples in the base buffer, 200 nmoles of PNPase, PNPase-sRNA or a preformed PNPase-Hfq-
3’ETSleuZ complex were added on top of the gradients. The tubes were subjected to ultracentrifugation (SW60-Ti) 
for 18 hours at 164000 g.  
 
Gradients were fractionated into 200 microL fractions with a peristaltic pump (at 4°C) and the tube with crosslinker 
was quenched with 10mM Tris-HCl pH7.5. Fractions coming from the gradient without glutaraldehyde were 
precipitated by adding 10% (v/v) of trichloroacetic acid (50% stock). Precipitate was pelleted by 30 minutes 
centrifugation at 15000 g (4°C) and subsequently resuspended in SDS-PAGE loading dye (TruPage LDS sample 
buffer, 200mM DTT). The protein content was analysed via SDS-PAGE. For the fractions containing the assembly of 
interest, the corresponding fractions in the glutaraldehyde-glycerol gradient were pooled, dialysed against the 
GraFix base buffer (20 mM Hepes pH 8.0, 150 mM NaCl, 5 mM MgCl2, 0.5 mM TCEP) to remove glycerol and 
concentrated down to 50 µl. CryoEM grids were prepared with an FEI Vitrobot (IV) and screened on a FEI Talos 
Arctica.  
5.6.2 Preparation cryo-EM samples supplemented with CHAPSO 
PNPase, PNPase-sRNA and PNPase-Hfq-sRNA samples were prepared at 8-12 μM in a buffer containing 20 mM 
Tris-HCl pH 8, 2.5 mM MgCl2, 150 mM KCl and 1 mM TCEP. 3 µl of each sample was applied to glow discharged 
(EasiGlow Pelco) R2/2 Au Ultrafoil grids (Quantifoil), immediately after addition of 8 mM CHAPSO (3-([3-
cholamidopropyl]dimethylammonio)-2-hydroxy-1-propanesulfonate). Excess sample was blotted away with an FEI 
Vitrobot (IV) (100% humidity, 4 oC, blotting force {-2,+2}, 3s blot time). After blotting, the grids were vitrified in 






5.7 CryoEM data collection and image processing 
All datasets were collected on a FEI Titan Krios with a Gatan K2 camera. For PNPase-Hfq-3’ETSleuZ, four separate 
datasets were collected, of which two with a Volta Phase Plate (VPP, FEI). For the PNPase-sRNA constructs, all 
processing was performed in Relion 3.0 (Scheres, 2012; Zivanov et al., 2018). For the apo-PNPase and PNPase-Hfq-
3’ETSleuZ datasets, processing was done in Relion 3.0, after which polished particles were exported to cryoSPARC 
(Punjani et al., 2017) for further 3D classification and refinement rounds as well as 3D variability analysis. For all 
datasets, 2D templates were generated for autopicking by manually picking 1000-2000 particles and running 2D 
classification on them. Several 2D and 3D classification rounds were used to clean the picked set of particles before 
refining the maps. Typically, after performing per-particle CTF estimation and per-particle motion correction/per 
frame radiation-damage weighting another round of 3D refinement was set up. The 3D auto-refinements resulted 
in consensus maps at intermediate- to high resolutions (Figure 6 and Figure 11). From here a tailored approach 
was used to further process the apo-PNPase and PNPase-Hfq-3’ETSleuZ particle sets to deal with conformational 
heterogeneity and increase the information content in the maps. These approaches are discussed in the next two 
paragraphs.  
 
To better resolve the flexible KH-S1 portal in the apo-PNPase reconstruction, a consensus refinement was set up 
with C3 symmetry. Next, the symmetry operators were used to perform symmetry expansion on the particle set. A 
wide mask was generated for a PNPase protomer containing the KH and S1 domains and a masked 3D classification 
was run without alignments, to prevent overfitting. After two more rounds iterative mask improvement and 
subsequent 3D classification, the KH-S1 portal was much better resolved. In addition, three different 
conformational states of the KH and S1 domains were found (Figure 7). In parallel polished particles were 
transferred to cryoSPARC 2.15 and subjected to symmetry expansion and subsequent 3D variability analysis (3DVA) 
(6 modes, 6Å resolution limit). (Figure 6) (Punjani & Fleet, 2020). 
 
The PNPase-Hfq-3’ETSleuZ datasets were processed in Relion 3.0 as described above. Due to significant 
conformational heterogeneity of the KH-S1 portal region compared to the PNPase catalytic core, careful 3D 
classification (both global and focused) was necessary to resolve the hexameric Hfq chaperone in the complex as 
an interpretable feature. Multibody refinement and principal component analysis indicated that there was a 
continuous series of sub-states for the KH-S1-3’ETSleuZ-HFQ region (130 kDa in size) of the complex. However, due 
to internal domain movement between the sub-states, the KH-S1-3’ETSleuZ-HFQ sub-assembly is not a perfect rigid 
body. Therefore, although PCA analysis found the correct modes to describe the continuous movement, the 
improvement in resolution after rigid body refinement was marginal. A different strategy was used to better 
resolve the Hfq region of the ternary complex. Two datasets with VPP and two datasets without VPP were 
collected and each processed separately to get high resolution consensus reconstructions for Bayesian polishing. 
These consensus reconstructions typically had a well resolved density for the core (3 Å) yet diffuse density for the 
KH-S1 portal (Figure 10C). Iterative 3D classification and 3D refinement indicated that for VPP-data, the KH-S1-ETS-
Hfq region had stronger secondary structure features but limited overall resolution. For the non-VPP data, the 






KH-S1-ETS-Hfq sub-states. These observations are in line with the standard effect of VPPs on data: Low-mid spatial 
frequency structure factors are boosted due to the phase shift, but high-resolution features are weakened due to 
the extra carbon layer the electron beam has to travel through. The best results were obtained by exporting and 
combining polished particle sets from all four datasets (two collected with VPP and two without VPP) in cryoSPARC 
and running multiple rounds of heterogenous refinement. This strategy gave the best outcome: a series of discrete 
structures of representing the continuous heterogeneity in the particles, each with well-defined secondary 
structure features and estimated resolutions going up to 4.4 Å in the KH-S1-3’ETSleuZ-HFQ region for the best 
resolved sub-state (Figure 10 and Figure 13). It should be noted that all four datasets were collected on the same 
microscope, with the same magnification and other nominal settings, such as total dose, number of frames per 
movie, etc. In parallel, polished particles sets for the VPP datasets were combined in cryoSPARC for 3DVA (6 
modes, 6Å resolution limit). A detailed overview of the processing pipeline for PNPase-Hfq-3’ETSleuZ is depicted in 
Figure 11). The PNPase-Hfq-CyaR dataset was processed in Relion 3.0 as described above. 
 
Global resolutions were estimated according to GS-FSC (Gold Standard Fourier shell correlation) between two 
independently reconstructed half maps (FSC0.143). Local resolution variations were estimated with Relion, using the 
two independent half-maps, or in cryoSPARC (FSC 0.5). For model building, maps were locally filtered according to 
these locally estimated resolutions. The data processing parameters for apo-PNPase, PNPase-3’ETSleuZ and PNPase-
3’ETSleuZ-Hfq are summarized in Table 1.  
5.8 Model building and refinement 
For initial docking into the apo-PNPase cryo-EM map, MODELLER (Fiser & Sali, 2003) was used to generate a 
homology model based on the crystal structure of C. crescentus PNPase (pdb-ID 4aim) (Hardwick et al., 2012), for 
which the KH and S1 domains were resolved. Initial docking was performed in UCSF Chimera (Pettersen et al., 
2004). A molecular dynamics-based approach, Namdinator (Kidmose et al., 2018), was used to further improve the 
global fit of the KH-S1 domains. The apo-PNPase structure was then used as a starting model for fitting against the 
PNPase-sRNA and PNPase-Hfq-3’ETSleuZ/PNPase-Hfq-CyaR cryo-EM maps. For the PNPase sRNA maps, a co-crystal 
structure of C. crescentus PNPase bound to substrate RNA was used as a reference model for the RNA backbone 
(pdb-ID 4am3) (Hardwick et al., 2010). For the ternary complexes, a crystal structure for E. coli Hfq was docked in 
the cryo-EM maps (pdb-ID 1HK9) and the 3’ETSleuZ RNA backbone was traced in Coot (Emsley et al., 2010). 
Ramachandran outliers were fixed in Coot, as well as overall geometry. Models were refined with Refmac5 as part 
of ccpem 1.4.1 (Murshudov et al. 2011; Burnley et al., 2017) and ISOLDE (Croll, 2018). The quality of the 
stereochemistry was evaluated via the comprehensive validation tool in Phenix 1.18 (Afonine et al., 2018), which 
uses molprobity (Chen et al., 2010). Images and movies were made in UCSF Chimera and PyMoL (DeLano, 2012; 
Pettersen et al., 2004). The statistics for model refinement are displayed in Table 1.  
5.9 Gel mobility shift assays (EMSA) 
All gel shift assays were carried out at 4°C. RNA was used at 400 nM final concentration and PNPase/Hfq were 
added at equimolar ratios unless stated otherwise in Figure 20. The binding buffer consisted of 25 mM Tris pH 8, 






dye (50% (v/v) glycerol, 49.5% binding buffer, 5 mM DTT) was added to the samples before loading them on a 
native gel. Native electrophoresis was performed in 8% polyacrylamide gels supplemented with 10% glycerol, in 
Tris-glycine buffer pH 8.5. The gels were run for 4-5 hours at 150V (4°C) and stained for 30-60 min with SYBR Gold 
(Invitrogen) and visualised with GeneSnap, after excess SYBR Gold was washed from the gel by rinsing with Milli-Q 
water. 
5.10 RNA degradation assays 
Degradation assays were performed as described in Bandyra et al., 2016. For the PNPase degradation assays 
(Figure 15) 200 nM RNA was annealed for 2 minutes at 50oC and mixed with Hfq, if appropriate, in degradation 
buffer (20 mM Tris, pH 7.5, 100 mM NaCl, 1 mM MgCl2, 1 mM DTT, 2 mM sodium phosphate). Degradation was 
started by addition of wild type or mutant PNPase at 37 °C. Samples taken from the reaction were quenched at 
designated time points by adding and equal volume of 0.5 mg/mL proteinase K, dissolved in a buffer containing 
100 mM Tris-HCl pH 7.5, 150 mM NaCl, 12.5 mM EDTA and 1% w/v SDS and incubated at 50oC for 20 min. RNA 
contents corresponding to each timepoint were run on a 8% polyacrylamide, 7.5M urea gel (National Diagnostics) 
in 1xTBE and visualised using Sybr Gold staining (Invitrogen). Quantification was performed with GeneTools 
(Syngene). 
For the truncated degradosome (RNase E (1-850)/RhlB/Eno) degradation assays the procedure was the same but 
degradation reactions were prepared in a buffer consisting of 25 mM Tris-HCl pH 7.5, 50 mM NaCl, 50 mM KCl, 
10 mM MgCl2, 1 mM DTT, 0.5 U/μL RNase OUT (Invitrogen). RNase III assays were performed according to 
manufacturer’s protocol (ShortCut® RNase III; NEB). 
5.11 Immunoprecipitation assays of PNPase 
These experiments were carried out by the De Lay group, Department of Microbiology & Molecular Genetics, 
University of Texas Health Science Center, and are described in Dendooven et al., in preparation. 
5.12 In vivo RNA stability assays and Northern blot analysis 
These experiments were carried out by the De Lay group, Department of Microbiology & Molecular Genetics, 
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In organisms from all domains of life, multi-enzyme assemblies play central roles in defining the lifetime of 
transcripts and in facilitating RNA-mediated control of gene regulation. Bacteria of extremely diverse lineages have 
a key regulatory assembly known as the RNA degradosome, the scaffold of which is often provided by the 
endoribonuclease RNase E. This enzyme contributes a natively unstructured region which by mass, corresponds to 
about a fifth of the assembly. This unstructured property is strongly sustained in a billion years of divergence, in 
marked contrast to the lack of sequence conservation, and is likely to be beneficial at different evolutionary 
timescales. Consequently, the unstructured character makes the RNA degradosome unamenable to conventional 
structural approaches. In this chapter, integrative solution scattering approaches were developed to map the 
ensemble behaviour of the RNA degradosome. In addition, single particle analysis of the catalytic core of the RNA 
degradosome reveals its conformational landscape. Lastly Cryo-electron tomography-based strategies were 
explored to set a foundation for future structural studies of the membrane bound RNA degradosome.  
2 Introduction 
The central dogma in Biology states that a gene is transcribed to mRNA, which is then translated to a gene product. 
The fate of the mRNA and how it affects expression of genes, i.e. post-transcriptional gene regulation, has been 
shown to be just as important as the acts of transcription and translation themselves (Felden & Paillard, 2017). 
Coordination of RNA lifetime, together with adjustments to rates of synthesis, maintains transcript homeostasis, 
enables rapid change of gene expression, and signals cellular status (Adler & Alon, 2018; Sun et al., 2012; 
Haimovich et al., 2013; Peréz-Ortìn et al., 2007; Schmidt & Jensen, 2018; Tudek et al., 2018; Bresson & Tollervey, 
2018). Some transcripts, like rRNAs and tRNAs, are relatively stable. mRNA half-lives, on the other hand, are 
strongly dependent on growth phase and environmental factors (Dressaire et al., 2013). Beyond the codon pattern 
that mRNAs carry for protein translation, they can also encode structural features that define lifetime or the 
potential to be translated before turnover, and its maturation can unmask hidden information made available 
through interactions with other transcripts (Chao et al. 2017; Dendooven et al. 2017). The maturation and 
turnover of this diverse pool of transcripts is tightly regulated in cells from all domains of life (Dendooven et al., 
2020; Tejada-Arranz et al., 2020).  
 
Prokaryotic RNA processing has been extensively studied using bacterial model organisms such as the Gram-
negative Escherichia coli and the Gram-positive Bacillus subtilis, which arose from highly divergent bacterial 
lineages. RNA decay in these bacteria has become centred around multi-enzyme complexes over the course of 
evolution. These assemblies are often built on a membrane-bound multi-domain ribonuclease scaffold: RNase E in 
the case of most Gram-negative bacteria (Bandyra et al., 2013) and RNase Y in Gram-positive microorganisms such 
as Bacillus subtilis and the pathogenic species Staphylococcus aureus (Lehnik-Habrink et al. 2011; Commichau et 
al., 2009; Durand et al., 2015; Roux et al., 2011). RNase E and RNase Y are functionally analogous hydrolytic 
endonucleases with a distinct preference for 5ʹ-monophosphorylated, single stranded RNA species (Hui et al., 






functionally conserved multi-enzyme machineries, often referred to as RNA degradosomes. The widespread 
occurrence of these RNA degrading assemblies among bacteria highlights their functional importance and the 
composition and organisation of bacterial RNA degradosomes has changed markedly during evolution. Even within 
a given organism, the degradosome composition can vary with growth phase and environmental conditions (Aït–
Bara & Carpousis, 2015). Interestingly, bacterial RNA degradosomes have both functional and structural similarities 
to the eukaryotic exosome and the RISC (RNA-Induced Silencing Complex) machinery (Bandyra et al. 2018, 
Dendooven et al., 2020). Given that the degradosome is an essential bacterial machine, it is evident that its activity 
is under tight control. Small regulatory RNAs (sRNAs) and RNA chaperones have been shown to coregulate RNA 
degradation by complementing canonical RNA degradosome assemblies (Dendooven & Luisi, 2017). Moreover, 
negative feedback loops, bacterial inhibitors and even phage encoded effector molecules are known to affect 
degradosome activity (Dendooven & Lavigne, 2019; Dendooven et al. 2017; Van den Bossche et al., 2016).  
 
In this chapter, approaches to explore the structural layout of the E. coli RNA degradosome will be presented. The 
E. coli RNA degradosome was first discovered by Carpousis et al. in 1994, who found that RNase E forms the core 
unit of the assembly (Figure 1A and B). RNase E has a structured catalytic domain, located in the N-terminal half, 
which oligomerises in functional tetramers, and performs the initial cleavage of RNA substrates (Callaghan et al., 
2005). The other portion of RNase E, the C-terminal half, serves as a scaffold for the partner enzymes of the 
degradosome and is predicted to be natively unstructured (Bandyra et al., 2013; Bruce et al., 2018). One partner 
enzyme of the RNA degradosome is the DEAD-box helicase RhlB, which is a canonical degradosome component 
(Figure 1B) (Py et al., 1996). In fact, over the years it has become clear that RNA degradosome assemblies, both in 
Gram-negative and Gram-positive bacteria, consists of at least a ribonuclease and a helicase of the DEAD-box 
family (Aït-Bara & Carpousis, 2015). The latter helps unfolding secondary structures in RNA substrates and may 
help to remodel ribonucleoprotein complexes, making cleavage sites accessible for the ribonuclease. Often 
bacterial degradosomes have more than one ribonuclease, each with different but complementary enzymatic 
activities. PNPase, which has been extensively studied in Chapter II, is the second degradosome ribonuclease in E. 
coli and is also tethered to the RNase E scaffold domain. As described earlier, PNPase is an exoribonuclease that 
catalyses the 3 ʹ->5 ʹ phosphorolytic cleavage of substrate RNAs (Figure 1B). Finally, several degradosomes also 
carry a metabolic enzyme, such as aconitase (Caulobacter crescentus) or phosphofructokinase (B. subtilis and S. 
aureus) (Voss et al. 2014, Lehnik-Habrink et al., 2011; Roux et al., 2011). In E. coli, Enolase fulfils the role of 
metabolic enzyme in the degradosome (Figure 1B), although its role in RNA turnover is still elusive. Studies have 
suggested that Enolase is involved in coupling the energy status of the cell to RNA degradation (Morita et al., 2004; 
Bruce et al., 2018). In addition, association of Enolase with RNase E is required for cell division control under 
anaerobic conditions (Murashko and Lin-Chao, 2017). Together, these four enzymes (RNase E, RhlB, PNPase and 
Enolase) constitute the canonical E. coli RNA degradosome, a complex molecular machine and main actor in steady 







Figure 1: Schematic of membrane association and architecture of the E. coli RNA degradosome. (A) The degradosome is a 
homo-tetrameric multi-enzyme assembly that is tethered to the bacterial inner membrane via the RNase E amphipathic 
Membrane Attachment Helix (MAH). (B) The core component of the degradosome is the endoribonuclease RNase E. RNase E 
consists of an N-terminal catalytic domain, responsible for initial RNA substrate cleavage, and a C-terminal scaffold domain, 
which is predicted to be natively unstructured. The scaffold domain is a mosaic of microdomains involved in recruiting other 
degradosome components and RNA substrates. The Membrane Attachment Helix (MAH) embeds the degradosome into the lipid 
bilayer of the inner membrane. Two RNA binding sites (RBD and AR2) capture RNA substrates for degradation. Interaction sites 
for the other components of the canonical RNA degradosome, the DEAD-box helicase RhlB, the glycolytic enzyme Enolase and 
the exoribonuclease PNPase complete the RNase E scaffold domain. Figure adapted from Bandyra et al., 2013; Dendooven & 
Luisi, 2017; Dendooven & Lavigne, 2019. 
Although this chapter will mainly address large sub-assemblies of the RNA degradosome, there will be a focus on 
strategies to study the C-terminal scaffold domain of RNase E. The RNase E C-terminal half has gained substantial 
interest over the last years, mostly due to its peculiar features beyond being a scaffold region for degradosome 
components. On top of recognition sites for RhlB, Enolase and PNPase, it contains two RNA binding sites, AR2 and 
RBD, that capture RNA substrates for processing (Garrey et al., 2009; Leroy et al., 2002) (Figure 1B). It has been 
suggested that these RNA binding sites can cooperate with RhlB in the degradosome to assist in substrate capture 
and unwinding as well (Khemici & Carpousis, 2004). The RNase E scaffold domain also contains a short amphipathic 
α-helical domain that interacts with the E. coli inner membrane phospholipids, serving as a membrane anchor for 
the degradosome (Figure 1A and B). Membrane localization of the RNA degradosome has been shown to 
contribute additional regulatory layers to RNA turnover in the cell and will be further discussed below (section 2.1). 
In between these microdomains, the RNase E C-terminal half is rich in short linear motifs (SLiMs) that are inherent 






sustain its long, natively disordered scaffold domain (Aït-Bara et al., 2015). What constitutes these evolutionary 
drives will also be discussed below (section 2.2). Lastly the RNase E scaffold domain was found to be involved in 
the formation of putative RNA surveillance assemblies (Tsai et al., 2012), and methods to reconstitute these in 
vitro are presented in this chapter. These RNA degradosome based surveillance assemblies, which will be 
introduced in section 2.3, are believed to prevent spurious transcripts from being transcribed or translated. 
2.1 Sub-cellular localization of the RNA degradosome and implications for gene 
regulation 
It seems likely that RNA stability could be controlled, in part, by its cellular location and concomitant proximity to 
the RNA decay machinery. In many γ-proteobacteria, such as E. coli, the degradosome was shown or predicted to 
associate with the inner membrane (Aït-Bara et al., 2015) (Figure 1). In the Gram-positive bacteria B. subtilis and S. 
aureus, RNase Y based degradosomes are also predicted to associate with the cell membrane (Hunt et al., 2006; 
Aït-Bara et al., 2015). In the α-proteobacterium C. crescentus, however, RNase E lacks an amphipathic helix 
required for membrane-association and was found to be cytosolic (Bayas et al., 2018). Interestingly, the E. 
coli degradosome is highly mobile on the membrane surface but forms transient, punctuate loci that are likely to 
be centres of RNA turnover (Strahl et al., 2015). These transient degradation clusters were postulated to be 
cooperative degradation bodies that form during substrate turnover and diffuse upon depletion of the target RNA. 
 
Preliminary proof for a regulatory role for membrane association of the degradosome was obtained by disabling 
the RNase E membrane attachment helix in E. coli (Hadjeras et al., 2019). It was clear that this engineered 
cytoplasmic form of the degradosome severely disrupts RNA turnover, slowing it down globally, yet increasing 
turnover of exposed RNAs, i.e. RNAs that are devoid of bound ribosomes (Hadjeras et al., 2019). Light microscopy 
studies further showed that transcripts encoding inner membrane proteins had an increased stability in a 
cytoplasmic degradosome background (Moffitt et al., 2016). In a normal bacterial cell these RNAs migrate co-
translationally to the inner membrane via signal peptides, where they are more exposed to the membrane-bound 
degradosome, resulting in shorter half-lives (Moffit et al., 2016). In summary, these studies suggest that 
membrane association of the degradosome adds a spatial layer to post-transcriptional gene regulation, resulting in 
an increased turnover of RNA substrates that reside in proximity to the bacterial inner membrane.  
2.2 Evolutionary forces that keep degradosomes unstructured and opportunities for 
spontaneous compartmentalisation 
Perhaps the most peculiar feature of the bacterial RNA degradosome is the conserved natively unstructured 
character of the RNase E scaffold domain. In the literature, two hypotheses have been advanced to explain the 
evolutionary drive that favours an unstructured scaffold domain. The first hypothesis starts from the observation 
that the RNA degradosome, albeit functionally conserved, has a wide range of canonical partner enzymes over 
different Gram-negative and Gram-positive bacterial phylae (Aït-Bara et al., 2015). It is clear that the degradosome 






that punctuate the RNase E scaffold domains would have to evolve to attract new degradosome partners and 
discard others. It is likely that the unstructured character of the scaffold domain reduces evolutionary constraints 
on doing so because there is less restrictive pressure for the evolving microdomains to fold into a globally stable 
and functional structure (Brown et al., 2002; De Pristo et al., 2005; Marcaida et al., 2006). The consequences of 
mutations in and around these microdomains are acted upon by natural selection without the thermodynamic 
costs intrinsic to folded proteins. In other words, the unstructured RNase E scaffold domain can evolve faster than, 
for example, the structured catalytic half of RNase E. The sequence divergence of the C-terminal scaffold domain 
as opposed to the N-terminal catalytic domain of RNase E supports this hypothesis. 
 
The second hypothesis is based on the recent finding that membrane-less compartmentalisation of regulatory 
processes can occur in cells (Banani et al., 2017). In eukaryotes, organelles compartmentalise and concentrate 
metabolic processes to increase their efficiency and prevent unwanted reactions. In bacteria, physically separated 
compartments do not occur, with a few exceptions (magnetosomes, spores, etc.) (Cornejo et al., 2014). However, a 
secondary, more subtle mechanism of subcellular compartmentalisation has recently been described in eukaryotes 
and prokaryotes (Banani et al., 2017). RNA-binding proteins can cluster in so called membrane-less organelles 
upon interaction with their RNA targets, and this happens via liquid-liquid phase separation (LLPS) (Lin et al., 2015; 
Boeynaems et al., 2018). In eukaryotes for example, large cytoplasmic granules can form under stress conditions 
(Guzykowski et al., 2019), often referred to as messenger ribonucleoprotein (mRNP) granules. It has been shown 
that many RNA binding proteins, RNases, helicases and substrate RNAs can initiate LLPS to form a sequestered 
processive mega body in the cell. Concentrated processes in these mRNP granules seal the fate of substrate RNAs, 
whether it is turnover or storage (Guzykowski et al., 2019). In addition, it was found that within LLPS organelles the 
environment can be altered to behave more like an organic solvent rather than water, altering the stability of 
substrate RNA secondary structures (Nott et al., 2016). It is not yet fully understood what the physico-chemical 
prerequisites are for RNA-containing LLPS to occur. However, two common denominators in the LLPS literature are 
proteins with Intrinsically disordered regions and RNA binding domains (Protter et al., 2018, Banani et al., 2017). 
For example, solid state NMR studies of the RNA binding protein FUS (Fused in Sarcoma), which forms liquid-liquid 
phase separated bodies in vivo, support a model in which LLPS is mediated by the flexible extensions from its 
structured core (Murray et al., 2017; Murthy et al., 2019). 
 
Recent proof of bacterial liquid-liquid phase separated RNA degradosome bodies was published for the aquatic 
Gram-negative bacterium Caulobacter crescentus (Al-Husini et al., 2018). It was found that formation of these 
bodies is dependent on RNA-binding and can be reversed by RNA turnover. As stated above, RNA degradosomes 
have a conserved unstructured character in most bacterial lineages, containing many RNA-binding sites, and 
therefore are good candidate mediators of LLPS within a bacterial cell. A similar phenomenon has been observed 
for the membrane associated E. coli RNA degradosome (Strahl et al., 2015), where degradosomes form transient 
clusters during RNA turnover, as explained above. For the latter, the liquid-liquid phase separated degradosome 
‘nano-organelles’ are likely to be extended in two dimensions over the membrane. A recent breakthrough study 






main RNA substrates captured in these degradosome-based RNP bodies are small regulatory RNAs, antisense RNAs 
and poorly translated mRNAs. rRNAs (ribosomal RNAs) and tRNAs (transfer RNAs), on the other hand, are not 
enriched in degradosome condensates. Not only do these RNP bodies stimulate RNA decay of target RNAs, they 
also prevent accumulation of potentially harmful endo-cleaved degradation intermediates by promoting complete 
mRNA turnover (Al-Husini et al., 2020). In summary, it is apparent the bacterial RNP condensates help organise 
RNA turnover in the cell. At the basis of these nano-organelles is the RNA degradosome with its intrinsically 
disordered character and multiple RNA binding sites. That the unstructured regions in the degradosome seem to 
play key roles in local, transient compartmentalisation may pose a strong additional evolutionary force for these 
scaffold domains to persist in evolution. 
2.3 On-the-fly RNA surveillance opportunities in bacteria 
To prevent accumulation of aberrant transcripts that may be both deleterious and a concomitant waste of energy, 
mRNA quality control mechanisms have evolved in eukaryotes and prokaryotes. Early studies showed that physical 
coupling of transcription-translation-degradation provides the cell with a means to monitor for non-translated 
transcripts, terminate their synthesis (Richardson, 1991), and promote their decay (Lost & Dreyfus, 1995). In 
eukaryotes, cytoplasmic RNA decay happens co-translationally, and the Ski helicase complex is key in this coupled 
process. In particular, the Ski helicase complex, which assists the cytoplasmic exosome in RNA 3ʹ → 5ʹ decay and 
quality control pathways, was found to associate with stalled 80S ribosomes. The interaction exposes the 3ʹ end of 
a mRNA substrate directly off the ribosome. Via the Ski2 helicase channel, the mRNA target is then fed to the 
exosome for degradation (Schmidt et al., 2016). In eukaryotes, such on-the-fly RNA surveillance mechanisms likely 
prevent formation of aberrant transcripts.  
 
There is evidence for transcription-coupled translation and translation-coupled RNA degradation in bacteria too. 
The so-called ‘expressome’ is an RNA polymerase-30S small ribosomal subunit complex that was recently 
characterized structurally and shown to exist in Mycoplasma pneumoniae by in situ tomography studies (Kohler et 
al., 2017; O’Reilly et al., 2020). It was shown that both transcription and translation were needed for an 
expressome to be active. In particular, transcription inhibition resulted in stalled expressomes whereas translation 
inhibition resulted in dissociation of the expressomes (O’Reilly et al., 2020). Recent evidence indicates that the 
coupling of transcription-translation may not occur in the representative Gram-positive bacterium Bacillus subtilis, 
which may also be the case for other related Firmicutes (Johnson et al., 2020). Instead, other ribonucleoprotein 
complexes that form co-transcriptionally may play corresponding roles in regulation of translation and decay in 
these bacterial phylae.  
 
There is precedent for interplay between translation and degradation in bacteria as well, where mRNA lifetime 
could be influenced mostly by the time during which it can support protein synthesis. In E. coli, for example, the 
RNA degradosome can bind ribosomes during translation, and subsequently degrade the single stranded mRNA 
template (Tsai et al., 2012). In this scenario, the mRNA is degraded as a consequence of translation inhibition and 






degradosome associated DEAD-box helicase RhlB is predicted to directly interact with the stalled ribosome, 
analogous to the Ski-complex in eukaryotic RNA surveillance complexes. Interestingly, RNase J based 
degradosomes have also been shown to associate with translating ribosomes in Helicobacter pylori and B. subtilis 
(Redko et al. 2013). In addition, a B. subtilis endoribonuclease with a PIN domain was recently found to associate 
with the ribosome A site and cleave nascent transcripts in a ribosome dependent mRNA decay pathway (Leroy et 
al., 2017). It should be noted, however, that besides degradation of a pool of target transcripts the ribosome 
associated RNA degradosomes could play a role in rRNA maturation as well, but this is yet to be elucidated. Like in 
eukaryotes, the interactions described above could contribute to complex RNA surveillance mechanisms in 
bacteria, where the RNA degradosome prevents aberrant transcripts from being expressed, and at the same time 
rescues ribosomal assemblies.  
2.4 Rationale and research aims 
Many studies, both functional and structural, have been carried out on individual components or small sub-
assemblies of the RNA degradosome. However, no structural research has been published so far on larger sub-
assemblies or the entire complex. It is clear that studying the degradosome as a whole is very challenging and 
many years of research are required to further develop reproducible approaches to do so. This chapter aims to 
contribute to these developments by describing purification strategies, tailored SEC-SAXS ensemble approaches 
and a tomography/sub-tomogram averaging pipeline to study the RNA degradosome. In particular, methods were 
developed to study the three research themes described in the introduction: 1. The natively unstructured 
character of the degradosome; 2. Membrane association of the RNA degradosome and 3. Interactions between the 








3.1 Expression and purification of degradosome assemblies 
Reproducible expression, reconstitution and purification of large RNA degradosome assemblies has been one of 
the main bottlenecks for structural and functional studies. This is in part due the membrane association of the 
degradosome and in part due to its natively unstructured and exposed scaffold region, rendering it prone to 
protease cleavage during purification. In this first section, reproducible purification strategies were developed for a 
truncated version of the RNA degradosome as well as the full RNA degradosome. 
3.1.1 In vivo reconstitution of the truncated RNA degradosome.  
The truncated degradosome is a tetrameric 945 kDa complex comprising RNase E (1-850), RhlB and Enolase (Figure 
2D). The rationale for using a truncated version of the RNA degradosome stems from the possibility that the 
trimeric PNPase, containing three RNase E interaction sites, organises degradosome assemblies into a continuous 
membrane-associated network in the cell by connecting C-terminal scaffold domains (Górna et al., 2012). To 
prevent this from happening in solution and to ensure discrete assemblies, RNase E was truncated to 850 amino 
acids, removing the PNPase binding site altogether. Some of the experiments described below were performed in 
the presence of RNA substrate in the sample. To ensure that the RNA substrate binds but is not degraded, 
catalytically inactive mutants of RNase E (1-850) were cloned (Materials and Methods section 5.1). In particular, a 
D303R/D346R mutant was prepared, as these mutations have been shown to render the RNase E catalytic domain 
inactive (Callaghan et al., 2005). Later on, these mutations were changed to the more stable but equally inactive 
D303N/D346N substitutions (NN-truncated degradosome). For the truncated degradosome activity assays 
described in chapter II, wild type truncated degradosome was used (WT-truncated degradosome). Finally, a 
Manganese-inducible version of RNase E (D346C) was also cloned (Mn-truncated degradosome). The latter was 
cloned for research done by Dr. Saiful Islam, but not used for experiments described in this chapter.  
 
The same purification strategy was used for all constructs described above. The truncated degradosome 
components were co-expressed in E. coli ENS134-10 cells. E. coli ENS134-10 cells have the endogenous full length 
rne gene, encoding RNase E, substituted for rne1-850 to prevent chimeric RNase E/RNase E (1-850) tetramers from 
forming during heterologous expression. An N-terminal His-tag was fused to RNase E (1-850), whereas RhlB and 
Enolase were untagged. Unfortunately, the transformation efficiency after co-transforming multiple plasmids was 
poor, which was narrowed down to a very low transformation efficiency for the Enolase encoding pET21b plasmid. 
Therefore, pET21b was transformed into E. coli ENS134-10 separately, after which the cells were made chemo 
competent again via standard procedures (E. coli ENS134-10_eno). For all subsequent purifications, E. coli ENS134-
10_eno cells were transformed with a pRSF-DUET plasmid encoding RNase E (1-850) and RhlB. Cell growth and 
expression of the truncated degradosome is described in detail in Materials and Methods section 5.2.1.  
 
Before lysing the ENS134-10 cells, a series of additives were included to solubilise the degradosome and prevent 






DDM (final concentrations) were used for degradosome solubilisation. EDTA-free protease inhibitor tablets (Roche, 
according to the manufacturer’s protocol) and 1mM PMSF (final concentration) were added to prevent protease 
digestion. Lastly, 1mM TCEP (final concentration) and 2 μg/ml of DNase I were added to the cells to prevent 
oxidation and to cleave unwanted DNA species during cell lysis. For all subsequent purification steps, 0.02% ß-DDM 
was added to the buffer to keep the degradosome soluble. After lysis by cell rupture and centrifugation a Nickel 
column purification step was carried out to pull down RNase E (1-850). This purification step was carried out in a 
high salt background (1M NaCl) to prevent co-purification of degradosome bound RNA species. Next a cation 
exchange purification step was carried out with a SP column to further remove RNA impurities from the sample. In 
a final purification step, aggregated complexes were removed from the sample with a Superose 6 10/300 GL size-
exclusion column (Figure 2A). All purification steps were carried out at 4°C and within 24 hours, to limit proteolysis 
as much as possible. Using this highly reproducible purification strategy, the resulting truncated degradosome 
samples are pure and with very limited proteolysis contaminants (Figure 2A). From 6 x 0.5L 2xYT cultures 5mg of 
truncated degradosome was purified on average. For all truncated degradosome experiments in this chapter, the 
NN-truncated degradosome was used, unless stated otherwise. 
3.1.2 Pull down of the endogenous full RNA degradosome 
Several approaches were taken to purify the whole E. coli RNA degradosome (see also sections 3.1.3 and 3.1.4). 
Initially, attempts were made to purify the endogenous degradosome from E. coli NCM3416 cells (Carpousis lab, 
LMGM, University of Toulouse, France), which carry a chromosomal strep-tagged RNase E (N-terminal). A detailed 
protocol is described in Materials and methods (section 5.2.2). The same additives were added to the NCM3416 
cells before lysis as for the truncated degradosome, but the lysate was loaded on a Strep column in a high salt 
background and eluted with Desthiobiotin. Peak fractions were pooled and loaded onto a Heparin column. The 
degradosome was eluted with a linear gradient of a high salt buffer. The resulting samples were relatively clean in 
terms of protein content, with only a few weak contaminant bands on an SDS PAGE gel (Figure 2B), and the 
purified endogenous RNA degradosome was shown to be active (data not shown). However, the yield was low, 
with only 0.01 mg of protein from 10 x 1L cell cultures, and the purified sample was contaminated with nucleic acid 







Figure 2: Overview of RNA degradosome purification results. (A) Gel filtration elution profile of the in vivo reconstituted 
truncated degradosome (left) and subsequent SDS-PAGE analysis (right). (B) Heparin elution profile of the endogenous RNA 
degradosome (left) and subsequent SDS-PAGE analysis (right) after trichloroacetic acid (TCA) precipitation. No further analysis 
was performed on the endogenous RNA degradosome. (C) Gel filtration elution profile of the in vitro reconstituted RNA 
degradosome (left) and subsequent SDS-PAGE analysis (right). Fractions used for further experiments are highlighted by an 
accolade under the elution profiles. Protein standards are annotated on the left of each gel (in kDa). Protein bands are 
annotated on the right of each gel, corresponding fraction numbers are annotated on top of each gel. M12, Mark 12 protein 
ladder. * indicates a known proteolysis product, i.e. the RNase E catalytic domain. (D) Schematics of the RNA degradosome (left) 






3.1.3 In vitro reconstitution of the full RNA degradosome  
To achieve a higher yields and lower RNA contamination in the full RNA degradosome sample, an in vitro 
reconstitution protocol was developed. Both wild type RNase E and a D303N/D346N mutant were cloned and 
purified. Components of the degradosome were expressed separately. Enolase, PNPase and RhlB were expressed 
separately in E. coli BL21(DE3) cells. 6xHis-tagged RNase E (1-1061) (pET15) was expressed in E. coli C43 cells. Cells 
harvested separately from 6 x 0.5 L RNase E culture, 1 x 0.5 L Enolase culture, 1 x 0.5 L PNPase culture and 1 x 0.5 L 
RhlB culture were mixed together during high pressure cell rupture to reconstitute the RNA degradosome in vitro. 
The next steps are identical to the purification protocol for the truncated degradosome (section 3.1.1). All steps 
were performed at 4°C and the purification was done within 24h to prevent extensive proteolysis of the RNase E 
scaffold domain. Nevertheless, some contaminating bands and proteolysis products remained after three 
purification steps (Figure 2C). From the mixed culture volumes described above, 0.5-1 mg of full-length RNA 
degradosome was purified.  
3.1.4 In vivo reconstitution of the full RNA degradosome 
Attempts were made to reconstitute the full RNA degradosome in vivo. Co-transforming four different plasmids 
(one for each RNA degradosome component) for in vivo assembly was unsuccessful. Therefore, only 6xHis-RNase E 
(1-1061) was expressed in E. coli and purified as described in section 3.1.1. Interestingly, endogenous PNPase co-
purified at stoichiometric amounts (data not shown). RhlB and Enolase, however, co-purified at sub-stoichiometric 







3.2 The truncated degradosome is a discrete, homogeneous assembly 
After optimising expression and purification protocols for the RNA degradosome, experiments were set up to 
probe the oligomeric state of the purified degradosome, i.e. tetrameric or monomeric RNase E, and explore its 
natively unstructured character. The analyses entailed analytical ultracentrifugation (AUC), dynamic light scattering 
(DLS) and SEC-SAXS (Size Exclusion Chromatography-Small Angle X-ray Scattering). For all these experiments the 
ribonuclease inactive NN-truncated degradosome, for which sufficiently high yields were routinely achieved, was 
used.  
3.2.1 Analytical ultracentrifugation 
Analytical ultracentrifugation (AUC) is a rigorous and accurate biophysical technique that is used to estimate the 
molecular weight and homogeneity of a protein or protein assembly and to assess its stability (Cole et al., 2008). A 
sample is typically subjected to high centrifugation forces inside an AUC cell and the sedimentation velocity or 
sedimentation equilibrium inside the cell is measured by tracking UV absorbance or interference of the sample 
along the cell. To calculate the sedimentation coefficient, truncated degradosome was freshly prepared at 0.4 
mg/ml in 50 mM Tris-HCl pH 7.5, 400 mM NaCl, 100 mM KCl, 5 mM MgCl2, 1 mM TCEP, 0.02% ß-DDM and 10% 
(v/v) glycerol. The sedimentation velocity of the truncated degradosome was measured over 12 hrs, while spinning 
at 4°C in vacuum, 50 000 g. Analysis of the AUC data was carried out in SedFit (Zhao et al., 2013) and resulted in an 
estimated mass of ~833 kDa after solving the Lamm equation (Figure 3A). The buffer conditions and temperature 
were corrected for by calculating the buffer density and viscosity with SEDNTERP (http://jphilo.mailway.com). 
According to the AUC data, the sample is homogeneous, with 85% of the particles corresponding to the main peak. 
Interestingly, a frictional ratio of 1.48 was estimated, indicating that the truncated degradosome is extended. The 
theoretical mass for the truncated degradosome is 945 kDa, which is within the 10-15% accuracy limits of AUC, 







Figure 3: Biophysical analyses of the truncated RNA degradosome. (A) Analytical ultracentrifugation experiments reveal a homogenous truncated degradosome with a molar mass estimated at 
833 kDa. A frictional ratio of 1.48 was estimated, indicating that the truncated degradosome is elongated. Absorbance profiles during the ultracentrifugation are shown in the top panel, fitting 
residuals are shown in the middle panel and molar mass distribution is shown in the bottom panel. (B) Dynamic light scattering experiments indicate that the truncated degradosome is 






a single peak. (D) The Radius of gyration, Rg, as monitored over the elution peak with dataSW (Shkumatav & Strelkov, 2015), shows that the truncated degradosome assembly has a high degree 






3.2.2 Dynamic light scattering 
Dynamic light scattering was used as a secondary check for truncated degradosome homogeneity and to estimate 
particle dimensions by calculating its hydrodynamic size. DLS monitors the Brownian motion of particles in solution 
with light scattering and fits an auto-correlation function to deduce the translational diffusion coefficient, D, which 
is lower for larger particles. The diffusion coefficient is then used to estimate the hydrodynamic radius, a measure 




, with dH the hydrodynamical radius, k the Boltzmann constant, T the absolute temperature, ' the viscosity and D 
the translational diffusion coefficient.  
 
DLS experiments were carried out in close collaboration with Ms. Giulia Paris. Figure 3B shows a representative 
outcome of a DLS experiment on the truncated degradosome in an intermediate-salt buffer (50 mM Tris-HCl pH 
7.5, 200 mM KCl, 50 mM NaCl, 5 mM MgCl2, 1 mM TCEP and 0.02% ß-DDM). Three measurements were taken per 
degradosome sample, and size distributions were plotted by intensity. The truncated degradosome sample is 
monodisperse, with a polydispersity index (PDI) recorded at 0.173, and has a hydrodynamic size estimated at 
approximately 330 Å in the buffer above (Figure 3B). The latter again indicates that the truncated degradosome is 
an extended protein complex.  
3.2.3 SEC-SAXS 
To further explore the structural characteristics of the truncated degradosome, Small Angle X-ray Scattering 
coupled to Size Exclusion Chromatography (SEC-SAXS) experiments were carried out. In SAXS experiments, a 
solution of the protein of interest is exposed to monochromatic beam of X-rays and the scattered X-rays are 
recorded (see thesis Preface for a brief introduction to SAXS). This X-ray scatter profile, or the intensity profile, I(q), 
can be used to extract important structural information such as oligomeric state, flexibility, compactness, 
homogeneity and overall shape of a protein or protein assembly (Skou et al., 2014). Coupling SAXS to Size 
Exclusion Chromatography has allowed for the separation of oligomeric states/aggregation in the sample prior to 
exposure to X-rays and has been shown to significantly improve reproducibility (Mathew et al., 2004). 
 
Here the purified truncated degradosome was concentrated to 2.2 µM, 4.4 µM, 7.2 µM and 14.4 µM for SEC-SAXS 
measurements at the I22 beamline at Diamond light source (Harwell campus, Didcot, UK). The samples were 
loaded on a Superose 6 Increase 3.2/300 GL equilibrated in 50 mM Tris-HCl pH 7.5, 400 mM NaCl, 100 mM KCl, 5 
mM MgCl2, 1 mM TCEP and 0.01% ß-DDM. For all samples loaded the degradosome eluted as a single, reasonably 
symmetric peak (Figure 3C). As the sample eluted from the column the radius of Gyration, Rg (Å), of the truncated 
degradosome was monitored over the peak (Figure 3D). This confirmed that the purified truncated degradosome 







The most information-rich output from a SAXS experiment is the one-dimensional intensity profile (I(q)), which 
plots the intensity of the scattered X-rays as a function of resolution. For SEC-SAXS, these intensity curves are 
typically obtained by radially averaging the circular scattering patterns for each frame in the SEC elution profile 
(Figure 3C) and subtracting the intensity profile of the running buffer from them. Next a suitable range of frames 
under the elution peak is defined and the intensity profiles for these frames are averaged together (Figure 3D). The 
resulting intensity curve forms the basis for all subsequent analyses.  
 
3.2.3.1 Structural characteristics of the truncated RNA degradosome 
The averaged intensity curves for the different truncated degradosome samples are presented in Figure 4A. The 
higher the concentration of truncated degradosome in the sample, the better the signal to noise ratio, especially at 
regions corresponding to higher spatial frequency (high q range). All four curves have the same overall shape and 
align well (Figure 4A). At low spatial frequency (low q range), however, higher concentrations correlate non-
linearly with I0 values (I0 is the intensity at q=0), and the intensity curves have a relatively poor overlap (Figure 4B). 
These observations are indicative of interparticle interactions in the sample at higher concentrations. Given the 
perfect overlap at intermediate and high q ranges, the intensity curves were merged with ALMERGE (Figure 4C) 
(Franke et al., 2012). In this merged intensity curve the low spatial frequency range was taken from that of the 
sample with the lowest concentration (2.2 µM), free of inter-particle interactions, and the intermediate/high q 
ranges was taken from the most concentrated sample (14.4 µM).  
 
Overall the intensity profile for the truncated degradosome is rather featureless (Figure 4C). This indicates that the 
curve is likely to represent an average of different intensity profiles, each corresponding to a different 
conformational state of the truncated degradosome in solution. In other words, this observation is a first strong 
indication that the truncated degradosome is conformationally heterogeneous, and that the experimental 
intensity curve represents a pool of widely different conformational states (Figure 6A). Guinier analysis shows that 
there are no signs of aggregation in the sample, and estimates the Radius of gyration (Rg), which is a measure for 
the overall spread of mass in the particle, at 137 Å (Figure 4D). Even though the protein assembly is close to 1 MDa 
in molecular weight, such a large Rg indicates that the truncated degradosome is a highly extended protein 
assembly. The indirect Fourier transform of the intensity curve I(q) generates the pair-distribution function (Pr), 
which is the SAXS equivalent of the Patterson function in X-ray crystallography. The Pr is a distance distribution 
function of all atom pairs in the protein assembly and is used to e.g. estimate the maximum inter-atomic distance 
(Dmax). For the truncated degradosome the Dmax was estimated at 427 Å, which again indicates that the 
degradosome is highly extended (Figure 4D). Moreover, the Pr function is bimodal, which is typical for multidomain 
assemblies. Finally, the Kratky plot (normalised for radius of gyration) indicates that the truncated degradosome 
has a high degree of flexibility (Figure 4E). In particular, the shape of the Kratky plot, with a large ‘secondary 
bump’, is a signature for multidomain assemblies with flexible linkers. 
 
All of the observations above confirm, for the first time, the prediction that the truncated degradosome and likely 






Therefore, no low-resolution ab initio reconstructions of the truncated degradosome shape were generated, as 
these would represent an average shape of many conformations and would contain limited information. Instead, 
an integrative structural biology approach was used in section 3.2.4 to perform ensemble optimisation modelling. 








Figure 4: SEC-SAXS analysis of the truncated degradosome. (A) Raw and scaled intensity profiles for the four truncated degradosome samples tested. Concentrations are annotated and colour 
coded. (B) At low spatial frequency (low q-range) the intensity profiles do not align due to mild interparticle interactions. (C) A merged intensity profile was generated using the low q-range of the 






gyration, Rg, of 137 Å, and the pairwise distribution function extends to a Dmax of 427 Å. (E) The Kratky plot (normalized for Rg) indicates that the truncated degradosome is a multidomain protein 






3.2.3.2 The truncated degradosome compacts upon RNA binding 
Next, a sample was prepared for SEC-SAXS experiments of the NN-truncated degradosome supplemented with 9S 
rRNA at equimolar ratios. 9S rRNA is a highly structured precursor of the 5S ribosomal RNA and is processed by 
RNase E in E. coli (Ghora & Apirion, 1978). The overall shape of the resulting intensity curve is similar to the curves 
for the truncated degradosome alone (Figure 5A). However, Guinier analysis reveals that the truncated 
degradosome is more compact when 9S rRNA is bound, with a Rg of 123 Å (137Å for the truncated degradosome 
alone), despite the additional molecular weight. The pairwise distribution function also reveals that the truncated 
degradosome assembly is comparatively less extended in the presence of 9S, with a Dmax of 374 Å (427 Å for the 
truncated degradosome alone) (Figure 5B). Moreover, the normalised Kratky plot (normalised for Rg) shows that 
the NN-truncated degradosome (red) becomes more rigid with 9S rRNA binding (blue) (Figure 5C). This is apparent 
from the less pronounced ‘secondary bump’ in the Kratky curve. These observations indicate that the truncated 
degradosome becomes more compact when bound to substrate RNAs, such as the 9S rRNA. 
 
Figure 5: SEC-SAXS analysis of the truncated degradosome- 9S rRNA complex. (A) Radially averaged intensity profile for the 
truncated degradosome bound to 9S rRNA. (B) Guinier analysis and the pairwise distribution function suggest that the 9S-






confirms that the complex is more compact in the presence of RNA. The blue circles correspond to the 9S-truncated 
degradosome complex and the red circles correspond to the truncated degradosome by itself. 
3.2.4 Conformational behaviour of the truncated degradosome, an integrative structural biology approach 
SEC-SAXS is a powerful biophysical tool that is often used to describe the structural behaviour of a protein or 
protein complex. For the truncated degradosome, SEC-SAXS experiments show the protein assembly is highly 
extended with respect to the molecular mass and flexible, but that it somewhat compacts upon RNA substrate 
binding. The flexibility limits the information that can be extracted from raw SEC-SAXS intensity curves for the 
degradosome using classical approaches (Figure 4). In this section, published structural data on components of the 
RNA degradosome were used in an integrative structural biology approach to quantify/visualize its inherent 
conformational heterogeneity. For this, a tailored pipeline was developed based on previously published Ensemble 
Optimisation Modelling (EOM) approaches (Bernado et al., 2007; Tria et al., 2015) (Figure 6). Intuitively, EOM tries 
to explore the conformational landscape of proteins in solution based on a priori structural information and 
experimental intensity curves. The approach uses a genetic algorithm to extract ensembles of models that, as a 
mixture, explain the SAXS data from a large pool of candidate structures, generated based on prior knowledge, 
thus attempting to define physical boundaries around the conformational possibilities (Figure 6). Since the number 
of ensemble solutions for a typical SAXS curve is astronomically large, regardless of the degree of prior knowledge, 
this technique cannot resolve the structure of the truncated degradosome, but can find ensembles of structures 







Figure 6: Schematic overview of the Ensemble Optimization Modelling approach (EOM). (A) The SAXS curve for the truncated 
degradosome represents the scattering data of an ensemble of conformationally heterogeneous assemblies. (B). EOM starts 
from a large in silico pool of random truncated degradosome structures and searches for ensembles that explain the 
experimental intensity curve. To do this, in silico intensity curves are generated for each selected ensemble with CRYSOL 
(Svergun et al., 1995) and compared to the experimental intensity curve for the truncated degradosome. 
The bottleneck for applying EOM on the truncated degradosome is the generation of a random pool of candidate 
structures. The EOM software was written for single chain proteins with flexible domains, whereas the truncated 
degradosome is a multiprotein assembly. Therefore, a tailored EOM pipeline was developed with the help of Dr. 
Aliaksandr Shkumatau (Efremov group, VUB, Brussels, Belgium). The classical EOM strategy consists of two steps, 
each with their own algorithms. RANCH generates a random pool of structures, and takes prior structural 
information as an input, and GAJOE uses a genetic algorithm to perform ensemble modelling on the random pool, 
against experimental SAXS data (Bernado et al., 2007) (Figure 7). For all components of the RNA degradosome 
there is extensive structural data available that can be used in the form of restraints for RANCH. First, a crystal 






2VMK). Second, Enolase has been co-crystalized with a fragment of the RNase E scaffold domain by Nurmohamed 
et al. (2009), revealing a structural basis for the interaction interface between these two (pdb-ID 3H8A). Finally, 
two studies have elucidated the interaction between RNase E and RhlB (Chandran et al., 2007; Bruce et al., 2018). 
No structure has been solved for RhlB from E. coli so far, but an accurate homology model based on VASA helicase 
from Drosophila has been generated in prior studies (Sengoku et al., 2006; Bruce et al., 2018). Here, CABS-Dock 
(Blaszczyk et al., 2016) was used to model the interaction between RhlB and a fragment of RNase E (as found by 
Chandran et al., 2007) with constraints based on the HDX-MS experiments (Hydrogen Deuterium Exchange – Mass 
Spectrometry) performed by Bruce et al. (2018) (Figure 7A). Taken together, the only parts of the truncated 
degradosome that are unaccounted for, and therefore will be sampled via EOM, are the RNase E scaffold domains 
(Figure 7B and C).  
 
Since RANCH can only generate pools of single chain proteins, RhlB and Enolase were made ‘invisible’ to RANCH by 
converting them to ‘hetero atom’ models (see Materials and Methods section 5.6 for script). Using the structure 
for a protomer of the RNase E catalytic domain, the crystal structure of Enolase bound to a fragment of the RNase 
E scaffold domain and the RhlB homology model bound to a fragment of the RNase E scaffold domain, a random 
pool of truncated degradosome protomers was generated with RANCH, where RNase E was modelled as a C-α 
trace model (Figure 7B). To generate these protomeric truncated degradosome models, RANCH modelled the 
RNase E scaffold domain as a ‘random coil’ for each candidate structure in the protomer pool, thereby sampling 
conformational space (Figure 7B). The same procedure was repeated for each protomer of the tetrameric RNase E 
catalytic domain, generating four ‘monomer’ pools of 20 000 protomers each. It is important to note that for each 
model the RNase E catalytic domain was fixed in space, which will be referred to in the next paragraph. Finally, 
FULCHER (Shkumatau et al., in press.) was used to convert all truncated degradosome protomers in the four 
‘monomer’ pools from invisible ‘hetero atom’ C-α models back to visible ‘all atom’ models, resulting in a pool of 
monomeric truncated degradosome protomers (Figure 7B).  
 
From the four pools of protomeric truncated degradosome structures (Figure 7B), random combinations were 
picked to generate a ‘tetramer’ pool of 10 575 160 candidate truncated degradosome structures with CombinerIM 
(script written by Dr. Aliaksandr Shkumatau) (Figure 7C). By fixing the positions of the RNase E catalytic domain in 
space, as described above, the tetrameric RNase E core was always reconstituted when combining four truncated 
degradosome protomers, one from each ‘monomer’ pool. Besides generating random tetrameric truncated 
degradosome structures, CombinerIM also uses phenix.clashscore to calculate the model clash score and 
subsequently filter out models with a clash score above the user defined threshold (Liebschner et al., 2019). For 
the truncated degradosome, it was found that a clash score threshold of 60 was sufficiently stringent to remove 
sterically forbidden candidate structures. Of the initial pool of 10 575 160 truncated degradosome structures, 
2 920 079 were retained after clash score filtering. Lastly, CombinerIM uses CRYSOL to calculate an in silico 
intensity profile for each member of the filtered truncated degradosome pool (Figure 7D) (Svergun et al., 1995). 






ensembles of structures/intensity profiles from the random pool that explain the experimental SAXS curve for the 
truncated degradosome (Figure 6B and Figure 7E).  
 
GAJOE was run for 100 rounds on the filtered tetramer pool, composing an ensemble of conformations in each 
round. Each selected ensemble comprised of 4-7 degradosome models, with goodness of fit (χ2) scores between 
3.6 - 3.8 against the experimental intensity curve. Next, distribution functions were plotted for the Rg and Dmax 
metrics of the selected ensembles and compared to the corresponding distribution functions for the random pool 
(Figure 8A and B). From these distribution functions it is clear that the ensemble models are significantly more 
extended than the overall pool models. In other words, the RNase E scaffold domains of the truncated 
degradosome extend outwards from the catalytic core in solution. These observations are in agreement with 
quantitative metrics based on the size distributions, such as the ‘flexibility’ (Rflex) and the ‘variance’ (Rσ). Rflex is an 
entropy-based estimation of the flexibility of a pool of models, where Rflex= 0% indicates complete rigidity and Rflex= 
100% corresponds to maximal flexibility. Rσ, on the other hand, is the ratio between the ensemble standard 
deviation and the random pool standard deviation, i.e. how wide a range of model sizes are populated by the 
ensembles compared to the random pool (Tria et al., 2015). For the truncated degradosome 
Rflex(ensemble) = 79.01% and the flexibility within the random pool is nearly identical (Rflex(pool) = 78.95%). 
Furthermore, Rσ was calculated at 1.01, meaning that the model sizes in the selected ensembles are as variable as 
those in the random pool (yet shifted to significantly higher values). Together with the size distributions, these 
values indicate that the ensemble modelling did not find a set of rigid truncated degradosome models that explain 
the SAXS data, i.e. the truncated degradosome adopts many different conformations in solution, all of which are 
highly extended (Figure 8A, B and D). The best ensemble ((χ2 = 3.6, Figure 8C) consists of four extended truncated 
degradosome models and is depicted in Figure 8D.  
 
Notably, the Dmax distribution of the ensembles has three maxima, which suggests that clusters of conformers 
could exist in solution (Figure 8B, grey arrows). The rule of thumb for reliable annotation of such sub-populations is 
that their maxima are separated by at least two times the standard deviation of the random pool (Tria et al., 2015). 
This is the case for the second and third maxima in the Dmax distribution of the ensembles which suggests that 
truncated degradosome conformers can be grouped in distinct clusters of extended and somewhat less extended 








Figure 7: Schematic overview of the tailored Ensemble Optimization Modelling (EOM) pipeline used for the truncated degradosome. (A) Prior knowledge about truncated degradosome 






model (RhlB, Green). RhlB and Enolase were made ‘invisible’ to RANCH and are presented as dots. (B) RANCH was used to generate random truncated degradosome protomers based on (A), 
modelling the RNase E scaffold domain as an intrinsically disordered peptide. FULCHER was used to convert Enolase and RhlB back to all-atom models. For each truncated degradosome protomer 
a random ‘monomer’ pool of 20 000 structures was generated. (C) CombinerIM was used to combine protomers of each pool to generate random structures of tetrameric truncated degradosome 
assemblies. As such, a pool 10 575 160 random truncated degradosome structures was generated. (D) Next, CombinerIM was used to filter the random truncated degradosome pool based on a 
clash score threshold (CS filter) and calculate in silico intensity profiles for each assembly with CRYSOL (Svergun et al., 1995). (E) This final pool of 2 920 079 intensity profiles was scanned with 







Figure 8: Overview of the EOM results. (A) Distribution of the radii of gyration for the random pool (blue) and the ensembles 
(purple) of the truncated degradosome. Highly extended truncated degradosome conformers were selected by GAJOE. (B) 
Distribution of Dmax values for the random pool (blue) and the ensembles (purple) of the truncated degradosome. The different 
maxima in the ensemble distribution could correspond to distinct clusters of truncated degradosome conformers (grey arrows). 
(C) Intensity curve of the best ensemble (green) fitted to the experimental SAXS curve (red) (χ2 = 3.6). (D) Overlay of the four 







3.3 Electron microscopy studies of the truncated degradosome 
The SEC-SAXS experiments above revealed that the truncated degradosome is a very flexible protein assembly. In 
particular, the individual enzyme components of the RNA degradosome are likely to behave as loose beads on 
long, natively unstructured strings, i.e. the RNase E scaffold domain. Interestingly, the truncated degradosome 
compacts somewhat upon binding substrate RNAs such as 9S rRNA. In the remainder of this chapter, conditions 
will be explored, most of them biologically relevant, that might further change the flexible behaviour of the 
truncated degradosome and organize its components in a more defined way. These approaches include 
stabilisation by cross-linking (3.3.1), interactions with translation machinery (3.3.3) and interactions with a lipid 
membrane (3.3.4). Most of the experiments described below are electron microscopy based. Recent advances in 
image processing for electron microscopy allow to explore and model substantial conformational heterogeneity in 
protein assemblies (Nakane et al., 2018; Punjani & Fleet, 2020; Zhong et al., 2020). These approaches all start from 
a stack of particle images with a relatively accurate set of consensus alignments, which results in an interpretable 
3D reconstruction. If a low-resolution consensus map of the truncated degradosome could be reconstructed, 
despite the inherent conformational heterogeneity, these new algorithms could be used to further explore and 
model its flexibility. Therefore, different electron microscopy and sample preparation approaches were tested to 
find out if 2D images of the truncated degradosome would align.  
3.3.1 GraFix stabilises the truncated degradosome 
A first approach was to test whether the truncated degradosome forms discrete and interpretable particles on an 
EM grid, either for negative stain EM (continuous carbon grids) or cryo-EM (holey carbon grids) (Figure 10A and B, 
left panel). The truncated degradosome was expressed and purified as described in section 3.1.1 and diluted to 5-
100 μg/ml for negative stain studies or 0.3-0.5 mg/ml for cryo-EM studies. Negative stain grids were prepared by 
pipetting the sample onto glow discharged continuous carbon grids, blotting away excess sample manually and 
staining with 1% (w/v) uranyl acetate (Materials and Methods section 5.11.1). The grids were screened on a FEI 
Tecnai F20 (200kV) (Department of Material Sciences, University of Cambridge) (Figure 10A, left panel). No distinct 
particles were visible on the grid, indicating that the truncated degradosome aggregated and/or dissociated during 
grid preparation. In parallel, cryo-EM grids were prepared with a Vitrobot MarkIV (FEI) (Materials and Methods 
section 5.11.2) and screened on a FEI Talos Arctica (200kV) (BioCem, Department of Biochemistry, University of 
Cambridge). Here too, truncated degradosome complexes were aggregated and appeared like diffuse 
heterogeneous assemblies (Figure 10B, left panel).  
 
To stabilise the truncated degradosome particles before grid preparation, the GraFix protocol was optimised and 
employed (Kastner et al., 2007; Stark, 2010). GraFix is an ultracentrifugation technique coupled to mild chemical 
cross linking (Figure 9) and was briefly mentioned in chapter II. The protocol is described in detail in the Materials 
and Methods, section 5.8. In short, 200 pmol of truncated degradosome was applied on top of a 
glycerol/glutaraldehyde gradient in an ultra-centrifugation tube. The tubes were spun in an ultracentrifuge for 18 






fractionated from bottom to top (Figure 9B). Fractions containing protein were detected via a standard dot blot 
and used for grid preparation.  
 
Figure 9: Overview of the GraFix strategy. (A) A continuous glycerol and crosslinker gradient were set up in an 
ultracentrifugation tube and the sample was applied to the top of the tube. (B) After ultracentrifugation, the gradient was 
fractionated with a peristaltic pump (bottom to top) and protein-containing fractions were analysed via negative stain EM or via 
cryo-EM after buffer exchange to remove the glycerol. Images are adopted from Stark, 2010.  
For negative stain studies the same grid-preparation protocol was used as described in the previous paragraph. 
The screening images showed that the GraFix samples behaved significantly better on the grid, with distinct and 
reasonably homogeneous particles of 20-30 nm in size (Figure 10A, middle panel). A small dataset of 30 images 
was collected and processed in Relion-2.1 (Scheres et al., 2012). 1500 particles were picked manually and classified 
in 2D (Figure 10A, right panel). From these 2D class averages it was apparent that, after GraFix, the crosslinked 
truncated degradosome is a compact, spherical particle. GraFix was also used to prepare samples for cryo-EM 
analysis. A dialysis step was included after fractionation of the density gradient, to remove glycerol from the 
sample, which was subsequently concentrated down to 20 μl (from 600 μl). Cryo-EM grids were prepared the same 
way as described above. Here too the screening images revealed a clean sample and reasonably homogeneous 
particles of 25-30 nm, albeit at low abundance (Figure 10B, middle panel). To test whether the particles aligned, a 
dataset was collected on a 300 kV Titan Krios (FEI) (Nanoscience Centre, University of Cambridge). 1400 movies 
were processed in Relion 2.1 (Scheres et al., 2012). Unfortunately, multiple rounds of 2D classification resulted in 
poorly resolved class averages, some of which had a somewhat triangular shape (Figure 10B, right panel). Further 
3D classifications did not result in a reproducible ‘consensus’ reconstruction, even at low resolution (data not 
shown). It is likely that the crosslinking reaction during GraFix generated many different intraparticle crosslinks, 
which compacts the truncated degradosome but does not necessarily ameliorate conformational heterogeneity. 
Finally, RNA substrates, like 9S rRNA, were added to the sample prior to grid freezing, in an attempt to make the 
truncated degradosome more compact and rigid. These attempts were not successful and resulted in aggregated 







Figure 10: Overview of negative stain EM and cryo-EM studies. (A) Conventional size exclusion chromatography steps (SEC) did 
not yield uniform, well resolved particles on the uranyl acetate stained grids (left). GraFix was used to remove dissociated 
truncated degradosome components and aggregates, yielding well resolved particles (middle). 2D classification in Relion 2.1 
resulted in compact, spherical, but featureless class averages (right). (B) Conventional size exclusion chromatography steps (SEC) 
did not yield uniform and well-resolved particles on cryo-EM grids (left). After GraFix, however, distinct and compact particles 
were visible in the grid holes (middle). 2D classification rounds in Relion 2.1 resulted in poorly resolved, somewhat triangular-







3.3.2 The catalytic core of RNase E is not the culprit for poor degradosome behaviour in SPA 
Although the AUC, DLS and SEC-SAXS results show that the truncated degradosome is an intact tetrameric 
assembly (section 3.2), it is possible that the complex dissociates during grid freezing. Often proteins and protein 
assemblies associate with the air-water interface during grid preparation, which can lead to complete or partial 
denaturation (Noble et al., 2018; D’Imprima et al., 2019). To test whether the N-terminal domain of RNase E, i.e. 
the catalytic core of the RNA degradosome, stays intact during grid freezing, RNase E (1-529) was purified 
(Materials and Methods section 5.2.4) and studied by Cryo-EM. RNase E (1-529) encompasses only the catalytic 
core of RNase E and was crystallised for the first time by Callaghan et al. (2005). Follow-up studies have shown that 
the tetrameric catalytic unit can undergo significant conformational reorganisations when binding and degrading 
RNA substrates (Koslover et al., 2008, Bandyra et al., 2018). If the catalytic RNase E core is indeed dynamic in 
solution, then this could also add to the conformational heterogeneity of the RNA degradosome. In summary, 
Cryo-EM studies of RNase E (1-529) will reveal (1) whether the RNase E catalytic domain stays intact during grid 
freezing and (2) whether it is conformationally heterogeneous. Most importantly, if cryo-EM studies of RNase E (1-
529) result in an interpretable consensus map, then it must be the RNase E scaffold domains and their binding 
partners that impede SPA cryo-EM studies of larger degradosome assemblies, either due to their inherent 
conformational heterogeneity or due to partial denaturation at the air-water interface. 
 
Classical grid preparation approaches on different grid types (e.g. holey carbon and holey gold grids) were 
unsuccessful, resulting in aggregated clumps of protein in the vitreous ice (data not shown). In chapter II, PNPase 
was found to align with the air-water interface (AWI) and denature partially at its KH-S1 portal (chapter II, section 
3.3.1). The catalytic core of RNase E also has an S1 domain (and a KH-domain) which could align with the AWI in a 
similar way, with denaturation and/or aggregation of the tetramer as a result. Therefore, it was tested whether 
CHAPSO, a zwitter-ionic detergent that prevents PNPase from adhering to the AWI, would have the same effect for 
RNase E. Indeed, when adding 8 mM CHAPSO to the RNase E samples prior to grid freezing, homogeneous particles 
were observed in the grid holes (Figure 11A). A small dataset was collected on a FEI Titan Krios (BioCem, 
Department of Biochemistry, University of Cambridge) and processed in Relion 3.0. 2D classification of 180 000 
picked particles resulted in well resolved class averages, with apparent C2 symmetry (Figure 11B). After several 






resulting in a map at 7.8Å resolution (GS-FSC, data not shown). The overall shape of the RNase E cryo-EM map 
corresponds to the ‘open state’ crystal structure as solved by Koslover et al., 2008 (PDBid 2VMK) (Figure 11C).  
 
Figure 11: Overview of the RNase E (1-529) cryo-EM results. (A) A representative cryo-EM image at 3 μm defocus. Red arrows 
point to a CHAPSO fibre. (B) 2D class averages reveal homogeneous particles with apparent cyclic symmetry (C2). (C) 3D 
refinement of 38K particles results in a 7.8 Å reconstruction of the tetrameric RNase E core (left). A model with colour-coded 
domains is presented on the right (D) Significant conformational reorganisations are necessary for the RNase E (1-529) crystal 
structure (pdbID 2VMK) to fit the cryo-EM map. In particular, there is a discrepancy between the RNase E large domains, with a 
large reorganisation of the S1 domain. Cryo, cryo-EM structure; Xtal, X-ray crystallography structure; SD, small domain; LD, 
large domain. 
A series of salient observations were made for the cryo-EM results of the RNase E catalytic core. Firstly, the RNase 
E (1-529) crystal structure required significant conformational reorganisation to fit the cryo-EM map (Figure 11D), 
the S1 domain in particular. Most likely packing of the RNase E tetramer in the crystal lattice favoured a given 
conformational state. These packing constraints are not present in vitreous ice, allowing the RNase E tetramer to 
adopt a more ‘relaxed’ conformation (Figure 11D). Secondly, the overall resolution of the cryo-EM map is limited, 
even though the particles are embedded in very thin, vitreous ice, and the image thon rings (in Fourier space) go 
out to 3Å for most images. Moreover, local resolution estimates reveal an asymmetric pattern in the local 
resolution distribution, with the top of the RNase E tetramer resolved significantly worse than the bottom (Figure 
12A). Lastly, enforcing C2 symmetry during alignments reduces the global resolution, from 7.8Å to 9.5Å (data not 
shown), even though the crystallographic RNase E (1-529) model is C2 symmetric. The observations described 
above indicate that there is a significant degree of conformational heterogeneity in the RNase E catalytic core, 







To study potential conformational heterogeneity in the catalytic core of RNase E, a clean set of particles was 
exported to cryoSPARC to carry out 3D variability analyses (3DVA) (Punjani et al., 2017, Punjani et al., 2020). To 
account for domain movements that break the symmetry the particles were subjected to C2 symmetry expansion, 
which copies every particle once and rotates/shifts it according to the symmetry operators and consensus 
alignments. Since the global resolution does not improve beyond 7.5Å, only conformational variability up to 8Å 
was considered, and the algorithm was run for 20 iterations, solving six orthogonal modes of variability.  
 
Strikingly, several interpretable modes of conformational heterogeneity were found for the RNase E (1-529) 
particles (Figure 12B). A first mode of variability describes a synchronous ‘rocking’ movement of two RNase E large 
domains (LD) (Figure 12B, Component 1). A second mode of variability describes a ‘rolling’ movement of all four 
large domains (Figure 12B, Component 2). Interestingly this rolling mode suggests that an S1 domain can interact 
with the small domain of a diagonal protomer in the RNase E tetramer (Figure 12B, Component 2, marked with *). 
The third mode of variability describes a ‘breathing’ motion of the RNase E tetramer, whereby the assembly 
expands and contracts synchronously between stable conformations (Figure 12B, Component 3). From these three 
prevalent modes of variability, it is clear that the catalytic core of the RNA degradosome is itself conformationally 
heterogenous, albeit to a limited extent, in addition to the flexible scaffold regions. Unfortunately, while adding 
CHAPSO (8mM) to samples of the larger truncated degradosome resulted in distinguishable particles, these still 
appeared too heterogeneous for reasonable alignments and reconstructions (data not shown). Finally, it should be 
noted that the ensemble optimization modelling performed in section 3.2.4 did not account for any 
conformational heterogeneity of the tetrameric catalytic core of RNase E. However, as the conformational 
heterogeneity of the catalytic core is moderate compared to that of the RNase E scaffold domains, it is unlikely 







Figure 12: Local resolution estimation and 3D variability analysis of the RNase E catalytic core. (A) Local resolution estimation 
of the cryo-EM map presented in Figure 11C. The top side of the cryo-EM reconstruction is resolved significantly worse than the 
bottom side. (B) 3DVA analysis reveals three main modes of molecular motion within the RNase E tetramer. Variability 
components 1, 2 and 3 correspond to a ‘rocking’, ‘rolling’ and ‘breathing’ motion, respectively, between low-energy states of the 
RNase E core. * Highlights a potential interaction between the S1 and small domains of adjacent RNase E protomers 







3.3.3 Interactions between the RNA degradosome and the 30S small ribosomal subunit 
The results so far have revealed that direct structural studies of large degradosome assemblies are very 
challenging, mostly due to its inherent flexible nature. Previous studies have provided evidence that bacterial RNA 
degradosomes directly interact with translating ribosomes, taking on putative translation surveillance roles (Redko 
et al. 2013; Tsai et al., 2012, Leroy et al., 2017). In E. coli, these interactions between the RNA degradosome and 
ribosomes have been shown to be mediated by RhlB and the two RNA binding sites on the RNase E scaffold 
domain (RBD and AR2, Figure 1B) (Tsai et al., 2012). It is possible that these interactions help rigidify the 
degradosome scaffold domains. To test this hypothesis, two RNA degradosome sub-assemblies were used for 
experiments. One is the truncated degradosome, which is the main assembly studied in this chapter, and the 
second is the so called ‘recognition core’ (Bruce et al., 2018). The latter comprises of a 250-residue long fragment 
of the RNase E scaffold domain (RNase E 603-850), including the RBD and AR2 RNA binding sites, the RhlB binding 
site and the Enolase binding site, but not the membrane attachment helix (Figure 1B). The truncated degradosome 
was purified as above, whereas the recognition core, i.e. RNase E (603-850), RlhB and Enolase, were co-purified 
according to the standard protocol (Bruce et al., 2018). For both these degradosome sub-assemblies, their 
interaction with the 30S small ribosomal subunit (purified by Prof. Ben Luisi) was investigated using electrophoretic 
mobility shift assays (EMSA) (section 3.3.3.1). Next, cryo-EM studies were carried on these putative surveillance 
assemblies (section 3.3.3.2). The EMSA experiments were largely carried out by two master students, Ms. Giulia 
Paris and Ms. Marta Kubànska, both of whom I supervised. 
3.3.3.1 Putative RNA surveillance complexes between the 30S small ribosomal subunit and the RNA 
degradosome 
To test whether the recognition core and the truncated degradosome interact with the 30S small ribosomal sub-
unit, EMSAs were set up in low salt buffer (Materials and Methods section 5.10). Both the recognition core and the 
truncated degradosome appear to form super-complexes with the ribosomal subunit, as indicated by clear gel 
shifts (Figure 13A, *). Next, the recognition core and the 30S small ribosomal subunit were co-purified on a 







Figure 13: EMSA and co-purification of putative surveillance super-complexes. (A) Electrophoretic mobility shift assays (EMSA) 
indicate that 30S-recognition core and 30S-truncated degradosome super-complexes can form in solution (*). Values in the table 
are in μM. (B) Co-purification of the 30S-recognition core super-complex via size exclusion chromatography results in two main 
peaks, one of which has a strong 260 nm absorbance, as expected for the 30S component in the complex. RNase E (603-850) is in 
purple, RhlB in green and Enolase in yellow. (C) SDS-PAGE analysis of peak fractions reveals that the recognition core co-purifies 
with the 30S ribosome (lanes 10-16). Fraction 27, corresponding to the second, smaller peak in the elution profile contains 
excess recognition core. 30S, small ribosomal subunit; Rec. core, Recognition core. 
3.3.3.2 Cryo-EM studies of the 30S-recognition core super-complex 
The recognition core and 30S were co-purified as described in the previous section (Figure 13B and C), and 
concentrated to 0.5 μM prior to grid preparation. Grids were prepared with a Vitrobot Mark IV and screened on a 
Talos Arctica (FEI, BioCem, Department of Biochemistry, University of Cambridge). 30S particles were readily visible 
in the cryo-EM images (Figure 14) and a small dataset was collected for the 30S-recognition core super-complex 
(Talos Arctica) and for 30S alone (negative control, Titan Krios, FEI, BioCem, Department of Biochemistry, 
University of Cambridge). All image processing and 3D reconstructions were carried out in cryoSPARC (Punjani et 
al., 2017). Interestingly, diffuse densities were visible near the 30S head in the 2D class averages (Figure 14B, red 
arrows). Subsequent 3D reconstructions revealed weak additional density near the head/exit channel, which was 
not observed in the negative control (30S alone). It is likely that this extra density corresponds to components of 
the recognition core (Figure 14B, purple density). Its location near the mRNA exit site in a corresponding 70S 






e.g. when a ribosome is stalled during translation. However, only after careful 3D classifications and extensive 
blurring a map with somewhat reasonable density for the recognition core was obtained. Furthermore, attempts 
at docking models for Enolase and RhlB were unsuccessful. Crosslinking the assembly with glutaraldehyde was not 
successful (data not shown). Finally, CHAPSO was added to prevent the 30S subunit from adhering to the air-water 
interface during grid freezing. Preferred orientation is a known issue for 30S, albeit moderate, and the S1 domains 
present in the molecule could be responsible for this. Despite the improved orientation distribution of the 30S 
particles and a much better resolved S1 domain, CHAPSO did not help resolve the recognition core further (data 
not shown). It is likely that this part of the RNA degradosome still bears significant conformational heterogeneity 
when bound to the 30S small ribosomal subunit.  
 
Figure 14: Overview of the cryo-EM studies on 30S super-complexes. (A) Representative cryo-EM image of the 30S-recognition 
core super-complex (2 μm defocus). (B) 2D class averages (top) reveal diffuse additional densities near the 30S head region (red 
arrows). Subsequent 3D reconstructions of the super-complex and comparison to a cryo-EM map of 30S alone reveal weak extra 
densities spanning across the mRNA exit site (purple). (C) Representative cryo-EM image of the 30S-truncated degradosome 
super-complex (3 μm defocus). Particles are highlighted with green boxes. (D) 2D class averages of the particles reveal high 
density domains in larger, conformationally heterogeneous assemblies (brown arrows). These domains could correspond to 






Lastly, the 30S subunit and the 945 kDa truncated degradosome were mixed at equimolar ratios, to a final 
concentration of 0.5 μM, and a small cryo-EM dataset was collected (Talos Arctica, BioCem, Department of 
Biochemistry, University of Cambridge). Albeit very sparse, large particles were visible in the cryo-EM images 
(Figure 14C, green boxes). Here too the conformational heterogeneity of the truncated degradosome impeded 
proper particle alignments with Relion 2.1, and a series of low-resolution 2D class averages was the best result 
obtained (Figure 14D). Interestingly, the dimensions of these 2D class averages are larger than those of the 30S 
subunit or even the whole 70S ribosome. Moreover, the 2D class averages appear to have defined domains with 
increased contrast, which could correspond to the electron dense 30S subunits in the super complex (Figure 14D, 
brown arrows). If the latter is the case, then multiple 30S subunits could bind a single RNA degradosome assembly, 
potentially one for each of its four scaffold domains. Unfortunately, this sample of 30S-truncated degradosome 
super-complexes has been a ‘one-hit wonder’ so far and attempts to reproduce these images for longer data 







3.3.4 Structural studies of the membrane bound truncated degradosome 
All experiments up to now have been carried out on solubilised RNA degradosome samples in a detergent-rich 
buffer (0.02% w/v ß-DDM). In this section, protocols were developed to reconstitute the truncated degradosome 
and full RNA degradosome on lipid membranes, in the form of lipid vesicles, and to study them in a more native 
environment. The rationale was that since the RNase E membrane anchors are located in the C-terminal scaffold 
domain, membrane association could lock these in a more rigid conformation (Figure 1B). In addition, the 
liposomes could help keep the truncated degradosome away from the air-water interface.  
3.3.4.1 Reconstitution of the truncated degradosome on lipid vesicles 
Lipid vesicles, or liposomes, were prepared by extrusion of a lipid suspension, supplemented with 100 mM sucrose, 
through a porous membrane (Avanti) (Material and Methods section 5.9). PE (phosphoethanolamine) and PG 
(phosphatidylglycerol) are the two main phospholipids that constitute the E. coli membrane (70% and 20% 
respectively) (Sohlenkamp et al., 2016). To mimic the E. coli plasma membrane, 70% (w/w) DOPE (18:1) was mixed 
with 30% (w/w) DOPG (18:1). While DOPE is neutral at physiological pH, DOPG is negatively charged. It is 
important to note that the RNase E membrane attachment helix is amphipathic, with one side of the helix 
consisting of non-polar amino acids, which embed into the lipid membrane. The other half is positively charged at 
neutral pH and has been proposed to play a role in facilitating initial interactions with the negatively charged 
DOPE/DOPG-based E. coli membrane (Strahl et al., 2015). To reconstitute the truncated degradosome on the 
liposomes, 50 μg of truncated degradosome was added to 100 μg of fresh liposomes (200 μl total volume) and 
dialysed overnight (4 °C) against a detergent-free buffer supplemented with 100 mM glucose instead of sucrose 
(Materials and methods section 5.9). As such, the truncated degradosome should anchor to the lipid membranes 
upon depletion of ß-DDM in the sample. After dialysis, the liposomes should have 100 mM sucrose on the interior, 
making them slightly heavier than the surrounding buffer, which contains 100 mM glucose instead.  
 
To test whether reconstitution of the truncated degradosome on liposomes was successful, ultracentrifugation 
assays were set up in a glycerol gradient (Figure 15). The protocol is similar to that described for GraFix, but no 
crosslinker was added to the gradient (Material and Methods section 5.8, Figure 9). 100 μl of a truncated 
degradosome sample was loaded on top of a 10-40 % continuous glycerol gradient and spun at 84 000 g for 12 
hours, 4° C. Since the lipid vesicles are slightly heavier than the surrounding buffer, the centrifugation force should 
pull them down the glycerol gradient, together with any membrane bound protein assemblies. A peristaltic pump 
was then used to fractionate the glycerol gradient. Every second fraction was subjected to TCA precipitation and 
analysed via SDS-PAGE (Figure 15). Three negative control experiments were set up in parallel (Figure 15A-C). 
Figure 15A shows the ultracentrifugation profile of the truncated degradosome (100 µl at 0.5 mg/ml) in the 
presence of 0.02% ß-DDM but no liposomes, which indicates that the solubilised truncated degradosome migrates 
almost halfway down the glycerol gradient. Figure 15B shows the ultracentrifugation profile of the truncated 
degradosome after dialysing out ß-DDM, in the absence of liposomes. Here too, the truncated degradosome 
migrates almost halfway down the glycerol gradient, and no large aggregates are observed at the bottom of the 






0.02% ß-DDM and liposomes. As expected, the truncated degradosome does not associate with the lipid vesicles 
when solubilised by ß-DDM and migrates halfway down the glycerol gradient. However, when ß-DDM is depleted 
from the truncated degradosome sample by dialysis, and liposomes are supplemented, the truncated 
degradosome adheres to the lipid membrane of the lipid vesicles, as evidenced by the ultracentrifugation profile in 
Figure 15D. In the latter, the liposome-degradosome bodies migrate almost to the bottom of the glycerol gradient 
during the ultracentrifugation step. 
 
Figure 15: Reconstitution of the truncated degradosome on lipid vesicles. (A) In the presence of ß-DDM, the truncated 
degradosome migrates almost halfway down the glycerol gradient. (B) In the absence of DDM, the truncated degradosome 
migrates almost halfway down the glycerol gradient too. (C) When both ß-DDM and liposomes are supplemented to the sample, 
the truncated degradosome does not adhere to the lipid membrane and migrates almost halfway down the glycerol gradient. 
(D) When the ß-DDM is dialysed out and liposomes are added to the sample, the truncated degradosome binds to the lipid 
membranes and migrates almost to the bottom of the tube, together with the lipid vesicles. Fractions and glycerol gradients (v/v 
%) are annotated on top of each gel. Molecular weights of the protein standards are annotated on the left of each gel. Lipo, 
liposomes; DDM, ß-DDM (0.02% w/v); M12, Mark 12 protein ladder. 
3.3.4.2 Cryo-Electron tomography studies of the membrane-bound truncated degradosome 
To further study the membrane-associated truncated degradosome, a cryo-electron tomography (Cryo-ET) 
approach was used. In short, the truncated degradosome was solubilised in detergent and purified as described in 






16A). Prior to vitrification, BSA-coated gold fiducials were added to the sample (Materials and Methods 5.11.3.1). 
Grids were screened on a FEI Talos Arctica (BioCem, Department of Biochemistry, University of Cambridge). Figure 
16B shows a representative image of the vitrified liposome-degradosome bodies. Most of the lipid vesicles in the 
holes were densely packed with the truncated degradosome (Figure 16B, C and E). BSA-coated gold fiducials are 
dispersed randomly across the ice layer (Figure 16B, yellow arrows). The liposomes are not homogeneous in size, 
despite extrusion with a 50 nm porous membrane, ranging from 10 nm to 70 nm in diameter. Furthermore, smaller 
liposomes are more densely packed with protein than larger liposomes (Figure 16C-E). Although most liposomes 
are saturated with the truncated degradosome, a few liposomes appear to carry distinguishable particles of 
around 20 nm (Figure 16D). Decreasing the ratio of truncated degradosome:liposome in the sample resulted in 
more empty liposomes, rather than reducing the overall degradosome packing on the liposomes (data not shown). 
 
Figure 16: Reconstitution, vitrification and imaging of membrane bound truncated degradosome. (A) Schematic overview of 
the reconstitution procedure. The truncated degradosome was assembled in vivo and solubilised in detergent (ß-DDM) during 
purification. Next, the detergent was dialysed out and liposomes were added to reconstitute the degradosome on the lipid 
vesicles, which were then vitrified on cryo-EM grids. (B) A representative cryo-EM image of the degradosome-coated liposomes 
(blue boxes) (3 μm defocus). Gold fiducials are highlighted with yellow arrows. (C-E) Close ups of selected lipid vesicles. In panel 
C the lipid membrane is highlighted with a brown curve and densely packed truncated degradosome with red arrows. In panel D 
individual membrane associated degradosome particles are highlighted with red circles. White arrows and labels show the 
estimated radius of the lipid vesicles. Schematics in panel (A) were adapted from Schmidly et al., 2018, Dendooven et al., 2017 
and Bandyra et al., 2013. 
To further characterise the membrane-bound truncated degradosome, a set of tilt series were collected for a 






University of Cambridge). The stage was tilted incrementally over a range of 120° (-60° to + 60°, 3° increment) 
while collecting a low-dose image at every increment (Figure 17A). A bidirectional tilt-scheme was used, going 
from -20° to 60° and subsequently from -23° to -60°. All tilt series were collected with a Falcon III, in integration 
mode, at a pixel size of 2.29 Å/pix and 4 μm defocus. Tilt series alignment and weighted back projection (WBP) 
were performed in Etomo, which is part of the IMOD software package (Kremer et al., 1996) (Materials and 
Methods section 5.11.3). In short, approximately 20 BSA-coated gold fiducials were tracked throughout each tilt 
series. This fiducial model was then used to align the individual tilt images globally and locally. The aligned stack 
was binned twofold and gold fiducials were replaced with random noise. Finally, tomograms were generated via 
weighted back projection (Figure 17A, right panel). During weighted back projection, high-resolution noise was 
attenuated by a SIRT-like weighting function to increase contrast (Figure 17B) (SIRT stands for Simultaneous 
Iterations Reconstruction Technique). In total, six tomograms were reconstructed. From these tomograms a series 
of spherical and densely packed liposomes were selected for further analysis (Figure 17B and C). Figure 17C shows 
z-slices through an example of a selected liposome. Ideally the selected liposomes are well-separated and free of 
neighbouring gold fiducials. Further studies of the selected liposomes, as described below, were carried out in 
close collaboration with Ms Marta Kubànska, a MPhil student whom I supervised. 
 
Selected liposomes were cropped from the original tomogram in Dynamo (Castaño-Díez et al., 2012) after centring 
the middle of the lipid vesicle in the sub-tomogram volume. Next, the 1-dimensional radial density profile (1D-RDP) 
was calculated for each liposome. The 1D-RDP is a radially averaged density profile from the centre of the 
liposome to the edge of the sub-tomogram volume. Such profiles provide information about the extendedness and 
potential structural organization of the truncated degradosome when bound to a membrane. To calculate the 1D-
RDP, a MATLAB script was written that calculates the 1D-RDP based on spherical symmetrization of the liposome 
(Materials and Methods 5.11.3). The 1D-RDP script was written together with Mr. Alister Burt (IBS, Grenoble) and 
relies on a series of symmetry operators from the Dynamo package (Castaño-Díez et al., 2012). The radial density 
profiles for three densely packed, spherical liposomes are depicted in Figure 17D and an averaged curve is 
depicted in Figure 17E.  
 
Tracing the density from the middle of the liposome outwards, the first big peak corresponds to the lipid 
membrane (Figure 17E, grey arrow). Interestingly the density profile reproducibly drops back to the baseline level 
after the membrane peak. Indeed, for all the liposomes packed with truncated degradosome there is a significant 
gap in density visible between the membrane and the degradosome. The 1D-RDPs indicate that the width of this 
gap is approximately 30 Å. The density peak for the truncated degradosome itself is relatively compact and extends 
140.5 (± 15.7) Å (Figure 17E, horizontal double arrow). This measure of extendedness can be regarded as the real 
space equivalent of Dmax in SEC-SAXS (Figure 4). In solution, however, a Dmax of 427 Å was estimated for the 
truncated degradosome based on the P(r) function. Due to the membrane-association, the extendedness as 
measured by the 1D-RDP should be compared to half the Dmax in solution, i.e. 213.5 Å, because the truncated 
degradosome cannot traverse through the membrane. Nevertheless, the extendedness of the truncated 






indicates that the truncated degradosome is indeed more compact when associated with a membrane. It should 
be noted however, that the extendedness estimate from the 1D-RDP is directional. This means that it only 
represents the extendedness of the truncated degradosome along the normal to the membrane, i.e. away from 
the membrane. Therefore, an alternative explanation for the discrepancy between the Dmax in solution and the 1D-
RDP is that the truncated degradosome 'spreads' over the membrane like a blooming flower, rather than 
extending from it like a spike.  
 
Finally, from the individual 1D-RDPs for all selected liposomes, it was apparent that the profile was often bimodal. 
This was, however, not observed for all the liposomes (Figure 17D and E). Nevertheless, the bimodal shape of the 
radial density profile could hint towards a higher level of structural organization of the degradosome components 
on the lipid membrane. This will be further addressed in the next section.  
 
Figure 17: Tomogram reconstruction and 1D-RDP calculation for the membrane-bound truncated degradosome. (A) 
Schematic overview of tilt series collection and tomogram reconstruction. During data collection the stage is tilted incrementally 
to generate a tilt series of images of the specimen. These tilt series are aligned and used to reconstruct the region of interest in 
3D via weighted back projection. (B) A central slice through a tomogram of the membrane-bound truncated degradosome. The 
liposome displayed in (C) is highlighted with a box. The tomogram was filtered with a SIRT-like weighing function. (C) Slices 






bottom right of the insets corresponds to a gold fiducial that was replaced by random noise. (D) 1-dimensional radial density 
profiles (1D-RDP, red) for three different liposomes. (E) Averaged 1D-RDP for the three liposomes depicted in (D). The membrane 
peak is annotated (M). The extendedness of the membrane bound truncated degradosome was estimated at 140.5 (± 15.7) Å. 
Black arrows indicate the putative bimodal shape of the radial density profile. 
3.3.4.3 PNPase resides at the periphery of the membrane bound RNA degradosome  
As mentioned in the previous paragraph, the components of the membrane bound RNA degradosome might be 
spatially organised, as indicated by the often bimodal 1D-RDP shape of the truncated degradosome. To further 
explore this, the full RNA degradosome, i.e. including PNPase, was reconstituted on lipid vesicles as described in 
section 3.3.4.1 and vitrified for cryo-EM imaging. The aim was to see whether PNPase could be recognised in the 
EM images. If so, its location in relation to the membrane could further indicate whether there is a degree spatial 
organisation to the RNA degradosome components. PNPase is a relatively large enzyme (>150kDa) and the cryo-
EM studies in chapter II have shown that it aligns with the air-water interface, rendering recognisable, ring-shaped 
particles in the resulting EM images. 
 
The grids were screened on a FEI Talos Arctica (BioCem, Department of Biochemistry, University of Cambridge) and 
a representative image is shown in Figure 18A. Many ring-shaped particles, i.e. PNPase, can be recognised in these 
images. Although they almost exclusively occur in liposome-rich regions on the grid, some PNPase particles are 
suspiciously far away from a membrane. It is possible that these ‘free’ PNPase particles have dissociated from the 
RNA degradosome during grid preparation. Particularly interesting were the lipid vesicles that carried either a 
complete (Figure 18B) or a partial (Figure 18C) layer of protein. Zooming in on such liposomes revealed that the 
surrounding PNPase particles are further away from the membrane than the measured extendedness of the 
truncated degradosome (Figure 18B and C, light blue line). It should be noted that PNPase binds RNase E at the 
very end of its scaffold domain, and that the full-length RNase E has a scaffold domain that is more than 200 
residues longer than that of the truncated degradosome. The apparent location of PNPase at the periphery of the 
membrane-bound protein density further points towards a spatial organisation of the RNA degradosome when 
bound to a membrane, assuming that PNPase is indeed still associated to RNase E in these samples.  
 
It is clear that the association of PNPase with the air-water interface can disturb the putative degradosome 
architecture significantly, which would question the interpretation of the observations described above. If PNPase 
can be kept away from the air-water interface during grid freezing, then tilt series could be collected for these 
images to more accurately pinpoint its location with respect to the lipid membrane. In chapter II it was found that 
the zwitter-ionic detergent CHAPSO keeps PNPase away from the air-water interface. Unfortunately, adding 
CHAPSO to the liposome samples, even below the critical micelle concentration (CMC) resulted in distorted 







Figure 18: Cryo-EM studies of the membrane-bound full-length RNA degradosome. (A) Representative image of the liposome-
bound full-length RNA degradosome (3 μm defocus). Yellow arrows point to two gold fiducials (B-C) PNPase (red circles) is 
located further away from the lipid membrane (brown circle) than the average extendedness of the truncated degradosome 







3.3.5 Cryo-ET studies of the 30S small ribosomal subunit bound to the membrane-associated truncated 
degradosome 
The ultimate goal is to resolve the membrane bound truncated degradosome, or the full RNA degradosome, by 
aligning and averaging individually picked degradosome volumes on the lipid membrane, a process called sub-
tomogram averaging. The liposome saturation with truncated degradosome complicates defining individual 
truncated degradosome volumes for further processing by sub-tomogram averaging. In section 3.3.3, interactions 
between the 30S small ribosomal subunit and the recognition core/truncated degradosome were studied. It was 
found that although both the recognition core and the truncated degradosome bind the 30S small ribosomal 
subunit to form putative RNA surveillance assemblies, they remain conformationally heterogeneous when doing 
so. In this section, the interactions between the 30S small ribosomal subunit and the membrane bound truncated 
degradosome are studied with ultracentrifugation assays and cryo-electron tomography. Since the RNase E 
scaffold domains interact with both lipid membranes and ribosomes or ribosomal subunits, the aim was to 
visualise and study super assemblies that combine these interactions, i.e. liposome-bound truncated 
degradosome-30S assemblies. 
3.3.5.1 The 70S ribosome and 30S small ribosomal subunit bind the membrane bound truncated degradosome 
To test whether the 30S small ribosomal subunit and the 70S ribosome bind the membrane-bound truncated 
degradosome, the ultracentrifugation assay described in section 3.3.4.1 was used. These ultracentrifugation assays 
were carried out in close collaboration with Ms. Giulia Paris, a master student whom I supervised. The truncated 
degradosome was reconstituted on liposomes first and 30S or 70S was added for the last two hours of the dialysis 
step. Two negative controls were set up in parallel: 30S alone and 30S supplemented with liposomes. During the 
ultracentrifugation step, the 30S migrated about halfway down the glycerol gradient, both without and with 
liposomes present in the sample (Figure 19A and B). These observations show that the 30S ribosome does not bind 
lipid membranes on its own. However, when the truncated degradosome is reconstituted on the lipid membrane 
prior to adding the 30S subunit or the 70S ribosome, there is a significant enrichment of the latter two near the 
bottom of the centrifugation gradient (Figure 19C and D). In conclusion, both the 30S small ribosomal subunit and 








Figure 19: Ultracentrifugation assays of the 70S ribosome and 30S small ribosomal subunit (A) The 30S small ribosomal 
subunit migrates halfway down the glycerol gradient during the ultracentrifugation step. (B) The 30S small ribosomal subunit 
does not adhere to lipid membranes and migrates halfway down the glycerol gradient when liposomes are present in the 
sample. (C) When the truncated degradosome is bound to the lipid vesicles, a fraction of the 30S small ribosomal subunit co-
migrates down the glycerol gradient with the liposomes. (D) Same as (C) but for the 70S ribosome. Fractions and glycerol 
gradients (v/v %) are annotated on top of each gel. Molecular weights of the protein standards are annotated on the left of each 
gel. Lipo, liposomes; T. Deg., truncated degradosome; M12, Mark 12 protein ladder. 
3.3.5.2 Sub-tomogram averaging and localisation of 30S on lipid vesicles 
To further study the interaction between the 30S small ribosomal subunit and the membrane-bound truncated 
degradosome, Cryo-ET studies were carried out. The 30S-truncated degradosome-liposome sample was 
supplemented with BSA-coated gold fiducials and vitrified on cryo-EM grids with a Vitrobot Mark IV, FEI, BioCem, 
Department of Biochemistry, University of Cambridge). Grids were screened with a Talos Arctica (200kV, FEI, 
BioCem, Department of Biochemistry, University of Cambridge). A representative image is depicted in Figure 20A. 
When zooming in on the lipid vesicles in the image, it appears that a subset of the 30S particles are bound to the 
truncated degradosome, which is in turn associated with the vesicle membrane (Figure 20B and C, blue arrows). It 
should be noted that the images in Figure 20A and B are integrated along the viewing axis, which means that 
features that are on top of each other in the vitreous ice will overlap in the images. To better separate 30S small 
ribosomal subunits that are associated with the truncated degradosome, tilt series were collected with the same 






tomograms were generated from the aligned image stack (binned 4x) via WBP. For visualisation, a SIRT-like 
weighting function was used during WBP to minimise high resolution noise and features. These tomograms 
revealed that free 30S ribosomal subunits align with the air-water interfaces at the top and bottom of the vitreous 
ice (Figure 20F, bottom panel). The 30S subunits that are associated with the truncated degradosome, however, do 
not reside at the air-water interface, and form semi-discrete particles near the liposome membranes (Figure 20D, 
blue arrows). 
 
Figure 20: Tomographic studies of the 30S small ribosomal subunit bound to the membrane-associated truncated 
degradosome. (A) Representative cryo-EM image of truncated degradosome-coated liposomes and 30S small ribosomal 
subunits (3 μm defocus). Two gold fiducials are highlighted by yellow arrows. (B) Magnified representation of a liposome 
(modelled with a dark brown circle), which coincidentally encloses a second liposome (light brown circle). 30S particles are 
enriched on the outer liposome, which is saturated with truncated degradosome. (C) Schematic representation of a lipid vesicle 
coated with degradosome-30S super-complexes. (D) Magnified image of a slice through a reconstructed tomogram showing 
distinct 30S particles near the lipid membrane of a liposome (blue arrows). (E) Sub-tomogram average as reconstructed with 
emClarity. 8676 sub-tomogram volumes contributed to this average, which has an estimated resolution of 11.7 Å (GS-FSC, right 
panel). The dotted lines in the FSC plot correspond to directional FSC curves. The directional resolution estimates range from 10 






(middle, membranes are modelled in yellow). A spatial distribution volume of the 30S particles was generated by mapping back 
the reconstructed averages to replace the original, noisy 30S particles in the tomogram (bottom, 30S averages are in cyan). 
From this distribution it is apparent that the bulk of the 30S particles align with the two air-water interfaces. (G) Magnified 
image of a segment of the distribution map in (F), showing a modelled liposome (yellow) and a series of 30S small ribosomal 
subunits (cyan) in close proximity.  
Due to severe missing wedge effects, arising from the limited range of tilt angles during data collection, it is hard to 
recognise detailed features in a raw tomogram. To resolve and further study the 30S small ribosomal subunit 
particles, emClarity was used for sub-tomogram averaging (Himes et al., 2018). The goal was to see if additional 
density for the truncated degradosome and the lipid membrane would appear in the 30S 3D reconstruction. If the 
latter were the case, then the truncated degradosome would have been resolved ‘de novo’, i.e. without a 
template, by aligning the 30S sub-tomogram volumes. To this end, all ribosomes, both bound to the truncated 
degradosome and floating freely in the vitreous ice, were picked via automated template matching in emClarity 
and inspected manually. As a reference for template matching, a map was generated from pdbID 4ADV in UCSF 
Chimera (Pettersen et al., 2004) and lowpass filtered to 30 Å. An initial reference for subsequent alignments was 
generated from a picked particle set of 8676 30S sub-tomogram volumes. The tilt series alignments were refined 
via two rounds of TomoCPR. TomoCPR is a tool within emClarity that refines the tilt series alignment by using 
individual sub-tomogram volumes, i.e. 30S particles, as fiducial markers. After several rounds of aligning and 
averaging the 30S sub-tomogram volumes a consensus map of the 30S ribosome was reconstructed at 11.7 Å 
resolution (GS-FSC) (Figure 20E). The FSC-curve in Figure 20E indicates that the reconstruction is isotropic and the 
dotted FSC curves, i.e. directional resolution estimates, correspond to a range of 10-13.2 Å. Given that these data 
were collected on a 200kV microscope with a Falcon III camera (integration mode), the achieved global resolution 
is reasonable. 
 
Unfortunately, no additional density could be observed for either the truncated degradosome or a lipid membrane 
in the sub-tomographic averages. A likely explanation is that the majority (>90%) of the 30S particles that 
contributed to the final average are not bound to the truncated degradosome. If so, additional densities will be 
averaged out during the alignments due to low occupancy. To better visualise the putative 30S particles associated 
with the truncated degradosome in the raw tomograms, the reconstructed 30S average was mapped back in the 
original tomogram to replace the noisy sub-tomogram volumes that contributed to it, while conserving their 
position and orientation (Figure 20F, cyan). This resulted in an interpretable spatial distribution map of the 30S 
particles within the original tomogram and indicated that the majority of 30S particles indeed align with the air-
water interfaces, i.e. not bound to the proteoliposomes (Figure 20F). However, a small subset of the 30S volumes 
are located away from the air-water interface and in close proximity to the lipid membranes, which were traced 
and modelled with TomoSegMemTV (Martinez-Sanchez et al., 2014) (Figure 20F and G, yellow). Interestingly, 30S 
particles near liposomes appear to reproducibly face the lipid membrane along the longest particle axis, which 
could indicate the interaction between the truncated degradosome and the 30S small ribosomal subunit is specific. 
The next step in the analysis is to separate free 30S particles from those bound to proteoliposomes via 3D 






degradosome. Unfortunately, attempts to do this via principle component analysis with emClarity have been 








Over the past 25 years, many studies have elucidated functional roles of bacterial RNA degradosome assemblies in 
post transcriptional gene regulation in the cell. In addition, many degradosome components have been elucidated 
structurally, which has contributed important insights in RNA degradation mechanics. However, structural studies 
of an RNA degradosome in its entirety and methods to do so have been elusive for many years. For one, the 
conserved intrinsic flexibility of the RNase E C-terminal half in Gram-negative bacteria, which serves as a scaffold 
domain for other degradosome enzymes, impedes structural studies of the assembly. Therefore, the term ‘un-
structural biology’ was coined to summarise the efforts to explore the layout of the RNA degradosome. In E. coli, 
the RNA degradosome is tethered to the bacterial inner membrane via an amphipathic helix on the RNase E 
scaffold domain, which further complicates sample preparation and subsequent setup of adequate experiments. 
Both these features, intrinsic disorder of the RNase E scaffold domain and cellular localisation, are inherent to the 
RNA degradosome and have been addressed in terms of their putative roles in efficient riboregulation in the cell 
(see Introduction). In this chapter, approaches to tackle these conserved degradosome characteristics were 
explored. 
4.1 Novel purification approaches for the RNA degradosome 
A reproducible protocol was developed for the expression and purification of both the entire RNA degradosome 
and the truncated degradosome, a large sub-assembly of the RNA degradosome (section 3.1). From the results 
described in section 3.1, it is clear that adequate inhibition of endogenous proteases during early purification steps 
and solubilisation of the truncated degradosome with Triton-x 100 and ß-DDM were two key improvements to 
existing strategies for RNA degradosome reconstitution and purification (Worral et al., 2008). In addition, using 
high salt buffers early on in the purification and adding a cation exchange purification step to the protocol ensures 
negligible levels of RNA contamination in the purified sample. Including reducing agents such as TCEP is also an 
important additive to ensure stability of the degradosome. Taken together, this new and highly reproducible 
reconstitution protocol for the truncated and full RNA degradosome results in intact protein assemblies of high 
purity. Moreover, the high protein yields achieved with this protocol were sufficient for downstream structural and 
biophysical studies that require high protein concentrations, e.g. SEC-SAXS.  
4.2 Biophysical approaches reveal the conformational behaviour of the RNA 
degradosome 
To test whether the in vivo reconstituted truncated degradosome has the expected oligomeric state, a series of 
biophysical assays were carried out. An analytical ultracentrifugation (AUC) experiment showed that the purified 
truncated degradosome is tetrameric, with an estimated molar mass of >800 kDa (Figure 3A). A similar outcome 
was observed for dynamic light scattering experiments, where truncated degradosome was predicted to be a 
homogeneous assembly in solution, with a hydrodynamic size of 330Å (Figure 3B). AUC and DLS experiments also 
indicate that the assembly is likely to be extended. This is in line with recent experiments studying the 






studied here consists of RNase E (603-850), with two RNA binding sites, Enolase and RhlB, together forming the so 
called ‘recognition core’. Bruce et al. found that association of Enolase and RhlB with the RNase E scaffold domain 
might reduce its conformational heterogeneity. To probe the conformational heterogeneity of the RNA 
degradosome, SEC-SAXS experiments were carried out on the truncated degradosome, which harbours four of 
these recognition cores (one for each RNase E scaffold domain). The large Radius of gyration Rg and maximum 
interatomic distance Dmax and the normalised Kratky plot, with its characteristic large secondary ‘bump’, are 
signatures for the conformational heterogeneity of the truncated degradosome (Figure 4). In fact, these 
observations indicate that beyond its structured domains and binding partners, the RNA degradosome as a whole 
is ‘unstructured’ in solution. Interestingly, when 9S rRNA, a known substrate of RNase E, binds the truncated 
degradosome, the latter forms a more compact assembly (Figure 5). It is likely that 9S rRNA binds the RNA binding 
sites on the RNase E scaffold domain and the DEAD-box helicase RhlB, in addition to the catalytic core of RNase E. 
These interactions with a substrate RNA could fix the truncated degradosome in a more rigid state.  
 
The observation that the truncated degradosome is an assembly with little rigidity complicates further structural 
studies. However, the RNase E scaffold domain is the only part of the RNA degradosome that has not been 
modelled yet based on structural data. Good approaches to model the conformational behaviour of something as 
flexible as the RNase E scaffold domain are hard to design. An established approach is that of ensemble 
optimisation modelling (EOM), an integrative structural biology method that aims to explore the conformational 
landscape of a protein based on prior knowledge and experimental scattering profiles (e.g. SEC-SAXS) (Bernado et 
al., 2007; Tria et al., 2015). A schematic overview of the EOM strategy is given in (Figure 6). In short, EOM scans a 
pool of random structures of the protein of interest to find ensembles of models that together explain the 
experimental data. A large pool of random structures of the truncated degradosome was generated with a series 
of scripts developed together with Dr. Aliaksandr Shkumatau (Figure 7). The random truncated degradosome pool 
samples conformational space for the four RNase E scaffold domains while incorporating a priori information 
about the structured domains (Koslover et al., 2008; Nurmohamed et al., 2009; Bruce et al., 2018; Chandran et al., 
2007). Ensembles of 4-7 truncated degradosome models were selected from the random pool in every round (for 
100 rounds), based on the experimental SAXS data, and their structural characteristics recorded (Figure 8A and B). 
From these analyses it is clear that the truncated degradosome adopts highly extended conformations in solution, 
with very little rigidity (Rflex=79.01%) (Figure 8D). It should be noted that the fit of the ensembles against the 
experimental scattering data is not optimal at low q ranges. Given the size distribution functions in Figure 8 it is 
likely that extended structures were underrepresented in the random pool, leading to under-sampling of such 
regions of conformational space. Current efforts are aiming to shift the average size of the models in the random 
pool to include more extended candidate structures to complement  the current results. In conclusion, the SAXS 
experiments of the tetrameric truncated degradosome provide the first ever description of its conformational 






4.3 Cryo-EM approaches to visualize the solubilised truncated degradosome 
The outcomes of the SEC-SAXS experiments suggest that attempts to solve a structure for the truncated 
degradosome might be futile. Interestingly, the 30S small ribosomal subunit and the 70S ribosome have been 
shown to interact with the RNA degradosome in vitro (Tsai et al., 2012) and both are predicted to form RNA 
surveillance assemblies in vivo that help assess the ‘viability’ of a transcript before or during translation 
(Dendooven et al., 2020). Such RNA surveillance assemblies are reasonably well studied in eukaryotes, where 
ribosomes have been shown to interact with the exosome, which is the Eukaryotic equivalent of the bacterial RNA 
degradosome, during translation (Schmidt et al., 2016; Dendooven et al., 2020). Tsai et al. (2012) found that 
mainly the degradosome recognition core interacts with ribosomes in bacteria. Interactions between one or more 
30S subunits and the scaffold domains of the truncated RNA degradosome could result in a more rigid super 
complex. Cryo-EM studies of the ‘recognition core’, bound to the 30S small ribosomal subunit reveal weak cryo-EM 
density near the head of 30S after many rounds of careful 3D classification (Figure 14A and B). Unfortunately, 
conformational heterogeneity of the recognition core did not allow for high resolution reconstructions or rigid 
body docking of existing models of the recognition core components. However, this low-resolution reconstruction 
is the first visualisation of the RNA degradosome scaffold region and its participation in a putative surveillance 
assembly.  
 
Besides high levels of conformational heterogeneity, it is possible that association of the truncated degradosome 
with the air-water interface (AWI) during grid preparation results in partial or complete denaturation of the 
assembly, which in turn complicates 3D reconstructions (Noble et al., 2018; D’Imprima et al., 2019). To explore 
these potential issues, cryo-EM studies were carried out on the RNase E catalytic core (RNase E 1-529). Even 
though the RNase E N-terminal half is not the focus of this chapter, the idea was that successful cryo-EM 
reconstructions of this catalytic tetramer would help pinpoint problematic regions of the RNA degradosome for 
cryo-EM studies by elimination. The N-terminal domain of RNase E has been crystallised several times and was 
found to adopt different conformational states upon binding RNA substrates (Callaghan et al., 2005, Koslover et al., 
2008, Bandyra et al., 2018). As for PNPase in Chapter II, adding the zwitter ionic detergent CHAPSO to the cryo-EM 
sample was necessary to keep the RNase E catalytic core away from the AWI during grid freezing (Figure 11A). It 
should be noted that both PNPase and RNase E contain S1 domains, just like the 30S small ribosomal subunit, and 
that CHAPSO prevents association with the air-water interface for all three species. 3D reconstructions of the 
RNase E catalytic core resulted in an interpretable consensus reconstruction (Figure 11B-D). Subsequent 3D 
variability analyses in cryoSPARC resolved three modes of conformational heterogeneity within the catalytic core, 
corresponding to a ‘rocking’, ‘rolling’ and ‘breathing’ motion of the RNase E protomers (Figure 12B) (Punjani et al., 
2020). It is likely that this inherent flexibility in the RNase E core adds to the overall flexibility of the RNA 
degradosome, albeit to a relatively limited extent. In conclusion, the studies described in this paragraph show that 
the main culprit in calculating 3D reconstructions of the truncated degradosome particles with the currently 






4.4 Cryo-ET approaches to visualize the membrane-bound truncated degradosome 
A protocol was developed to reconstitute the truncated degradosome on lipid vesicles (Figure 15). Reconstitution 
on a lipid membrane not only renders the degradosome in a more native environment, free of detergent, it might 
also fix the RNase E scaffold domains in a more rigid conformation. Moreover, the lipid vesicles could keep the 
truncated degradosome away from the AWI during grid freezing. Cryo-EM grids were prepared for these proteo-
liposomes and tilt series collected for tomographic reconstructions. Although many liposomes were coated with 
truncated degradosome, most of the liposomes were too densely packed for further sub-tomogram alignments 
and averaging (Figure 16).  
 
To explore the extendedness of the truncated degradosome when bound to lipid membranes, 1-dimensional radial 
density profiles (1D-RDP) were calculated for several liposomes (Figure 17). These density profiles revealed a 
reproducible gap between the lipid membrane and the truncated degradosome density which suggests that the 
main body of the truncated degradosome is separated from the membrane (Figure 17D and E). In addition, the 
extendedness of the truncated degradosome on the membrane was estimated to be 140.5 (± 15.7) Å along the 
normal of the membrane. This is much more compact than the truncated degradosome in solution, estimated at 
427 Å by SEC-SAXS experiments or 213.5 Å when taking into account the membrane barrier. It is possible that the 
truncated degradosome mainly extends along the membrane rather than perpendicular to it, which could explain 
the discrepancy in observed extendedness for the soluble and membrane-bound truncated degradosomes. The 
SEC-SAXS results described in section 3.2.3.2 indicate that the truncated degradosome compacts upon binding RNA 
substrates, like 9S rRNA. Further tomography studies of membrane-bound truncated degradosome engaged on 9S 
rRNA have been initiated and will elucidate whether interactions with the lipid membrane and 9S rRNA have a 
cumulative effect on assembly extendedness.  
 
The RNA degradosome works as an integrated molecular machine in the cell, digesting RNA substrates down to 
individual ribonucleosides. Some degree of organization encoded within its inherent conformational chaos is likely 
to be necessary to facilitate the processing order of a transcript and ensure completion of the RNA degradation 
pipeline within a single assembly. Interestingly, the averaged 1D-RDPs appear to be bimodal, which hints towards 
spatial organization of the truncated degradosome components with respect to the membrane (Figure 17E, black 
arrows). This observation, however, was not entirely reproducible across the selected liposomes and needs to be 
further investigated in future tomograms. Interestingly, cryo-EM images with the whole RNA degradosome 
reconstituted on liposomes suggest that PNPase mainly resides at the periphery of the membrane-bound protein 
density (Figure 18). This too points towards a degree of order in the organization of degradosome components in 






4.5 An inclusive Cryo-ET approach to visualize membrane-bound surveillance 
assemblies 
The experiments so far indicate that the RNA degradosome might adopt a more defined conformation upon 
binding RNA substrates or associating with a lipid membrane. Both these interactions are at least partly 
established at the RNase E scaffold domain, which embodies the inherent conformational heterogeneity of the 
truncated degradosome. As described in section 4.3, the 30S small ribosomal subunit also associates with the 
RNase E scaffold domain to form putative RNA surveillance assemblies, which could be conformationally more 
rigid. In an attempt to bring these findings together, cryo-ET studies were carried out on the 30S small ribosomal 
subunit in complex with the membrane bound truncated degradosome (section 3.3.5).  
 
The long-term goal of this approach is to resolve the membrane-bound truncated degradosome ‘de novo’ via sub-
tomogram alignments and -averaging of the 30S particles that are bound to it. The 30S small ribosomal subunit 
contains many electron-rich phosphate molecules in its RNA content and therefore contributes a more signal to 
the cryo-EM image than proteinogenic particles, which helps with particle alignments. To this end, all 30S volumes 
were extracted from 30 tomograms and aligned/averaged with emClarity (Himes et al., 2018). These sub-
tomogram averaging efforts and subsequent mapping of the averages in the original tomogram revealed that a 
subset of the 30S volumes are likely to be bound to the membrane-associated truncated degradosome (Figure 
20E). Given that more than 90% of all 30S particles are not associated with the membrane-bound truncated 
degradosome, no additional density for the truncated degradosome or the lipid membrane was resolved. 
Unfortunately, 3D classification of sub-tomogram volumes in emClarity is not optimal for resolving large entities of 
extra density such as the truncated degradosome or lipid membranes and other classification tools are being 
explored. Alternatively, particle picking could be restricted to the membrane bound super assemblies in the 
tomogram. Several approaches for picking membrane bound proteins in tomograms have been developed in PEET 
and Dynamo and are currently being explored (Castaño-Díez et al., 2017, Nicastro et al., 2006; Heumann et al., 
2011).  
 
The interactions between the 30S small ribosomal subunit and the RNA degradosome have been mostly described 
as an experimental trick to help resolve the RNA degradosome scaffold domain. However, in addition to 
interactions with the 70S ribosome (Tsai et al., 2012), it is possible that the degradosome interacts with 30S-based 
translation initiation assemblies such as the 30S pre-initiation complex (PIC) in vivo as a fidelity check (Hussain et 
al., 2016). The latter is an assembly in which three initiation factors help pre-organize the start codon of a mRNA at 
the P-site of the 30S ribosomal subunit and enable selecting initiator tRNA before full ribosome assembly and 
translation elongation (Milón & Rodnina, 2012). If the transcript engaged by the PIC is aberrant, the RNA 
degradosome would receive a signal, e.g. from a small non-coding RNA (sRNA) targeting the faulty mRNA, and 
cleave the substrate. This hypothesis is currently being investigated in the Luisi group, and if true, the structural 







4.6 Towards an accurate structural model of the bacterial RNA degradosome 
The approaches described in this Chapter raise the question as to what the ultimate strategy is to structurally 
elucidate the conformational behaviour and the working mechanism of the largely unstructured RNA 
degradosome. The most promising approach is undoubtedly that of cryo-ET and sub-tomogram averaging. Of 
particular interest would be the exploration of the potential spatial organisation of the RNA degradosome 
components when the assembly is bound to a lipid membrane. An interesting approach to further study this would 
be to purify various sub-assemblies of the RNA degradosome and reconstitute them on lipid vesicles for 
tomographic studies (Figure 21). Differences in the calculated 1D-RDP profiles for each degradosome sub-assembly 
can then be monitored and could further hint towards a degree of loose quaternary order of the RNA 
degradosome. Since grid-preparation, data collection/processing pipelines and 1D-RDP calculation protocols have 
been established in this chapter, the biggest bottleneck will be sample preparation. For example, preliminary 
attempts to purify RNase (1-1061) without any of the other degradosome components have been unsuccessful 
(data not shown). Although the protein yields of full-length RNase E are high, the other degradosome components 
co-purify endogenously. Specific deletion-strains will have to be tested to overcome unwanted co-purification.  
 
Figure 21: Schematic presentation of a proposed experimental strategy to study the spatial organisation of the RNA 
degradosome components. Different RNA degradosome subassemblies can be purified and reconstituted on lipid vesicles prior 
to cryo-ET studies. 1D-RDPs can be calculated from tomographic volumes of protein coated liposomes and compared for 
different subassemblies. For example, PNPase appears to mainly reside at the periphery of the membrane-bound RNA 
degradosome (bottom inset, red square and circles). 
Given the extreme conformational heterogeneity of the RNA degradosome, a dedicated sub-tomogram averaging 






degradosome could be dissected in silico into its individual components via careful particle picking and extensive 
3D classification procedures. Accurate particle recognition in tomograms and 3D classification are perhaps the 
most interesting challenges in the field of cryo-STAC today (Sub-Tomogram Averaging and Classification). Different 
strategies to tackle this challenge are being developed (e.g. Martinez-Sanchez et al., 2020). For the degradosome, a 
tool that performs multi-template matching with spatial constraints (i.e. close to a lipid membrane) would be a 
significant step forward. Once all the individual degradosome partners are aligned and averaged separately, they 
can be mapped back into the original tomogram to compose the membrane-bound RNA degradosomes and 
examine their layout. The two ribonucleases of the RNA degradosome, RNase E and PNPase, each have a molar 
mass of more than 180 kDa, which increases the success rate of identifying these in a tomogram and aligning the 
corresponding sub-tomogram volumes. Enolase and RhlB, however, are much smaller (less than 100 kDa), which 
would make both particle-picking and alignments nearly impossible with the current cryo-EM hardware (electron 
microscopes/detectors) and software (picking/reconstruction algorithms). Luckily the cryo-ET field is developing 
rapidly, and the strategy proposed in this last paragraph will soon be testable, hopefully leading to the first ever 







5 Materials and Methods 
5.1 RNase E mutagenesis and cloning 
5.1.1 RNase E (1-850) 
Expression plasmids for wild type RNase E (1-850) and different RNase E (1-529) mutants were available in the lab. 
Primers for PCR reactions were designed using PrimerX (www.bioinformatics.org/primerx/) (Table 1) and 
amplification was performed with Pfu Turbo polymerase (NEB). All mutations were incorporated from existing 
RNase E (1-529) constructs and verified by sequencing.  
 
Two mutations were introduced in the RNase E catalytic domain, D303N/D346N and D346C (section 3.1.1) via a 
fusion-PCR strategy comprising of two successive PCR reactions (Figure 22). In the first step, two adjacant 
fragments of RNase E (1-850) were PCR-amplified, i.e. RNase E (1-445) and RNase E (445-850), with 
complementary overhangs (Figure 22A). For both mutations, the first RNase E fragment (1-445) was amplified from 
an existing construct of RNase E (1-529) containing these mutations (provided by Dr. Kasia Bandyra, Luisi group). 
The second RNase E fragment (1-850) was amplified from a wild type construct of RNase E (1-850) (Figure 22). PCR 
products were resolved on a 1% low melting point agarose gel (Sigma), the bands of interest were excised and, 
after melting the matrix by incubation at 70°C, mixed in a single second PCR reaction which amplified the whole 
RNase E (1-850) gene, containing the desired mutations (Figure 22B). The product of the last PCR was digested 
with SalI and EcoRI (NEB) and resolved on a 1% low melting point agarose gel. The gel band was excised and 
directly ligated with T4 ligase (NEB) into a pRSFDuet plasmid containing the RhlB gene in one of its multiple cloning 
sites. The latter had been digested with the same restriction enzymes and dephosphorylated with CIP (NEB) 
according to the manufacturer’s instructions. The primers used for the PCR reactions are depicted in Table 1. 
Table 1: RNase E (1-850) mutagenesis primers. 
Primer name Primer sequence (5ʹ-3ʹ) 
RNaseEEcoFor – 1 CCAGGATCCGAATTCGATGAAAAGAATGTTAATCAACG 
RNaseE850RevSal – 4 GCACAGGAACAATGGCGTGAACTTCCTGGGTG 
NTD_F – 3 CACCCAGGAAGTTCACGCCATTGTTCCTGTGC 








Figure 22: Schematic of the fusion PCR strategy E. The numbers indicate primers as depicted in Table 1 and the coloured 
arrows indicate the direction of the template amplification. The red squares indicate the mutation present in the RNase E (1-
529) template. (A) Amplification of the two RNase E halves from two different templates (see text). (B) Fusion PCR of the two 
RNase E fragments. 
5.1.2 RNase E (1-1061) 
One inactivating double mutation, D303N/D346N, was introduced in the catalytic domain of the full-length RNase 
E (1-1061), following the same protocol as presented in Figure 22. The first fragment was amplified from the same 
existing RNase E (1-529) construct bearing the D303N/D346N mutations. The second fragment was amplified from 
a wild type RNase E (1-1061) construct available in the lab. After fusion PCR, the new construct was ligated (T4 
ligase) in a pET15 vector which was digested with EcoRI and SalI. The primers used are depicted in Table 2. 
Table 2: RNase E (1-1061) mutagenesis primers 
Primer name Primer sequence (5ʹ-3ʹ) 
RnePrsfF – 1 CCAGGATCCGAATTCGATGAAAAGAATGTTAATCAACG 
RneIntR – 4 GCACAGGAACAATGGCGTGAACTTCCTGGGTG 
RneIntF – 3 CACCCAGGAAGTTCACGCCATTGTTCCTGTGC 







5.2 Protein purifications 
5.2.1 In vivo assembly of the truncated degradosome 
E. coli ENS134-10_eno cells (carrying the pET21b_eno plasmid encoding Enolase) were transformed with pRSF-
DUET_rne1-850/rhlb, encoding 6xHis-tagged RNase E (1-850) and RhlB, and used to grow cultures in 2xYT 
(Formedium) at 37°C supplemented with 15 μg/ml kanamycin and 25 μg/ml carbenicillin. When the OD600nm 
reached 0.3-0.5, expression was induced with addition of 1mM IPTG and cultures were incubated overnight at 
18°C. Cells were harvested by centrifugation with a Beckman JS 4.2 rotor at 5018 g and resuspended in NiA buffer 
(50 mM Tris-HCl pH 7.5, 1 M NaCl, 100 mM KCl, 10 mM MgCl2, 1 mM TCEP, 0.02% (w/v) ß-DDM), supplemented 
with a complete EDTA-free protease inhibitor tablet (Roche). 1% (v/v) Triton X-100 was added to help solubilize 
membrane associated proteins during lysis, along with 1 mM TCEP, 1 mM PMSF, 2 µg/ml DNase I and 0.1% (w/v) ß-
DDM. After lysis by cell rupture (Emusliflex-05, Avestin, 5 passes at 10-15 kbar), the lysate was centrifuged at 4 °C 
(38000 g, 30 min) and loaded on a 5 ml HiTrap chelating HP column (GE healthcare), freshly charged with NiSO4 
and equilibrated with NiA buffer. The truncated degradosome was eluted with a linear 0-60% NiB gradient (NiA + 
500 mM imidazole). Protein containing fractions were analysed with SDS PAGE, pooled and diluted (1:3) with SP C 
buffer (50 mM Tris-HCl pH7.5, 0.02% (w/v) B-DDM) before loading on a 1 ml HiTrap SP HP column (GE Healthcare) 
equilibrated with SP A buffer (50 mM Tris-HCl pH 7.5, 50 mM NaCl, 10 mM KCl, 1 mM TCEP 0.02% (w/v) ß-DDM). 
The truncated degradosome was eluted with a linear gradient (0-50%) of SP B buffer (50mM Tris-HCl pH 7.5, 2 M 
NaCl, 10 mM KCl, 1mM TCEP, 0.02% (w/v) ß-DDM). The protein-containing fractions were pooled and concentrated 
with 100 kDa cutoff Amicon Ultra centrifugation filter (Milipore) according to the manufacturer’s protocol. The 
concentrated sample was then loaded on a Superose 6 10/300 GL size-exclusion column (GE Healthcare) 
equilibrated with S6 running buffer (50 mM HEPES pH 7.5, 400 mM NaCl, 100 mM KCl, 1 mM TCEP, 0.02% (w/v) B-
DDM). Peak fractions were analysed with SDS PAGE and clean fractions were supplemented with 10% v/v glycerol 
before storage at -80 °C. For subsequent experiments, protein concentrations were determined spectroscopically 
using a NanoDrop ND-1000 spectrophotometer (Thermo Fisher Scientific) and a λ280nm extinction coefficient of 
119990 M-1cm-1 for a protomeric truncated degradosome unit. 
5.2.2 Endogenous RNA degradosome purification  
E. coli NCM3416 cells (kindly provided by the A.J Carpousis lab, LMGM, University of Toulouse, France) were grown 
in 2XYT medium supplemented with 50 μg/ml kanamycin to an OD600nm of 2.0. Cells were harvested by 
centrifugation using a Beckman JS 4.2 rotor at 5018 g for 25 min and resuspended in StrepA buffer (50 mM Tris-HCl 
pH 7.5, 400 mM NaCl, 100 mM KCl, 10 mM MgCl2, 0.01% (w/v) ß-DDM), supplemented with a complete EDTA-free 
protease inhibitor tablet (Roche). 1% Triton X-100 was added to help solubilize membrane associated proteins 
during lysis, along with 1 mM TCEP, 2 µg/ml of DNase I and 1 mg/ml Lysozyme (Sigma-Aldrich). After lysis of the 
cells (Emulsiflex-05, Avestin, 5 passes at 10-15 kbar), the lysate was centrifuged at 4°C (20000 g, 30 min) and 
loaded on a 1 ml HiTrap HP Strep column (GE healthcare), equilibrated with StrepA buffer. The endogenous RNA 
degradosome was eluted with a 100% Strep B buffer (50 mM Tris-HCl pH 7.5, 200 mM NaCl, 100 mM KCl, 10 mM 






with SDS-PAGE, pooled and diluted with SP C buffer (1:4), before loading on a 1ml HiTrap Heparin HP column (GE 
Healthcare) equilibrated with SP A buffer. The RNA degradosome was eluted with a linear gradient (0-50%) of SP B 
buffer and analysed with SDS-PAGE. Protein containing fractions were pooled, supplemented with 10% (v/v) 
glycerol and flash frozen with liquid nitrogen for storage at -80°C. 
5.2.3 In vitro reconstitution of the RNA degradosome 
E. coli C43 cells were transformed with pET15_wtrne encoding 6xHis-tagged wild type full-length RNase E, or 
pET15_NNrne encoding the D304N/D346N inactive full-length RNase E. Cells were grown at 37°C in 2×YT media 
(Formedium) supplemented with 50 μg/ml kanamycin. At OD600nm=0.6, the cultures were induced with 1 mM IPTG 
and incubated overnight at 16°C. Untagged Enolase (pET21b_eno), PNPase (pET-Duet_pnp) and RhlB 
(pRSF_Duet_rhlb) were expressed separately in E. coli BL21(DE3) cells according to standard protocol (1mM IPTG 
induction at OD600nm=0.5, 3-4 hours of expression at 37°C). All cells were mixed together before lysis, 
corresponding to 6 x 0.5l of RNase E cultures, 1 x 0.5l of PNPase culture, 1 x 0.5l of Enolase culture and 1 x 0.5l of 
RhlB culture. The cell lysis and protein purification protocols are identical to those described in section 5.2.1. The 
protein concentration was determined spectroscopically using a NanoDrop ND-1000 spectrophotometer (Thermo 
Scientific) and a λ280nm extinction coefficient of 218090 M-1cm-1 per protomeric RNA degradosome unit. 
 
To reconstitute the full RNA degradosome in vivo, pET15_wtrne was transformed to E. coli C43 cells to express wild 
type 6xHis-tagged RNase E. Expression of RNase E and pull-down purification of the RNA degradosome are 
identical to the protocol described in section 5.2.1. 
5.2.4 RNase E catalytic domain  
BL21(DE3) cells harbouring the plasmid pRne529-N, which encodes RNase E catalytic domain with N-terminal 
6xHis-tag, were grown in 2×YT media (Formedium) supplemented with 100 μg/ml carbenicillin at 37°C. At 
OD600nm=0.6, the cultures were induced with 1 mM IPTG, cells were harvested by centrifugation after 3 hours of 
incubation at 37°C. The cells were then resuspended in buffer A (20 mM Tris-HCl pH 7.9, 500 mM NaCl, 5 mM 
imidazole, protease inhibitor cocktail tablet (Roche)), supplemented with DNase I (1 μg/ml), and passed through an 
EmulsiFlex-05 cell disruptor (Avestin) at 10-15 kbar for cell lysis (3 passes). The lysate was clarified by 
centrifugation (4 °C, 30 minutes, 37500 g) and loaded on a 5ml HiTrap Chelating HP column (GE Healthcare) 
charged with NiSO4. Proteins were eluted by an imidazole gradient (buffer A supplemented with 1 M imidazole) 
and evaluated by SDS–PAGE. Fractions enriched in RNase E catalytic domain were pooled, concentrated to 2 ml 
with an Amicon Ultra 30,000 MWCO concentrator (Millipore) and loaded on to a Sephadex 200 gel filtration 
column (GE Healthcare) equilibrated with a running buffer containing 20 mM Tris pH 7.9, 500 mM NaCl, 10 mM 
MgSO4, 0.5 mM EDTA, 1 mM TCEP, 5% v/v glycerol and a protease inhibitor cocktail tablet (Roche). Eluted fractions 
were analysed by SDS–PAGE and those containing purified RNase E catalytic domain were flash frozen with liquid 
nitrogen and stored at -80 °C. The protein concentration was determined spectroscopically using a NanoDrop ND-
1000 spectrophotometer (Thermo Scientific) and a λ280nm extinction coefficient of 29005 M-1cm-1 per RNase E 






5.2.5 Expression and purification of the recognition core 
Expression and purification of the recognition core were carried out following standard protocols described in 
Bruce et al. (2018).  
5.3 TCA precipitation and SDS-PAGE 
Trichloroacetic acid (TCA) was added to protein samples at 10% (v/v) final concentration from a 50% stock. The 
samples were then left on ice for 25 min and subsequently spun down at 20 000 g for 45 min (4°C). The 
supernatant was carefully removed, and the pellet was resolubilised in 20 µl LDS loading dye (95% (v/v) 5xLDS, 5% 
(v/v) DTT), and analysed with SDS-PAGE. Samples were boiled at 95°C for 3 minutes and loaded on a 12% NuPAGE 
SDS-gel and run in 1x MOPS Buffer. Gels were run at 150 mV for 60 minutes and stained with Coomassie Blue. 
5.4 Sedimentation velocity analytical ultracentrifugation (SV-AUC) 
SV-AUC was performed using a Beckman Optima XL-I analytical ultracentrifuge (Biophysics facility, Department of 
Biochemistry, University of Cambridge). Absorbance data was collected at a wavelength of 280 nm for the 
truncated degradosome sample, which was concentrated to a final concentration of 4 mg/ml in buffer S6 (50 mM 
Tris-HCl pH 7.5, 400 mM NaCl, 100 mM KCl, 5 mN MgCl2, 1 mM TCEP, 0.02% ß -DDM, 10% (v/v) glycerol). The 
samples were spun at 4 °C, 50 000 g for 12 hours. The obtained data were modelled using Sedfit software (Zhao et 
al., 2013). Buffer viscosity was calculated with SEDNTERP (http://jphilo.mailway.com). AUC experiments were 
carried out with the help of Dr. Steve Hardwick (BioCem, Department of Biochemistry, University of Cambridge). 
5.5 Dynamic light scattering (DLS) 
Truncated degradosome samples were diluted in S6 buffer (50 mM Tris-HCl pH 7.5, 400 mM NaCl, 100 mM KCl, 5 
mM MgCl2, 1 mM TCEP, 0.02% ß-DDM, 10% (v/v) glycerol) to final concentration of 0.5 mg/ml. A buffer with a 
lower salt content was also tested for signs of protein aggregation (50 mM Tris-HCl pH 7.5, 100 mM NaCl, 150 mM 
KCl, 5 mM MgCl2, 1 mM TCEP, 0,02% (v/v) ß-DDM). For the latter, buffer exchange was carried out with a PD 
MiniTrap G-10 column (GE Healthcare) column. A final sample volume of 70 µl was used for DLS measurements 
using a Zetasizer Nano S (Malvern Panalytical). For each experiment three technical replicates, with 15 runs each, 
were collected.  
5.6 Small Angle X-ray Scattering coupled to Size Exclusion Chromatography (SEC-SAXS) 
The truncated degradosome was purified as described in section 5.2.1. The samples were concentrated, flash 
frozen in liquid nitrogen and sent to beamline B21 at Diamond Lightsource (Harwell campus, Didcot, United 
Kingdom) for data collection. Prior to freezing 9S rRNA was added to the sample at equimolar ratios (if applicable). 
The sample was loaded on a Superose 6 Increase 3.2/300 column (GE Healthcare) by a High-Performance Liquid 
Chromatography (HPLC) instrument (Agilent) directly before elution into the sample detection chamber, where a 
monochromatic beam illuminated the sample as it flowed through. 2D scattering profiles were radially averaged 






frame for optimal selection of a homogeneous sample range in Scatter (biosis.net). Temporal averaging of the 
selected range and buffer subtraction were carried out in Scatter and in DataSW to generate the final intensity 
curve (biosis.net, Skumatov & Strelkov, 2015). Further analysis of the intensity curves was performed in Scatter. 
ALMERGE (Franke et al., 2012) was used to merge intensity curve from different concentrations.  
 
For flexibility assessment of the truncated degradosome, the EOM approach was used (Bernado et al., 2007; Tria et 
al., 2015). The general procedure for generating a random pool of truncated degradosome models is described in 
detail in section 3.2.4 of the results. In short, RANCH (Bernado et al., 2007) and FULCHER (Shkumatov et al., in 
preparation) were used to generate random pools of truncated degradosome monomer. To generate multiprotein 
input structures readable by RANCH a python script was written with the help of Dr. Jamie Blaza (Blaza group, 
YSBL, Department of Chemistry, University of York) (Script 1). The four monomer pools, as generated by RNACH, 
were then combined randomly with CombinerIM (Shkumatov et al., in preparation), to generate a pool of 
approximately 10 million random truncated degradosome structures. The RNase E scaffold domain was modelled 
as a ‘random coil’ chain type. After clash score filtering (MOLPROBITY clash score cutoff of 60), a final pool of 
approximately 5 million truncated degradosome models was used for ensemble modelling. The genetic 
algorithm GAJOE was run 10 times (100 iterations each) to obtain an ensemble of models that best describes the 
experimental SAXS data. 
 
Script 1: Script to render RhlB (XX) and Enolase (YY) invisible for RANCH by replacing Ca by XX or YY in the pdb.  
5.7 In vitro transcription (IVT) 
A 263-bp template encoding E. coli 9S rRNA was amplified from pKK233-2 (provided by Dr. Kasia Bandyra, Luisi 
group) using PCR (primers are depicted in Table 3). The PCR reaction was carried out with Phire Hot Start II 






RNA polymerase recognition sequence (underlined in Table 3). PCR products were checked on a 1% agarose gel 
and purified with the QIAquick PCR Purification Kit (QIAGEN). The PRC product was used as a template for IVT.  
 
IVT reactions were carried out in 200µl volumes according to standard protocol. Each reaction was set up with 3.5 
μg of template, ribonucleotides triphosphate, pyrophosphatase, RNA polymerase T7, spermidine buffer, DTT, 
RNase OUT and DMSO. The IVT reaction was run at 37 °C for 5 hours, and TURBO DNase I (Invitrogen) was added in 
the last 30 minutes to digest the DNA template. Transcribed 9S rRNA was then gel-purified on a 4% polyacrylamide 
gel (LifeScienceProducts). Bands containing RNA were visualised by UV–shadowing and excised. RNA was 
recovered from gel slices by overnight electroelution at 100 V in 1xTBE buffer using an EluTrap System (Whatman). 
Lastly RNA was purified with an RNA cleanup kit (Thermo Fisher Scientific) and the concentration was measured 
with a NanoDrop ND-1000 spectrophotometer (Thermo Fisher Scientific). Purified 9S rRNA was stored in milliQ 
water at -20°C.  
Table 3: 9S Template amplification primers for IVT 




5.8 GraFix and ultracentrifugation 
The Truncated degradosome was purified S6_Hepes buffer (50 mM HEPES pH 7.5, 400 mM NaCl, 100 mM KCl, 5 
mM MgCl2, 1 mM TCEP, 0.02% ß-DDM, 10% (v/v) glycerol) and diluted to 5 μM. 200 pmol of truncated 
degradosome were loaded on a continuous glycerol/glutaraldehyde gradient (10-30% (v/v) glycerol/0-0.15% (v/v) 
glutaraldehyde) in an ultra-centrifugation tube and spun at 68 000 g for 18h, 4 °C. The continuous gradient was 
made with a Gradient MasterTM base unit (BioComp) according to the manufacturer’s protocol, and buffer 
S6_Hepes was used as a base buffer. The gradient was then carefully fractionated manually into 200 μl fractions 
(bottom to top) using a peristaltic pump at low flow rate as to not mix fractions in the pump tubing. Each fraction 
was supplemented with 10mM Tris-HCl pH 7.5 to quench the cross-linking reaction. For each cross-linking reaction, 
a negative control tube was prepared without glutaraldehyde. The latter were used to detect fractions that contain 
truncated degradosome via standard dot blots or TCA precipitation. The corresponding fractions from the cross-
linking tube were then used for negative stain EM or for cryo-EM (after extensive dialysis to remove glycerol from 
the buffer). 
5.9 Liposome extrusion and truncated degradosome reconstitution 
To prepare liposomes that mimic the cytosolic membrane of E. coli, 1 mg of DOPE/DOPG was prepared by mixing 
70% v/v of DOPE (Avanti Polar Lipids) with 30% v/v of DOPG (Avanti Polar Lipids). Lipids were dissolved in 
chloroform, mixed in proportion, dried overnight in a desiccator, and purged with Argon. 500 μl of liposome buffer 






resuspend lipids, which were left at 4°C for 40 minutes for hydration. Liposomes were prepared by extrusion with a 
Mini-Extruder (Avanti Polar Lipids, 20 passes) using membranes with 0.05 μm diameter pores (Avanti Polar Lipids). 
Liposomes were stored in the fridge at 4°C for a maximum of 4 days.  
 
Truncated degradosome reconstitution and ultracentrifugation assays were carried out as described in section 5.8, 
but without crosslinker. A 10-40% glycerol gradient was set up and ultracentrifugation was carried out at 84 000 g 
in a SW60-Ti rotor for 12 hours, 4° C. Fractions were precipitated with TCA (section 5.3) and analysed with SDS-
PAGE.  
5.10 Electrophoretic mobility shift assays (EMSA) 
EMSAs were used to assess interactions between the truncated degradosome/recognition core and the 30S 
ribosomal subunit (provided by Prof. Ben F. Luisi). Binding reactions were performed at room temperature in 
binding buffer (40 mM Tris-HCl pH 7.5, 100 mM NaCl, 100 mM KCl, 10 mM MgCl2, 5 mM NH4Cl2, 1 mM TCEP). Final 
concentrations of each component are depicted in Figure 13A. After a 15 min of incubation loading buffer (10% 
(w/v) sucrose) was added to the samples. Samples were loaded on a 0.6% agarose gel (0.6 g of agarose (Sigma-
Aldrich) in 100 ml of 24 mM Hepes, 190 mM Glycine, 10 mM MgCl2 at pH 8.3) and run for 6 hours at 4°C in running 
buffer (24 mM Hepes, 190 mM Glycine, 10 mM MgCl2 at pH 8.3) with an applied electric field of 80 V. Sybr-gold 
staining (Invitrogen) was used to stain the gel for RNA visualization, Coomassie staining was used for visualisation 
of protein bands. 
5.11 Electron microscopy 
5.11.1 Negative stain 
Continuous carbon electron microscopy grids (EMResolution) were glow discharged in house (Pelco Easyglow) or 
by Dr. Lyn Carter (Emitech K100X, PDN, University of Cambridge). 25 μl of protein solution (5 μg/ml-100 μg/ml) 
was pipetted onto the glow discharged carbon and protein particles were left to adsorb for 30s. GraFix samples 
were left to absorb for 20 minutes at 4°C. After blotting excess sample with Whatman paper, the grid was washed 
with 25 μl deionized H2O for 3s and then blotted dry. This washing procedure was repeated three times, after 
which 25 μl of 1% (w/v) uranyl acetate (PDN, University of Cambridge) was pipetted onto the grid for staining (30s) 
followed by blotting. Grids were stored at room temperature. The samples were imaged with a FEI Tecnai F20 
electron microscope or a FEI Tecnai Osiris FEG-TEM, both operated at 200kV, at appropriate magnification (spot 
size 1, Gatan Ultrascan 1000XP detector) (Department of Material Science and Metallurgy, University of 
Cambridge). Images were collected at 1-5 μm under focus. 2D classification was performed in Relion 2.1 (Scheres 
et al., 2012).  
5.11.2 Cryo-EM, Single particle analysis 
Truncated degradosome was purified as described in section 5.2.1. Samples were dialysed against buffer S6 prior 
to grid preparation. R1.2/1.3 Quantifoil grids (holey carbon) were glow discharged with a Pelco Easyglow glow 






was blotted away prior to freezing in liquid ethane. For GraFix treated samples, glycerol was dialysed out 
overnight, and the sample was concentrated down to 25 μl prior to grid preparation. A dataset was collected on a 
300 kV Titan Krios (FEI) (Nanoscience Centre, University of Cambridge). Data processing was performed in Relion 
2.1 (Scheres, 2012). 
 
The RNase E catalytic core (RNase E (1-529)) was concentrated to 10 μM and supplemented with 8 mM CHAPSO 
right before grid preparation. Grids were prepared following the procedure described above (R2/2 Quantifoil 
grids). A dataset was collected on a 300 kV Titan Krios (FEI, BioCem, Department of Biochemistry, University of 
Cambridge), and processed in Relion 3.0 (Zivanov et al., 2018). After 3D refinements, the particles were transferred 
to cryoSPARC 2.15.0 (Punjani et al., 2017) and subjected to another round of refinement. Prior to 3D variability 
analysis (3DVA) in cryoSPARC, the particle set was expanded along its pseudo-C2 symmetry axis to allow for 
symmetry-breaking conformational heterogeneity to be modelled (Punjani & Fleet, 2020). 3DVA was run on a set 
of 64 000 symmetry expanded particles, solving for 6 modes of variability at a resolution cutoff of 8 Å. Each 
encoded mode of variability was visualised in ‘simple’ mode, i.e. the consensus map was morphed along the latent 
reaction coordinate for each mode. The three top variability modes were retained and are described in section 
3.3.2.  
 
The recognition core was co-purified with the 30S small ribosomal subunit via size exclusion chromatography 
(Superose 6 10/300 GL column, GE Healthcare) (section 3.3.3.1). Fractions were analysed on an SDS-page gel and 
those containing the 30S-recognition core complex were concentrated using a 15 ml Amicon Ultra 30,000 MWCO 
concentrator (Millipore). The concentration was measured using a NanoDrop ND-1000 spectrophotometer 
(Thermo Scientific) and a λ260nm extinction coefficient of 13 394 967 M-1cm-1. The complex (0.5 μM) was cross-
linked with 0.2% of Glutaraldehyde (Sigma-Aldrich) for 30 minutes at room temperature. The cross-linking reaction 
was quenched with 10 μl of Tris-HCl pH 7.5. In addition, samples that were not cross-linked were prepared for 
cryo-EM as well. Glow discharged gold grids (R1.2/1.3 Quantifoil) were prepared on a Vitrobot Mark IV (FEI) and 
screened with a 200 kV Talos Arctica microscope (BioCem, Department of Biochemistry, University of Cambridge, 
UK). A data collection was set up for a crosslinked sample on 200 kV Talos Arctica microscope (Falcon III, counting 
mode). Pre-processing (motion correction, ctf estimation and particle picking/extraction) were carried out in WARP 
1.06 (Tegunov & Cramer, 2019). Particle sets were then transferred to cryoSPARC 2.12 (Punjani et al., 2017) for 
further processing. After several rounds of 2D classification, particles were subjected to careful heterogenous 
refinement to resolve the density for the recognition core. A negative control dataset, i.e. the 30S small ribosomal 
subunit on its own, was collected on a Titan Krios (FEI), equipped with a K2 detector (Gatan) as well and processed 
following the same procedure (BioCem, Department of Biochemistry, University of Cambridge, UK).  
5.11.3 Cryo-electron tomography and sub-tomogram averaging 
Proteoliposome samples were prepared as described in section 5.9. After dialysis a small aliquot was analysed with 
SDS-PAGE to check the integrity of the C-terminal domain of RNase E. 0.5-1μl of BSA coated gold fiducials (see 






discharged R2/2 Quantifoil grids with a Vitrobot Mark IV (FEI) (BioCem, Department of Biochemistry, University of 
Cambridge, UK). To allow for thicker vitreous ice, a low blot force was used. Grids were screened with a 200 kV 
Talos Arctica (BioCem, Department of Biochemistry, University of Cambridge, UK). The 30S-proteoliposome 
samples and grids were prepared as described above, but the 30S small ribosomal subunit was added to the 
truncated degradosome-liposome sample in the last two hours of the dialysis step, to allow for interactions with 
the membrane bound truncated degradosome. 
 
Tilt series were collected on a 200kV Talos Arctica with Tomo4 (FEI) and on a 300kV Titan Krios with Tomo5 (FEI) 
(BioCem, Department of Biochemistry, University of Cambridge, UK). On the Talos Arctica, images were collected 
with a Falcon III detector in linear mode (FEI) at a nominal pixel size of 2.29 Å/pix. On the Titan Krios movies were 
collected (15 frames) with a K3 camera in counting mode (Gatan) at a nominal pixel size of 1.43 Å/pix. All tilt series 
were collected from -60° to +60° with 3° increment, with image tracking before and after every tilt image, and 
autofocus for every tilt image. On the Talos Arctica a bidirectional tilt scheme was followed, with a total dose of 99 
e/Å2 per tilt series. On the Titan Krios a single step dose-symmetric tilt scheme was used, with a total dose of 125 
e/Å2 per tilt series.  
 
The tilt series of the membrane-bound truncated degradosome were aligned in Etomo (part of the IMOD package, 
Kremer et al., 1996). After coarse alignment of the tilt series, a fiducial model was picked and refined manually. 
Using the refined fiducial model, tilt series were aligned both globally and locally. Eight tomograms (2xbinned) 
were reconstructed from eight aligned tilt series via weighted back projection (WBP), using a SIRT-like filter for 
visualization purposes. Alternatively, tomograms were subjected to Nonlinear Anisotropic Diffusion (NAD) filtering 
in IMOD. To plot the averaged radial density profile of the truncated degradosome on the membrane, spherical 
liposomes coated with truncated degradosome were centred and cropped in Dynamo (Castaño-Díez et al., 2012, 
Castaño-Díez et al., 2017). A MATLAB script was written together with Mr. Alister Burt (IBS, Grenoble) to calculate 
and plot the radial density profile of these sub-tomograms, i.e. the average density profile from the centre of the 
volume to the edge (Script 2). The script applies an icosahedral symmetry operator to the volume, followed by fine 







Script 2: 1D-RDP script. The 1D-RDP was calculated via icosahedral symmetrization followed by rotational averaging in Dynamo.  
Sub-tomogram averaging of the 30S small ribosomal subunit was carried out following two different strategies. Tilt 
series collected on the Talos Arctica were aligned in IMOD as described above. Global/local alignments and gold 
fiducial positions were transferred to emClarity (Himes et al., 2018). EmClarity was used to perform 2D- and 3D-ctf 
correction, template matching, sub-tomogram extraction and sub-tomogram alignment/averaging. For template 
matching, a reference map was generated in UCSF Chimera from the 30S structure using pdb 4ADV (Pettersen et 
al., 2004) and rescaled with emClarity. Template matching and the first rounds of alignment/averaging were 
carried out with 4x binned sub-tomogram volumes (9.16 Å/pix). The angular searches and shifts of the alignments 
were refined gradually, and binning was reduced (4.58 Å/pix). Two rounds of TomoCPR were included to refine the 
tilt-series alignments based on aligned 30S particles. A sub-tomogram average of the 30S small ribosomal subunit 
was reconstructed at 11.7 Å, which is close to Nyquist (9.16Å), after 17 rounds of alignments. The 30S average was 
then mapped back into the whole tomogram, preserving its original orientation and replacing the noisy sub-
tomogram volumes of the 30S small ribosomal subunit particles. In parallel, TomoSegmemTV was used to model 
the lipid membranes in the raw tomogram. Together, these two operations present the spatial distribution of the 
30S small ribosomal subunits in the tomogram and their position/pose with respect to the lipid membranes, which 







A different approach was used for the tilt series of 30S-proteoliposomes collected on the Titan Krios. Movies were 
preprocessed in WARP (Tegunov & Cramer, 2019) (Motion correction and ctf estimation). mdocSpoofer (written by 
Mr. Alister Burt, https://github.com/alisterburt) was used to generate mdoc metadata files per tilt series. These 
mdoc files are used by Warp to generate preprocessed and ordered stacks per tilt series. The tilt series were then 
imported in Dynamo (Castaño-Díez  et al., 2012) and aligned with dautoalign4warp (written by Mr. Alister Burt, 
https://github.com/alisterburt), a MATLAB script that performs automated tilt series alignment in Dynamo. The tilt 
series alignments were imported into Warp for robust 3D-CTF estimation and tomogram reconstruction. Each 
tomogram was reconstructed twice, once unfiltered and once deconvolved (for visualization). The same 30S 
template as described above (scaled to 1.43 Å/pix) was used for template matching in WARP. The template and 
tomograms were binned to 10.01Å/pix on the fly during template matching, and picked coordinates were 
reconstructed as sub-tomogram volumes at 5.72Å/pix in Warp, together with a 3D-CTF volume. Metadata and 
initial poses were recorded in a Relion .star file. The extracted sub-tomogram volumes were then imported into 
Relion 3.0.8 for 3D classification and 3D refinement. A clean set of particles were then imported in M (Tegunov et 
al., 2020) for further refinement of the 30S sub-tomogram averages and local refinement of the tilt-series 
alignments, Ctf refinements, and magnification correction. Sub-tomograms were unbinned, and refined once more 
with M. 
5.11.3.1 Fiducial marker preparation 
Gold fiducial markers (10 nm diameter, BBI Solutions, EMC10) were manually coated with bovine serum albumin 
(BSA) prior to cryo-ET grid preparation. 975 µl of BBI gold beads were buffered with 25 µl of 200 mM NaH2P04 pH 
5.0, after which 50 µl of a 5 mg/ml BSA stock (in 5 mM NaH2P04 pH5.0) was added. The mixture was incubated 
overnight at 4 °C with gentle mixing. BSA-coated gold beads were collected by centrifugation (1h, 50 000 g, 4 °C). 
The supernatant was removed, and gold beads were resuspended in liposome buffer (50 mM Tris-HCl pH 7.5, 50 
mM NaCl, 150 mM KCl, 5 mM MgCl2, 1 mM TCEP). Gold beads were collected again by another round of 
centrifugation (1h, 50 000 g, 4 °C) and resuspended in ~20 µl of liposome buffer. Gold beads were added to the 
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